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Abstract 

Chromosomal instability (CIN), the process of the generation of structural and 

numerical changes in the karyotype, is a major hallmark of human cancer generating 

genetic variation, thereby driving tumor evolution and cellular adaption in human 

cancer. CIN has therefore been strongly associated with tumorigenesis, therapy 

resistance and poor clinical outcome. 

CIN can be subdivided into structural (S-CIN) and whole chromosomal instability (W-

CIN). W-CIN has been directly correlated with errors during mitosis. S-CIN leading to 

structural chromosome aberrations, on the other hand, has been associated with DNA 

replication stress (RS) during S-phase.  

Recent findings indicate that RS can also cause chromosome segregation defects, 

thereby linking W-CIN and S-CIN in human cancer. However, the underlying 

mechanisms of the crosstalk between RS during S-phase and whole chromosome 

missegregation during mitosis has not been elucidated so far. 

In this context, the results of this study show that cancer-relevant mild RS, induces 

abnormally enhanced mitotic microtubule polymerization rates, a well-described 

mechanism causing chromosome missegregation in mitosis resulting in aneuploidy in 

colorectal cancer cells. Importantly, this study reveals that RS-dependent enhanced 

origin firing during S-phase but not replication stress per se is a key trigger to cause 

aneuploidy by enhanced microtubule dynamics and by inducing a DNA damage 

response. In fact, chromosomally unstable cancer cells show endogenous decreased 

replication fork progression rates, increased origin firing and upregulated DNA damage 

responses that contribute to abnormally increased mitotic microtubule polymerization 

rates and whole chromosome missegregation. Accordingly, abnormal microtubule 

polymerization rates and chromosome missegregation can be rescued in 

chromosomally unstable cancer cells by nucleoside supplementation to counteract 

endogenous RS by suppressing excessive origin firing and by inhibiting DNA damage 

signaling.  

Thus, this study reveals possible molecular mechanisms of how mild RS causes W-

CIN in human cancer.  
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1. Introduction 

1.1 Cell cycle 

In order to proliferate, cells need to grow and prepare for mitotic cell division, thereby 

they undergo strictly regulated and quality screened cell cycle phases to maintain 

genomic integrity.  

The eukaryotic cell cycle can be subdivided into five different phases, namely gap 0 

phase (G0), gap 1 phase (G1), synthesis phase (S), gap 2 phase (G2) and mitosis (M) 

(Figure 1.1).  

 

 
 

Figure 1.1:  Cell cycle and its regulation. The eukaryotic cell cycle comprises 
interphase (G1, S, G2 and the quiescent G0 phase) as well as mitosis (M). During 
interphase, the cell prepares for cell division by duplicating its genetic material and 
centrosomes. During mitosis, consisting of pro-, prometa-, meta-, ana- and telophase, 
chromosomes condense and the spindle apparatus is formed, to divide sister 
chromatids evenly to the two daughter cells. Cytokinesis of the two daughter cells 
finalizes mitosis. The cell cycle is tightly regulated by different CDK-cyclin complexes 
specifically activated at different timepoints and phases. Modified after (Ding et al., 
2020). Created with BioRender.com. 
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Cell cycle checkpoints, present at specific stages of the cell cycle, tightly regulate its 

progression and function to sense DNA damage (Barnum and O’Connell, 2014). 

Activated cell cycle checkpoints can thereby induce cell cycle delay, arrest, or 

programmed cell death. The interplay of cyclin-dependent kinases (CDKs) together 

with their cyclin subunits play essential roles in regulating the cell cycle process 

(Maréchal and Zou, 2013). Expression of cyclins, in contrast to CDKs, are highly 

variable and show cell cycle phase dependent fluctuations (Malumbres, 2014). 

Cells in the quiescent G0 phase of the cell cycle are in a non-proliferating, resting state 

but might be able to re-enter the cell cycle into G1 phase, and thereby start to 

proliferate again. Transition between G1 and G0 can occur due to different factors such 

as environmental changes, changes in mitogen levels, increased cell densities or loss 

of cell adhesion (Coller et al., 2006). 

1.1.1 Interphase 

In G1, cells prepare for the upcoming DNA-replication during S-phase. Thereby, cells 

grow in size, show specific transcriptional profiles and start protein biosynthesis of 

essential replication factors. (Armstrong and Spencer, 2021; Bertoli et al., 2013; 

Jackson and Chalkley, 1985)  

In G1, Cyclin D-CDK4/6 complex-dependent target phosphorylations of the pocket 

proteins Retinoblastoma (Rb), p107, and p130 activate transcription factor family E2F 

resulting in the transcription of Cyclin E (Ezhevsky et al., 2001; Harbour et al., 1999). 

Thereby, Cyclin E continuously accumulates during G1, forming Cyclin E-CDK2 

complexes, which hyper-phosphorylate Rb, thereby releasing E2F1-3, allowing the 

expression of S-phase relevant genes. This feed-back loop results in transcriptional 

activation of Cyclin A, which is essential for S-phase progression (Giacinti and 

Giordano, 2006; Qin et al., 1994). 

During this synthesis phase, replication takes place to duplicate the DNA. The process 

of DNA replication unwinds and separates the DNA double strand which thereby loses 

its stable double helical structure (Lindahl, 1993). 

Upon correct duplication of the DNA in S-phase, another growth phase (G2) follows, 

preparing the cell for the upcoming cell division in mitosis. In this stage of the cell cycle, 

proteins essential for proper mitotic progression, are produced (Lockhead et al., 2020). 
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Until G2, CDK1 activity is inhibited through inhibitory phosphorylations mediated by 

WEE1 and MYT1 (Booher et al., 1997; Heald et al., 1993). As G2-phase proceeds, 

Cyclin A-CDK2 leads to the activation of the phosphatase CDC25 which fosters CDK1 

activation by dephosphorylation of negatively regulating phosphorylations (Mitra and 

Enders, 2004). In addition, during G2, Aurora-A-Bora mediated activation of PLK1 

additionally activates CDC25. Cyclin B-CDK1 complex enhances its activity via a feed-

back loop inducing CDC25 activation and WEE1 inactivation. The accumulation of 

activated Cyclin B-CDK1 allows entry into mitosis (Gavet and Pines, 2010; Seki et al., 

2008).  

1.1.2 Mitosis 

Mitosis can be subdivided into pro-, meta-, prometa-, ana- and telophase. During 

prophase centrosome separation, nuclear envelope breakdown and chromosome 

condensation, all essential prerequisites for cell division, take place (Figure 1.1). These 

processes are initiated by cyclin B-CDK1 mediated activation of Aurora-A and -B and 

PLK1 (Parrilla et al., 2016).  

In mitosis, the correct assembly of the bipolar mitotic spindle apparatus is of high 

importance for proper chromosome segregation. Centrosomes thereby function as the 

major microtubule-organizing center. During the cell cycle, centrosomes must undergo 

a duplication process in interphase prior to mitosis enabling the assembly of bipolar 

spindle during mitosis, and thus ensuring proper chromosome segregation. Any 

defects in this duplication process resulting in centrosome amplification is referred to 

as a supernumerary centrosome phenotype. Centrosomes are separated actively, via 

kinesins (KIF11 (Eg5)) forming a bipolar mitotic spindle (Ganem and Compton, 2004; 

Glover et al., 1995; Marumoto et al., 2003; Smith et al., 2011). 

Chromosome alignment is driven by kinesin-dependent mechanisms including CENP-

E and KIF22, kinetochore dynein as well as polar ejection forces thus resulting in 

bioriented chromosome pairs in metaphase (Barisic et al., 2014; Rieder and Salmon, 

1994; Schaar et al., 1997). 

Another important factor for proper chromosome segregation is the functional cohesion 

ring complex, which physically keeps sister chromatids together. Already during S-

phase, the newly synthesized sister chromatids of one chromosome are physically 
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connected by cohesion ring complexes, in order to facilitate chromosome alignment, 

and accurate chromosome segregation during mitosis by preventing premature 

chromatid separation (Srinivasan et al., 2020). If kinetochores are not stably attached 

to microtubules, the mitotic checkpoint complex (MCC) assembly is catalyzed allowing 

the inhibition of the anaphase promoting complex/cyclosome (APC/C), an ubiquitin 

protein ligase complex. If the spindle assembly checkpoint (SAC) is satisfied by correct 

microtubule-kinetochore attachments, the MCC is disassembled, APC/C becomes 

activated by recruiting CDC20, thus resulting in Securin degradation. Securin is a 

proteolytic inhibitor of Separase, an enzyme which can actively open up cohesion rings 

by cleavage, thereby physically detaching sister chromatids enabling their separation 

and initiating anaphase (Barford, 2011; Nasmyth and Haering, 2009). 

In telophase, nuclear membrane forms around separated sister chromatids at the 

spindle poles, chromatids decondense and the spindle apparatus disintegrates. 

Cytokinesis finalizes mitosis. 

1.1.3 Cell cycle checkpoints 

In the presence of DNA damage during the cell cycle, Ataxia telangiectasia mutated 

(ATM) kinase sensing DNA double strand breaks (DSBs) or Ataxia telangiectasia and 

Rad3 related (ATR) kinase sensing single stranded DNA, are activated leading to 

downstream activation of CHK2 or CHK1 checkpoint effector kinases, respectively 

(Smith et al., 2010).  

Whereas CHK1 activation directly inhibits CDC25A, CHK2 activation indirectly inhibits 

CDC25A via activation of p53 and p21, thus, resulting in degradation of CDC25A 

phosphatase. CDC25A itself is an activator of the Cyclin E-CDK2 complex acting by 

dephosphorylation of inhibitory CDK2 phosphorylations. Thereby activation of either of 

the two DNA damage checkpoint branches ATR-CHK1 or ATM-CHK2 results in Cyclin 

E-CDK2 inactivation and G1 arrest (Bartek and Lukas, 2001; Shen and Huang et al., 

2012). 

Origin firing, the initiation of DNA replication, is induced via essential phosphorylations 

by the DBF4-CDC7 kinase complex (DBF4-dependant kinase CDC7 (DDK)) and 

CDKs. In this context, DNA damage or abnormally increased single stranded DNA 

(ssDNA) formation due to fork stalling causes ATR-CHK1 and ATM-CHK2 checkpoint 
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branch activation leading to the inhibition of DDK by phosphorylating DBF4 (Lee et al., 

2012) as well as CDC25A degradation, mediating CDK2 inactivation, thus inhibiting 

origin firing and leading to S-phase arrest via this intra-S phase checkpoint (Shechter 

et al., 2004). 

Activation of the DNA damage checkpoint in G2 can directly intervene by activation of 

WEE1 and inhibition of CDC25 via activated CHK1 (Furnari and Russell, 1997). This 

checkpoint is stabilized by ATM-CHK2 dependent activation of p53 in a p21-mediated 

manner resulting in CDK1 inhibition, inducing cell cycle arrest in G2 (Warfel and El-

Deiry, 2013). 

At the transition from metaphase to anaphase, the SAC ensures proper chromosome 

segregation. Correct chromosome segregation during mitosis is dependent on proper 

amphithelic microtubule-kinetochore attachments (the two sister kinetochores are 

attached by microtubules from the two opposite spindle poles). If individual 

kinetochores from sister chromatids are not stably attached to microtubules from 

opposing spindle poles, the SAC does not allow sister chromatids to separate. Thereby 

SAC can detect incorrect attachments such as non-attached, synthelically attached 

(both kinetochores attached from microtubules from the same spindle pole), 

monothelically attached (one kinetochore is unattached) chromosomes, but is not able 

to detect incorrect merotelic attachments (one single kinetochore is attached from 

microtubules from both spindle poles) (Figure 1.2A) (Cimini et al., 2001). Thereby, 

merotelic attachments can result in the formation of lagging chromosomes resulting in 

aneuploidy (Figure 1.2B). Mechanistically, incorrect microtubule-kinetochore 

attachments result in aberrant tension forces between the two kinetochores of sister 

chromatids. To prevent incorrect microtubule-kinetochore attachments, erroneous 

attachments need to be sensed and corrected. This requires Aurora-B signaling, a 

protein kinase which is part of the chromosome passenger complex (CPC), additionally 

consisting of INCENP, Borealin and Survivin (Haase et al., 2017; Hauf et al. 2003; 

Lens and Medema, 2003). At mitotic onset, the CPC complex localizes at the 

centromere regions of mitotic chromosomes and destabilizes erroneously formed 

microtubule-kinetochore attachments in the process of chromosome alignment and 

activating the SAC until proper amphithelic microtubule-kinetochore attachments are 

achieved (Funabiki and Wynne, 2013). 
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Figure 1.2:  Microtubule-kinetochore attachments and their processing. (A) 
Amphithelic microtubule-kinetochore attachment is the prerequisite for accurate 
chromosome separation. Different possible defective microtubule-kinetochore 
attachments comprise synthelic, merotelic and monothelic chromosome attachments. 
Green labelled kinetochores mark non-activated SAC, whereas red labelled 
kinetochores mark activated SAC. (B) Processing of different microtubule-kinetochore 
attached chromosomes. Syn- and monothelically attached chromosomes are sensed 
by the CPC, activating the SAC and resulting in detachment of these microtubule-
kinetochores to form correct, synthelically attachments to facilitate accurate 
segregation of sister chromatids. Merothelically attached microtubules do not activate 
the SAC, possibly leading to the formation of lagging chromosomes and thus, 
chromosome missegregation and aneuploidy. Cells affected by chromosome 
missegregation lose (n-1) or gain (n+1) single (or more) chromosomes. Created with 
BioRender.com. 
 

1.2 The role and function of microtubules 

Microtubules are part of the cytoskeleton and have various essential functions ranging 

from cell motility, intracellular transport processes, cell organization and polarity as well 

as chromosome segregation during mitosis. The latter requires mitotic spindle 

formation and assembly.  

(B) 

(A) 
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Figure 1.3:  Structure and dynamics of microtubules. Microtubule polymerization 
mainly takes place at plus-ends of microtubules (+). Therefore, αβ-tubulin dimers 
require exchange of GDP to GTP, forming a GTP-cap at the plus-ends and thereby 
stabilizing microtubules from abrupt depolymerization. In order to depolymerize, GTP-
bound tubulin dimers need to get hydrolyzed. Modified according to (Bowne-Anderson 
et al., 2013). Created with BioRender.com. 
 

Microtubules are polar structures consisting of 13 tubular arranged protofilaments. The 

protofilaments consist of αβ-tubulin heterodimers, which polymerize in a defined 

orientation, where the α-tubulin end of microtubule defines the minus- (-) and the β-

tubulin the plus-end (+) of microtubules (Bryan and Wilson 1971; Tilney et al., 1973). 

Growth and shrinkage of microtubules by polymerization and depolymerization of αβ-

tubulin, known as dynamic instability, mainly takes place at the plus ends resulting in 

a dynamic characteristic of microtubules. Polymerization of αβ-tubulin dimers is 

restricted to GTP-bound β-tubulin which by conformational changes increases the 

affinity towards newly incorporated αβ-tubulin dimers, whereas depolymerization of αβ-

tubulin dimers depends on GTP hydrolysis. Thereby, the so called GTP-cap on the 

microtubule plus ends of newly incorporated αβ-tubulin dimers protects microtubules 

from abrupt dissociation and shrinkage known as catastrophe, whereas the switch from 

shrinkage to growth is called rescue (Schek III et al., 2007) (Figure 1.3). 

The minus ends of microtubules are embedded into the centrosomes, the microtubule 

organizing center, consisting of two centrioles surrounded by the pericentriolar material 

(PCM). The γ-tubulin ring complex (γ-TuRC) serves as a microtubule nucleation factor 

by directly binding exposed α-tubulin at the minus ends of microtubules. (Akhmanova 

and Steinmetz, 2019; Li and Joshi, 1995) 
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There are several other proteins known to interact with microtubules. The function of 

these microtubule associated proteins (MAPs) include microtubule nucleation, 

stabilization, and (de-) polymerization. In this context, the polymerase ch-TOG (gene 

name: CKAP5) has important functions in microtubule polymerization and nucleation 

(Brouhard et al., 2008; Kollman et al., 2011). In contrast, Stathmin is associated with 

microtubule depolymerization (Rubin and Atweh, 2004). 

In addition, various motor proteins bind to microtubules, comprising members of the 

kinesin and dynein families. They are microtubule interacting proteins with ATPase 

activity that can actively move along microtubules in an orientation-directed manner. 

These motor proteins play important roles in cellular transport processes and motility. 

The kinesin Eg5 further plays an essential role in spindle pole separation enabling the 

formation of a bipolar spindle during early mitosis (Goodson and Jonasson, 2018). 

Furthermore, several kinesins are known to fulfill essential functions in chromosome 

alignment and segregation (Gatlin and Bloom, 2010; Wordemann, 2010). 

Microtubule plus-end tracking proteins (+TIPs) include proteins inducing 

polymerization, such as EB1/2/3 (end-binding proteins), CLIPs (cytoplasmic linker 

proteins), CLASPs (CLIP-associated proteins), and depolymerization (KIF13A and 

Stathmin) of microtubules. In this context, CLIPs and CLASPs were shown to 

recognize and bind plus ends via interaction with other +TIPS, such as EB1, resulting 

in stabilization of microtubules (Akhmanova and Steinmetz 2015). 

Deregulation of several microtubule polymerization regulating proteins, e.g., Stathmin 

and ch-TOG, are associated with tumorigenesis and cancer (Charasse et al., 1995; 

Tan et al., 2012) 

+TIPs can, in addition, be utilized to experimentally track microtubule polymerization 

rates at the plus ends of microtubules. Hereby, expression of GFP-fused +TIP proteins 

can be used to analyze microtubule polymerization rates in vivo (Stepanova et al. 

2003). 

Microtubules in interphase cells play important roles during DNA repair, for example, 

by influencing transport of DNA damage response (DDR) proteins into the nucleus 

upon DNA damage (Poruchynsky et al., 2015) or function to regulate chromatin 

dynamics (Dobrzynska et al.2016). Further, recent findings revealed a crucial role for 

interphase microtubule dynamics in DSB mobility and vice versa to organize DNA 
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damage responses by homology search and active transport to specialized centers of 

DNA repair in the nucleus, thereby playing a role in DNA repair during interphase 

(Laflamme et al., 2019; Ma et al. 2020; Mekhail, 2018).  

In addition, a recent study from our lab revealed the importance of microtubule 

polymerization rates in interphase cells playing a role in cell invasiveness (Pudelko et 

al. 2022).  

1.3 DNA replication  

The accurate duplication of the DNA is a critical step in the cell cycle in order to assure 

genomic integrity (Figure 1.4). DNA replication comprises several steps starting with 

origin licensing in G1 phase of the cell cycle by forming the pre-replication complex on 

specific DNA sites, so called origins of replication (ORIs). Whereas the number and 

sequence of ORIs vary strongly, proteins regulating replication are mostly conserved 

from yeast to humans (Gilbert, 2001). 

These ORIs are recognized and bound by the heteromeric origin recognition complex 

(ORC) consisting of ORC1-6 proteins. The core replicative helicase complex consisting 

of minichromosome maintenance (MCM) 2-7, together with CDC6 and CDT1, is loaded 

as a homodimer onto ORCs forming the so-called pre-replication complex (pre-RC). In 

G1, origin licensing is strongly controlled by the E2F transcription factor family 

members through transcriptional regulation of the licensing factors genes CDC6, 

CDT1, MCMs and ORC1. Further, cyclin E-CDK2 positively regulates the stabilization 

of CDC6 (Mailand and Diffley 2005; Ren et al., 2002). 

Together with the MCM helicase complex, the additionally loaded GINS complex 

(GINS1-4) and CDC45 form the active helicase in eukaryotes which is called CMG 

(CDC45-MCM-GINS) complex. Further, various essential origin firing factors are 

loaded onto the pre-RC including Treslin, MCM10 and TOPBP1 as well as polymerase 

ε forming the pre-initiation complex (pre-IC). 



 

 1. Introduction 

 11 

 
 

Figure 1.4:  Licensing and initiation of DNA replication. The process of DNA 
replication comprises origin licensing, firing and the actual replication process. Origin 
licensing takes place at G1 and involves binding of the ORC-complex to specific 
regions on the genome, so called origins of replication (ORIs). Further licensing factors 
are loaded to form the pre-initiation complex (pre-IC) in S-phase. Origin firing requires 
phosphorylations of Treslin and MCMs via S-CDK and DDK, respectively. Once fired, 
replication takes place in the presence of further essential replication factors such as 
PCNA and is carried out by polymerase α, δ and ε. Modified from (Fragkos et al., 2015). 
Created with BioRender.com. 
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The actual firing of origins takes place at the onset of S phase and further requires the 

phosphorylation of Treslin by S-CDKs (Kumagai et al., 2011) as well as several MCMs 

by DDK. Specific replication factors such as PCNA and replication protein A (RPA) are 

needed upon origin firing enabling the two replisomes to unwind and separate the DNA 

double helix structure generating typical replication fork structures, diverging in both 

directions while emanating from one ORI. DNA replication of the lagging strand 

assumes RNA priming via polymerase α and can then be carried out by polymerase ε 

or polymerase δ respectively (Boos and Ferreira, 2019; Fragkos et al., 2015; Zhou et 

al., 2019). 

In unperturbed cells, it was recently shown that basal ATR-CHK1 signaling during S-

phase regulates replication initiation. Thereby ATR-CHK1 negatively controls CDK1, a 

direct negative regulator of the phosphatase complex RIF1-PP1 which is an antagonist 

for CDC7 induced origin firing (Moiseeva et al., 2019). 

Replication fork progression rate and replication capacity are limited. Therefore, 

replication of the genome is strictly regulated in a spatiotemporal manner, taking place 

locally independent on different fired ORIs during S-phase (Watanabe and Maekawa, 

2010). Nevertheless, in humans there are approximately 20.000 – 50.000 origins fired 

during one replication process, with an excess of non-fired potential licensed 

replication origins (Chagin 2016; Masai et al., 2010). There are different categories of 

origins defined, including constitutive or core origins which are mostly activated in any 

cell type under physiological conditions, flexible origins which can be activated 

stochastically in different cells and dormant origins which are only activated upon RS 

conditions (Méchali, 2010). Therefore, the human genome evolved a mechanism by 

which only an estimated 20 - 30 % of all licensed origins fire, thus giving rise to high 

numbers of non-fired, dormant origins (Akerman et al., 2020; Anglana et al., 2003; 

McIntosh and Blow, 2012). These dormant origins, however, can help cells exhibiting 

decreased fork progression rates upon replication stress to accomplish DNA 

replication in time (Courtot et al., 2018).  
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1.4 DNA replication stress 

During the process of DNA replication, perturbations leading to the slow-down, stalling 

or collapse of the replication machinery are defined as DNA replication stress (Zeman 

and Cimprich, 2014). The causes of RS are of diverse origin and depending on their 

level can result in DNA damage, cell cycle delay, arrest or apoptosis. Several cellular 

mechanisms exist sensing and repairing the origins of replication stress in affected 

cells, with the objective to finalize replication before the onset of the upcoming mitosis, 

thereby prohibiting disastrous consequences. 

1.4.1 Causes of replication stress 

Several endogenous and exogenous sources causing obstacles in the process of DNA 

replication have been described (Figure 1.5). Among them are physical barriers at 

specific sites of the DNA, which do not allow the replication fork to progress and 

thereby lead to the halt of replication. In this context, unrepaired DNA lesions such as 

pyrimidine dimers upon ultraviolet (UV) exposure or mis-incorporated ribonucleoside 

triphosphates (rNTPs) are known inducers of RS. Additionally, general deficiencies 

affecting DNA repair mechanisms or decreased DNA damage tolerance can lead to an 

increase of DNA lesions restricting replication fork progression. Specific DNA 

sequences forming secondary structures, if not resolved by respective helicases, are 

also discussed to form physical obstacles of DNA replication. In this context, RS linked 

syndromes are often associated with defects in helicase function such as Werner- and 

Bloom-syndrome (Zeman and Cimprich, 2014). 

Another impairment for DNA replication represents the encounter of the replication fork 

with the transcription machinery, which is also active during the S-phase. (Lalonde et 

al., 2021). R-loop structures, consisting of a RNA-DNA hybrid at the template DNA 

strand and the opposing non-template DNA single strand at sites of active 

transcription, are physiologically relevant and associated with regulation of gene 

expression. However, R-loops were additionally reported to form at transcription-

replication conflicts where they hinder replication fork progression and cause 

topological stress which can lead to RS and mediate genomic instability (Aguilera and 

Garcia-Muse, 2012; Hamperl et al., 2017).  
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Figure 1.5:  Causes of replication stress. The causes of RS are diverse and can 
comprise endogenous sources like limitations of replication factors or shortage of 
nucleotides, physical barriers arising from DNA lesions, the formation of DNA 
secondary structures and unscheduled collisions with the transcriptional machinery. 
RS can be experimentally induced by DNA polymerase inhibitors such as aphidicolin. 
Modified from (Zeman and Cimprich, 2014). 
 

In this context, defects in the transcription machinery as well as in topoisomerases and 

helicases, regulators of topological stress, and RNase H, known to resolve R-loops, 

are linked to RS and RS-associated disorders (Huertas and Aguilera, 2003; Tuduri et 

al., 2009). 

Further, limitations of factors needed for proper execution of replication can negatively 

influence the progression of DNA replication forks. For instance, limitation in replication 

factors or shortage of nucleotides and histones restrict replication progression. 

Limitation of nucleotides can have different sources such as defects in nucleotide 

biosynthesis, uncontrolled proliferation rates or due to abnormally elevated origin firing 

rates (Bester et al., 2011; Aguilera and Garcia-Muse, 2013). Additionally, RS can be 

induced experimentally by DNA polymerase inhibition (e.g., aphidicolin) or 

ribonucleotide reductase inhibition (e.g., hydroxyurea) (Baranovskiy et al., 2014; Singh 

and Xu, 2016). 

1.4.2 Consequences of replication stress 

Specific regions of the DNA can be particularly associated with under-replication and 

DNA damage upon RS. These RS-sensitive sites are known as common fragile sites 

(CFSs) (Durkin and Glover, 2007). It has been proposed that especially long genes in 

the genome or sequences with low density of origins might define CFSs (Brison et al., 

2019; Dereli-Öz et al., 2011). Long genes could, in this context, yield increased 



 

 1. Introduction 

 15 

probabilities of collisions of the replication and transcription machineries (Helmrich et 

al., 2011). Slowed-down or stalled replication forks in origin poor chromosomal regions 

might not be compensated by replication forks emanating from neighboring origins, 

possibly resulting in under-replicated DNA and associated DNA breaks (Naim et al., 

2013; Ying et al. 2013). In addition, CFSs might arise from DNA sequences which are 

particularly difficult to replicate. Thereby, repetitive sequences are associated with 

reduced replication fork progression rates and prone to form CFS upon RS (Tsantoulis 

et al, 2008; Fungtammasan et al., 2012). 

Upon RS, CFS can give rise to the formation of UFBs. UFBs cannot be stained by 

conventional DNA dyes but can be visualized indirectly by the detection of specific 

helicases such as BLM, PICH or FANCD2/FANCI, which function to resolve UFBs 

(Chan, 2009; Naim and Rosselli, 2009; Liu et al., 2014). It was shown that UFBs 

perturb the process of chromosome separation during mitosis and might consequently 

give rise to structural DNA breaks (Chan et al., 2007; Liu et al., 2014). This suggests 

a link between RS in S-phase and mitotic defects and provides evidence that RS levels 

sufficient to generate under-replicated DNA might not be efficiently detected or 

antagonized by checkpoints and can reach mitosis.  

UFBs were additionally found to arise at specific regions in the genome associated 

with difficulties in the replication process such as specialized DNA structures including 

telomeric (T-UFB) and centromeric (C-UFB) regions (Barefield and Karlseder, 2012; 

Chan and West, 2018; Liu et al., 2014). 

In order to deal with and prevent under-replicated DNA, it has been shown that 

replication can still be executed during early mitosis in a process called mitotic DNA 

synthesis (MiDAS), requiring factors such as POLD3, RAD52, endonuclease activity 

of MUS81-EME1, and polymerase δ (Minocherhomji et al., 2015; Bhowmick et al., 

2016). Nevertheless, MiDAS is proposed to be an error-prone process being a further 

source for CIN at these sites (Mocanu and Chan, 2021). 

To deal with RS-associated slowed fork progression rates and prevent the presence 

of under-replicated DNA in mitosis, cells fire dormant origins. Thereby, additional 

dormant origins, which are getting not fired but rather passively replicated by 

neighboring replication forks in unperturbed replication (Figure 1.6A), can be activated 
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upon RS, thereby complementing the replication process allowing for timely completion 

before mitotic onset (Figure 1.6B) (Courtot et al., 2018). 

 

 
 

Figure 1.6:  Activation of dormant origin firing upon RS. (A) Under unperturbed 
conditions, replication origins are licensed in excess. Only a proportion of licensed 
origins are fired during S-phase. Non-fired origins are passively replicated. (B) Upon 
mild to moderate DNA replication stress, associated with decreased fork progression, 
the normal number of fired origins is insufficient to complete DNA replication resulting 
in under-replicated DNA. Under this condition, additional, dormant origins are fired to 
prevent under-replication. Modified from (Bertolin et al., 2020). 
 

1.4.3 Replication stress response 

In order to understand the molecular mechanisms and cellular response to sense and 

deal with RS, it is important to distinguish between different levels of RS and their 

specific consequences. 

High levels of RS are associated with DNA double strand breaks and cell cycle arrest 

or apoptosis (Marusyk et al., 2007; Bai et al., 2016). Deleterious on individual cellular 

basis, these high levels of RS bear strong negative selection pressure resulting in 

reduced proliferation and negatively affecting tumorigenesis and tumor evolution (Bai 

et al., 2016; Di Micco et al., 2006; Di Micco et al., 2007; Gorgoulis et al., 2005). In this 

context, the inactivation and dissociation of the replisome and associated DNA strand 

(A) (B) 
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break formation are defined by the term of fork collapse (Sirbu et al., 2011; Sirbu et al., 

2013).  

Moderate, short-termed RS is still sensed by specific replication stress mediated 

checkpoints and might be primarily repaired at the cost of cell cycle delays (Helleday, 

2003; Nazareth et al., 2019; Zeman and Cimprich, 2014). Mild RS levels, in contrast, 

might not even be detected by the intra-S-phase checkpoint and could therefore pass 

unrecognized through the cell cycle. Mild to moderate levels of RS might therefore play 

a more relevant role in cancer (Fu et al., 2015; Koundrioukoff et al., 2013; Shimada et 

al., 2002). 

In order to overcome obstacles on the DNA causing RS, there are in general three 

possibilities including the by-pass of these obstacles, homologous recombination (HR) 

mediated repair of the affected DNA sites or fork protection by fork reversal. The latter 

includes annealing of the newly synthesized DNA strand to serve the replisome as an 

alternative template generating typical “chicken foot” structures (Ray Chaudhuri et al., 

2012; Sogo et al., 2002). In this way, the replisome does not dissolve, preventing 

generation of ssDNA which are prone to DNA breaks, and therefore protects against 

chromosomal instability (Cortez, 2015). In contrast to classic replication forks, double-

stranded chicken foot structures are relatively stable, established by specific 

mechanisms involving RAD51, BRCA1/2 and CtIP to protect from exonucleolytic 

digestion by DNA2 and MRE11 and serve as starting points of belated replication upon 

removal of replication obstacles (Przetocka et al., 2018; Schlacher et al., 2011; 

Zellweger et al., 2015). 

If RS exceeds the capabilities of fork protection and repair, DSBs can accumulate 

(Saintigny et al., 2001), which activates the DDR (Figure 1.7B). DSBs are detected and 

bound by the MRN-complex (MRE11-RAD50-NBS1) and lead to the recruitment and 

activation of ATM on sites of damaged DNA. The MRN-complex with its exonuclease 

activity provided by MRE11 is not only essential for DNA damage recognition but also 

plays an important role for subsequent DNA repair processes, predominantly via HR. 

ATM regulates its activation by autophosphorylation of Ser1981. The phosphorylation 

of γH2AX (Ser139), CHK2 (Thr68), CHK1(Ser317), 53BP1 (Ser25), BRCA1(Thr1394) 

and p53 (Ser15) result in induction of DNA damage repair, cell cycle arrest or apoptosis 

(Banin et al., 1998; Burma et al., 2001; Foo et al., 2021; Gatei et al., 2003; Halazonetis 
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et al., 2008; Harding et al., 2011; Matsuoka et al., 2000). Mutations in either of these 

DDR components are strongly associated with cancer or cancer-predisposed human 

diseases such as Nijmegen breakage syndrome (NBS1 mutation) or Ataxia-

telangiectasia (ATM mutation) (Shiloh, 1997). 

Less severe, non-persistent RS causes slowed replication fork progression, 

uncoupling helicase progression from decelerated polymerase and thereby leading to 

the generation of ssDNA (Byun et al., 2005). ssDNA is susceptible towards damage 

and is prone to form single strand breaks. To prevent this, RPA coats and thereby 

stabilizes ssDNA. RPA-coated ssDNA is bound by ATRIP (ATR-interacting protein), 

which recruits and mediates ATR activation (by its autophosphorylation of Thr1989). 

Activated ATR triggers CHK1 (Ser-317, Ser345) and p53 (Ser15) activation via 

phosphorylation, which in turn induces DNA damage response, thus resulting in cell 

cycle arrest or delay, replication fork stabilization or restart and induction of origin firing 

(Liu et al., 2011; Tibbetts et al., 1999; Wang et al., 2013). All these cellular reactions 

are measures to complete DNA replication before mitotic onset and prevent DNA 

damage, thus are essential to ensure genomic integrity (Figure 1.7B) (Toledo, 2014; 

Zeman and Cimprich, 2014). 

ATM and ATR belong to the same phosphoinositide 3 kinase-related protein kinase 

(PI3KK) family, sharing not only similar protein domains but also partly overlapping 

interaction and phosphorylation targets. The active kinase domain PI3K shows high 

sequence homology between the members of this protein family. Further, once 

activated, ATM and ATR share the same S/T-Q phosphorylation motif, thereby 

overlapping several phosphorylation targets (Kim et al., 1999). The N-terminal end of 

both ATR and ATM, is characterized by variable HEAT repeat sequences containing 

the nuclear localization site (NLS) as well as ATRIP binding domain in ATR or NBS1 

binding domain in ATM. Both share the FAT domain (FRAP, ATM and TRRAP 

proteins), containing the locations of autophosphorylation sites of each kinase protein, 

as well as the FAT C-terminal (FATC) domain containing interaction sites for regulatory 

interaction partners (Figure 1.7A) (Jiang et al., 2006; Menolfi and Zha, 2020). 
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Figure 1.7:  Activation of ATR- and ATM-dependent checkpoints upon RS. (A) 
Graphical illustration of ATR and ATM protein domains. Numbers indicate amino acids 
from N- to C-terminal end of protein. Modified from (Lee and Paull, 2007; Phan and 
Rezaeian, 2021). (B) RS, associated with slowing of replications forks, causes 
uncoupling of DNA polymerase activity from helicase, thus resulting in the formation of 
ssDNA. In order to protect ssDNA, RPA is recruited and activates ATR-CHK1 axis. In 
case of severe RS, DSBs can arise which are recognized by the MRN-complex, 
activating the ATM/CHK2 branch. ATR-CHK1 or ATM-CHK2 activation during S- or 
G2-phase can result in cell cycle arrest, replication fork stabilization, origin firing 
regulation and DNA repair depending on the level of RS. Modified from (Gaillard et al., 
2015). 

(A) 

(B) 
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Figure 1.8:  DNA double strand break processing and repair via HR and NHEJ. 
(A) HR requires a homologous sequence and initial end resection executed by MRN-
CtIP endonuclease activity as well as EXO1/DNA2-BLM exonuclease activity. Strand 
invasion is mediated by RAD51 and subsequent extension via RAD54 and members 
of the polymerase B-family (POL δ,/ε/ζ). (B) NHEJ requires recognition and end binding 
of DNA double strand break by DNA-PKcs/KU70/KU80 complex. DNA end processing 
and DNA gap filling is performed by Artemis and members of the polymerase X-family 
(POL μ/ λ). DNA end ligation is mediated via Ligase 4 (LIG4). Newly synthesized DNA 
strand in either of these repair mechanisms is illustrated in red. Homologous sister 
chromatid is illustrated in grey. Modified from (Brandsma and van Gent, 2012). 
 
In case of DNA double strand breaks upon RS, the predominant repair mechanism 

during S- and G2-phase is homologous recombination (HR). Key players in repair 

pathway choice between HR (Figure 1.8A) and NHEJ (non-homologous end joining) 

(Figure 1.8B) are DNA-PKcs, 53BP1 and BRCA1. Whereas DNA-PKcs and 53BP1 

promote repair via NHEJ primarily in G1, BRCA1 removes 53BP1 in S-phase and 

thereby facilitates HR pathway choice (Bunting et al., 2010; Bunting et al., 2012).  

NHEJ, does not rely on homologous sister chromatids and therefore plays a particular 

role in G1 and G0 but is an error-prone process and can results in insertions or 

deletions at damaged sites (Rodgers and McVey, 2016). Recognition and end binding 

is performed by DNA-PK (DNA dependent protein kinase) consisting of the PI3K-family 

kinase DNA-PKcs (catalytical subunit) and the heterodimer KU70/80. End resection is 

(A) (B) 
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facilitated by Artemis and subsequent DNA gap filling is executed by members of the 

polymerase X-family (μ, λ). DNA end ligation is performed by Ligase 4 (LIG4) (Ghosh 

and Raghavan, 2021; Yamtich and Sweasy, 2009).  

The HR repair mechanism on the other hand relies on the presence of a homologous 

sequence from the sister chromatid, serving as a template but is considered to be less 

error-prone in comparison to NHEJ. The first step in this process is 3’ to 5’ end 

resection, forming ssDNA overhangs facilitated by the endonuclease activity of MRE11 

as part of the MRN-complex together with CtIP, getting further elongated by 5’ to 3’ 

exonuclease activity by EXO1, DNA2 together with BLM (bloom helicase). These 

generated ssDNA overhangs are protected by RPA binding. BRCA1 and BRCA2 play 

essential roles in recruiting RAD51 filaments towards DNA overhangs (Davies et al., 

2001; Sung and Klein, 2006). Thereby, RAD51 facilitates strand invasion and 

annealing with homologous DNA regions of the sister chromatid. DNA extension is 

then performed in a RAD54 and polymerase B-family member (δ, ε, ζ) dependent 

manner. 

It has been reported that upon fork collapse or during MiDAS, DNA damage repair is 

dependent on RAD52 as well as RAD51 and relies on break-induced replication, a HR-

like mechanism capable to repair one-ended double strand breaks. (Bhowmick et al., 

2016; Sotiriou et al., 2016; Wassing et al., 2021; Yasuhara et al., 2018).  

1.4.4 Replication stress and cancer 

First evidence linking RS to cancer arose by findings of activated DDR upon RS as 

well as studies by which experimentally impaired DNA replication resulted in DNA 

mutations and proliferative advantages upon p53 mutations (Bilousova, 2005). Further, 

cancer-predisposed diseases and syndromes, some of them also affecting genomic 

stability, were linked to RS and various genes involved in tumorigenesis were related 

to RS. Among these are syndromes with defects in DNA damage checkpoints and 

repair (Ataxia telangiectasia, Nijmegen breakage syndrome, Fanconi anemia) or 

helicase dysfunctions (Bloom syndrome, Werner syndrome). Moreover, in mouse 

models, defects in genes or proteins affecting DNA replication factors (CDC6, CDT1, 

MCM2-7, RPA), replication fork repair and restart (BRCA1, FANCD2, BLM, RecQ 
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helicases) or checkpoint activation (ATR, ATM, CHK1, CHK2 and p53) were 

associated with RS-mediated tumorigenesis (Gaillard et al., 2015; Negrini et al., 2010).  

Further, oncogenes were directly linked to RS induction (Bartkova et al., 2006; Di Micco 

et al., 2006). In fact, overexpression of oncogenes such as CCNE1 (ecoding for Cyclin 

E), CCND2 (encoding for Cyclin D2), MDM2, RAS and MYC were associated with 

abnormally induced origin firing, which can result in deregulated origin firing timing, 

increased probability of replication-transcription conflicts or an exhaustion of nucleotide 

pools (Dominguez-Sola et al., 2007; Srinivasan et al., 2013; Bartkova et al., 2006; 

Jones et al., 2013; Macharet and Halazonetis, 2018; Frum et al., 2014; Kotsantis et al., 

2016). Further, MYC or CCNE1 overexpression was associated with premature S-

phase entry by regulating cyclin E-CDK2 activity (Bretones et al., 2015). Also, 

oncogene overexpression can indirectly affect replication, for example by reducing 

necessary replication factors via BCL2 mediated inhibition of ribonucleotide reductase 

(Xie et al., 2014). Interestingly, nucleotide supplementation has been shown to rescue 

oncogene-induced RS, suggesting that nucleotide depletion might in fact mediate 

oncogene-driven RS (Bester et al., 2011). 

Furthermore, it was recently shown that RS causes aneuploidy via premature centriole 

disengagement and thus the formation of multipolar spindles and thereby might play a 

role in tumorigenesis (Wilhelm et al., 2019). 

1.5 Chromosomal instability 

Chromosomal instability (CIN), the increased rate of generations of chromosomal 

aberrations, is associated with increased cellular adaptive abilities towards changing 

environmental conditions and improved responses to selection pressure such as drug 

resistances. Therefore, CIN can generate strong evolutionary advantages for affected 

cell populations. In this context, chromosomal instability is a hallmark of human cancer 

and a major driver of tumorigenesis and tumor progression (McClelland, 2017; Tanaka 

et al., 2016; Vargas-Rondon et al., 2018). 

Cancer exhibiting CIN are therefore strongly associated with poor prognosis and 

clinical outcome. In colorectal cancer (CRC), about 85 % of tumors exhibit CIN 

phenotype, whereas only 15 % are chromosomally stable but microsatellite instable 
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(MIN/MSI) (Boland and Goel, 2010; Lengauer et al., 1997). MIN/MSI is described as a 

hypermutable phenotype, associated with defects in mismatch repair.  

There are two subtypes of CIN, namely whole chromosomal instability (W-CIN), 

resulting in aneuploidy or polyploidy and structural chromosomal instability (S-CIN), 

affecting the structure of individual chromosomes such as chromosome translocations 

and amplifications. While W-CIN has been directly linked to missegregation defects 

during mitosis, S-CIN is mainly associated with defects during the S-phase of the cell 

cycle and DNA repair deficiencies (Geigl et al., 2008; Wilhelm et al., 2020). 

1.5.1 Causes of W-CIN in cancer 

In about 90 % of all solid tumors, chromosome number is deviating from modal, 

indicating the importance of W-CIN and aneuploidy in cancer (Weaver and Cleveland, 

2006). Several specific defects can lead to whole chromosome missegregation and 

aneuploidy. 

Deficiency in the detection and resolution of erroneous microtubule-kinetochore mal-

attachments such as mono- or syntelic attachments at anaphase onset are associated 

with chromosome missegregation and aneuploidy (Figure 1.9). In this context, 

mutations in BUBR1, encoding a component of the mitotic checkpoint complex, is 

associated with aneuploidy and cancer (Chi et al., 2009; Hanks et al., 2004). More 

importantly, non-resolved merotelic microtubule-kinetochore attachments have been 

also described in causing aneuploidy by generating lagging chromosomes. Further 

defects in the SAC are associated with premature separation of sister chromatids. 

However, it has been shown that mutations in genes associated with the SAC are 

rarely detected in CIN cancer cells (Schvartzmann et al., 2010).  

Premature cleavage of the cohesion complex by separase can cause unscheduled 

sister chromatid separation and induce aneuploidy. Even though rarely observed, 

mutations in subunits of the cohesion complex such as STAG2 are found in specific 

cancers and correlate with the generation of aneuploidy (Solomon et al., 2011; De 

Koninck and Losada, 2016). 
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Figure 1.9:  Mechanisms causing aneuploidy in cancer. Various mechanisms 
resulting in aneuploidy in human cancer are schematically summarized. These include 
hyperstable microtubule-kinetochore attachments and defects in microtubule 
dynamics causing transient misorientation of the mitotic spindle and can result in 
erroneous merotelic attachments and the formation of lagging chromosomes in 
anaphase. Defects in SAC and cohesion of sister chromatids are associated with 
premature chromosome disjunction or cohesion fatigue (red ring indicates cohesion 
complex during anaphase). Defects in the process of cytokinesis causes 
polyploidization, supernumerary centrosomes cause microtubule-kinetochore mal-
attachments and can result in chromosome segregation errors. Modified after (Targa 
and Rancati, 2018). Created with BioRender.com. 
 

The presence of additional centrosomes interferes with the bipolar spindle assembly 

and gives rise to multipolar spindles. However, multipolar spindles are detrimental to 

cells and thus, typically seen only transiently (Ganem et al., 2009; Milunovic-Jevtic et 

al., 2016). In fact, cells have developed the mechanism of centrosome clustering 

(Quintyne et al., 2005). This phenomenon, prominent in human cancer cells, is 

associated with less drastic defects such as the generation of merotelic microtubule-

kinetochore attachments, thereby allowing cell cycle progression, possibly resulting in 

the generation of lagging chromosomes as well as aneuploidy (Godinho et al., 2009; 

Mittal et al., 2021; Nigg 2002; Pihan et al., 1998). In addition, proper centrosome 

anchoring to the cell cortex through astral microtubules enable correct spindle 

orientation. Spindle geometry defects have been observed to drive CIN in several 
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tumor models (Noatynska et al., 2012; Pease and Tirnauer, 2011). It has been shown 

that mutations, defects, or loss of the tumor suppressor Apc (adenomatous polyposis 

coli) in mouse models as well as E-cadherin and VHL (von Hippel-Lindau) affect 

spindle orientation and might contribute to cancer development (den Elzen et al., 2009; 

Fleming et al., 2009; Thoma et al., 2009). 

Studies in colorectal cancer cells revealed abnormally increased mitotic microtubule 

polymerization rates as a key trigger for chromosomal instability. Abnormally increased 

microtubule growth rates directly induce transient spindle geometry defects in 

prometaphase, which is sufficient to cause erroneous merotelic microtubule-

kinetochore attachments, thereby generating the formation of lagging anaphase 

chromosomes, a pre-stage of chromosomal missegregation. The phenotype of 

abnormally increased microtubule growth rates was associated with CHK2 and BRCA1 

depletion as well as AURKA amplification (Ertych et al., 2014; Ertych et al., 2016; 

Schmidt et al., 2021; Stolz et al., 2010). In addition, it has been recently shown that 

abnormally increased CDK1 activity upon p53/p73 depletion plays a critical role in 

human cancer by causing abnormally increased mitotic microtubule dynamics and 

chromosomal instability (Schmidt et al., 2021). Further, hyper-stabilization of 

kinetochore-microtubule attachments may also contribute to aneuploidy and 

tumorigenesis by interfering with proper chromosome segregation (Bakhoum et al., 

2009). In that context, overexpression of MAD2 has been associated with the 

stabilization of kinetochore-microtubule attachments as well as with aneuploidy and 

tumorigenesis in mouse models and human cancer (Li et al., 2003; Kabeche and 

Compton, 2012; Sotillo et al., 2007). 

After mitosis, cytokinesis generates two physically distinct daughter cells. Malfunctions 

involving the tightly regulated process of cytokinesis can result in aneuploidy or 

polyploidy. Different causes for cytokinesis defects have been investigated, along 

these are physical barriers for the cleavage furrow formation e.g., chromosome 

fragments or lagging chromosomes as well as mutations in genes associated with 

cytokinesis regulation. Several genes implicated in cytokinesis regulation were shown 

to be mutated in human cancer and associated with poor clinical outcome in colorectal 

cancer and glioblastoma, such as overexpression of ECT2 (epithelial cell transforming 

sequence 2) (Luo et al., 2015; Sano et al., 2006).  
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Additionally, mutations in Apc were shown to cause cytokinesis failure and thereby 

result in polyploidy in mouse models, possibly playing an important role in 

tumorigenesis (Caldwell et al., 2007). Furthermore, it has been shown that polyploidy 

and aneuploidy itself induces CIN and thereby accelerates tumorigenesis (Storchova 

and Kuffer, 2008; Paim and FitzHarris, 2019; Passerini et al., 2016). 

Furthermore, mutations, amplifications, overexpression or loss of oncogenes or tumor 

suppressor genes with a wide range of roles in cell cycle control and proliferation, are 

referred to as initiators of the process of CIN, are known to induce tumorigenesis and 

are prevalent in cancer. Oncogenes including MYC, CCNE and RAS and tumor 

suppressor genes such as p53 and BRCA1 are implicated in tumorigenesis 

(Kontomanolis et al., 2020). 

1.5.2 Structural chromosome alteration 

Structural chromosome aberrations can emerge in case of DNA double or single strand 

breaks, which can result in chromosome gaps, deletions, breaks, translocations, gene 

amplifications or radial chromosomes. 

DNA breaks can arise by defective repair mechanisms including homologous 

recombination (HR) and non-homologous end joining (NHEJ) (Adamo et al., 2010; 

Saada et al., 2018). In that context, germ-line mutations of BRCA1 leads to deficient 

HR repair and results in genomic instability in breast and ovarian cancer. This 

deficiency in HR can be restored by loss of 53BP1 (Bunting et al., 2010). 

One possible way, how DNA double strand breaks can occur is due to physical forces 

during mitosis. During anaphase, for example, merotelic-attached chromosomes are 

exposed to increased pulling forces towards the centromeric region of dividing 

chromosomes. These additional pulling forces might then be sufficient to break the 

DNA backbone and thereby generate DNA double strand breaks during mitosis leading 

to structural chromosome aberrations (Guerrero et al., 2010). In addition, physical 

obstacles during cytokinesis might also be relevant to induce DNA breaks resulting in 

structural chromosome aberrations. Thereby, the presence of lagging chromosomes 

or anaphase bridges in the region of the cleavage furrow might give rise to DNA double 

strand breaks upon physical forces and might result in chromosome rearrangements 

(Janssen et al., 2011). 
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An alternative fate for lagging chromosomes is their encapsulation in micronuclei. 

Micronuclei were shown to have defective nuclear envelopes affecting replication 

factor protein import (Liu et al., 2018). This can lead to pulverization of chromosomes 

in micronuclei, which can result in massive random structural rearrangements, known 

as chromotripsis (Crasta et al., 2012). 

In addition to these mitotic causes, structural chromosome aberrations can originate 

from replication related defects during the S-phase of the cell cycle. Chromosomal 

sites especially prone to DNA damage during the replication process are defined as 

common fragile sites (CFS). These genomic loci are often associated with the 

generation of DNA double strand breaks and are susceptible to structural 

rearrangements in human cancer. Moreover, CFS are often associated with genes 

subjected to amplifications, rearrangements, or deletions in cancer (De Braekeleer et 

al., 1985; Popescu, 2003; Yunis, 1984; Durkin and Glover, 2007; Re et al., 2006). 

Importantly, structural as well as numerical chromosome aberrations are frequently 

observed together in cancer cells, hinting to a possible mechanistic link between both 

of these tumorigenic phenotypes (Thompson and Compton, 2011). 
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2. Scope of the study 

Chromosomal instability is a major hallmark of human cancer and is defined by the 

perpetual generation of chromosomal aberrations. It comprises whole chromosomal 

as well as structural chromosome instability. Chromosomal instability thereby 

influences tumor evolution and effects tumorigenesis, tumor development and 

progression and harbors great potential for cancer therapy and treatment (Bach et al., 

2019; Vargas-Rondon et al., 2018).  

Whole chromosomal instability, resulting in aneuploidy, is associated with mitotic 

abnormalities causing erroneous chromosome segregation (Lengauer et al., 1998). In 

this context, work from our group revealed abnormal mitotic microtubule polymerization 

rates as a key trigger for chromosome missegregation in human cancer (Ertych et al., 

2014; Ertych et al., 2016; Lüddecke et al., 2016; Schmidt et al., 2021). 

DNA replication stress, defined as the slow-down of replication fork during S-phase of 

the cell cycle, is strongly associated with structural chromosome aberrations (Zeman 

an Cimprich, 2014).  

More recently, Burrell and colleagues revealed a crosstalk between numerical and 

structural chromosome instability in cancer emanating from erroneous DNA replication 

during S-phase. They showed that W-CIN+ cancer cells suffer from endogenous RS, 

featuring structural as well as whole chromosomal abnormalities which can be 

corrected by counteracting RS via nucleoside supplementation (Burrell et al., 2013). 

However, the mechanism of how RS during S-phase causes whole chromosome 

missegregation in mitosis and how cancer cells can withstand constant RS without 

triggering the checkpoint has not been elucidated yet. 

This study focuses on the investigation of how mild RS causes whole chromosome 

missegregation in mitosis, thereby addressing the question regarding the relationship 

of S-CIN and W-CIN in human cancer. This study defines cancer relevant RS-levels 

and its cellular outcome in colorectal cancer cells, helping to unravel the RS-associated 

impact on tumorigenesis and human cancer development.  

  



 

 3. Material and methods 

 29 

3. Material and methods 

All the standard materials including pipettes, falcon tubes (50 and 15 ml), reaction 

tubes (1 and 2 ml), pipette tips, cell culture dishes (10 cm plates and 6/12/24/96-well 

plates) and cryogenic tubes were purchased from Greiner BioOne (Frickenhausen, 

Germany), Sarstedt (Nürnberg, Germany), Starlab (Hamburg, Germany) and 

Eppendorf (Hamburg, Germany). 

Live cell dishes (µ-Slide 8 well, µ-dish 35mm) were purchased from ibidi (Martinsried, 

Germany) and cell culture dishes for cell proliferation assays (6/12/24-well plates) from 

Corning (Corning, USA). 

3.1 Hardware and equipment 

The hardware and equipment used in this study are listed in table 3.1.  

 
Table 3.1  Hardware and equipment 

Equipment Model Company 
CO2 Incubator HERAcell 240 CO2 

Incubator 

Thermo Fisher Scientific 

(Waltham, USA) 

Centrifuge, cooling Multifuge X3R Thermo Fisher Scientific 

(Waltham, USA) 

Centrifuge, (Microcentrifuge) Hereaus pico Thermo Fisher Scientific 
(Waltham, USA) 

Centrifuge, cooling (Microcentrifuge) Heraeus fresco Thermo Fisher Scientific 

(Waltham, USA) 

Cytometer Celigo Nexcelom (Lawrence, USA) 

Electroporation Device Gene Pulser XcellTM BioRad Laboratories 

(München, Germany) 

Electrophoresis Power Supply Power Supply 

EV231 

Peqlab  

(Erlangen, Germany) 

Flow Cytometer BD FACSCantoTM II Becton Dickinson 

(Franklin Lakes, USA) 

Chemiluminiscence Imaging System Fusion-SL-3500.WL Vilber Lourmat  

(Collégien, France) 

Thermomixer Thermomixer 
Comfort R 

Eppendorf  
(Hamburg, Germany) 
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Heating Block TDB-120 Dry Block 

Thermostat 

Biosan 

(Riga, Latvia) 

Laboratory Scale Sartorius Research 
R200D 

Sartorius  
(Göttingen, Germany) 

Live Cell Microscope Delta Vision ELITE© GE Healthcare 

(Chalfont St. Giles, UK) 

Live Cell Microscope camera PCO Edge sCMOS PCO 

(Kelheim, Germany) 

Magnetic Mixer IKAMAG© RCT IKA Labortechnik  

(Stauffen, Germany) 

Microscope Zeiss Axio Imager 

Z1 

Zeiss 

(Oberkochen, Germany) 

Microscope, fluorescence AF6000 Leica  
(Wetzlar, Germany) 

Microscope camera DFC360FX 

 

Hamamatsu 1394 

ORCA-II ER 

Leica  

(Wetzlar, Germany) 

Hamamatsu Photonics 

(Hamamatsu, Japan) 

Molecular Combing Device FiberComb® system Genomic Vision 

(Bagneux, France) 

Mounting Medium VECTASHIELD Vector Laboratories 

(Peterborough, UK) 

Multilabel Plate Reader  Victor© X3 PerkinElmer  

(Rodgau, Germany) 

Pipettor Pipetboy acu Integra Biosciences 

(Fernwald, Germany) 

Pipettes Pipetman© Gilson  

(Middleton, USA) 

Sonicator Bioruptor Deganode 

(Belgium) 

Vortex Mixer VORTEX-GENIE© 2 Scientific Industries 

(Bohemia, USA) 

Western Blotting System, wet Mini Trans-Blot Cell BioRad Laboratories 

(München, Germany) 

Workbench, sterile HERAsafe® Thermo Fisher Scientific 
(Waltham, USA) 
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3.2 Software 

Table 3.2 indicates the software used in this study. 

 
Table 3.2  Software 

Software (version) Company 
BD FACSDivaTM  Becton Dickinson (San Jose, 

USA) 

Celigo Software (2.0) Nexcelom (Lawrence, USA) 

FiberStudio® Genomic Vision (Bagneux, 
France) 

Fiji NIH Image (Bethesda, USA) 

Graph Pad Prism (9.0) GraphPad (San Diego, USA) 

Hokawo Launcher (2.1) Hammamatsu Photonics 

(Hammamatsu, Japan) 

Leica LAS-AF (2.7.3.9) Leica (Wetzlar, Germany) 

softWoRx© (6.0)  GE Healthcare (Chalfont St. 

Giles, UK) 

3.3 Chemicals 

All standard chemicals not mentioned in the list were obtained from AppliChem 

(Darmstadt, Germany), Becton Dickinson (Franklin Lakes, USA), Carl Roth (Karlsruhe, 

Germany), Enzo Life Sciences (New York, USA), Merck Millipore (Burlington, USA), 

Promega (Fitchburg, USA), Roche Diagnostics (Basel, Switzerland), Sigma-Aldrich 

(Taufkirchen, Germany), Thermo Fisher Scientific (Waltham, USA) and TH. Geyer 

(Renningen, Germany). 

Further used chemicals in this study are indicated in table 3.3. 
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Table 3.3  Chemicals 
Chemical Concentration Company Effect 
2‘-deoxyadenosine 
monohydrate 

20 µM Santa Cruz (Dallas, USA) Nucleoside 

supplementation (Wilhelm 
et al., 2014) 

2‘-deoxyguanosine 
monohydrate 

20 µM Santa Cruz (Dallas, USA) Nucleoside 

supplementation (Wilhelm 

et al., 2014) 

2’-deoxycitidine 
hydrochloride 

20 µM Santa Cruz (Dallas, USA) Nucleoside 

supplementation (Wilhelm 

et al., 2014) 

5-chloro-2‘-
deoxyuridine (CldU) 

100 µM Sigma-Aldrich (Taufkirchen, 

Germany) 

Thymidine analogue 

5-iodo-2‘-
deoxyuridine (IdU) 

100 µM Sigma-Aldrich (Taufkirchen, 
Germany) 

Thymidine analogue 

adriamycin 600 nM TH. Geyer (Renningen, 

Germany) 

DNA damage induction 

AICAR 20 µM Sigma-Aldrich (Taufkirchen, 

Germany) 

RAD52 inhibitor 

aphidicolin 20 – 10,000 nM Santa Cruz (Dallas, USA) DNA polymerases α and 

δ, ϵ and ζ inhibitor 

B02 20 µM Selleckchem (Texas, USA) RAD51 inhibitor 

BI-2536 0.05 µM Selleckchem (Texas, USA) PLK1 inhibitor 

BML-277 1 µM Selleckchem (Texas, USA) CHK2 inhibitor 

bleomycin sulfate 0.15 – 5 µg/ml Selleckchem (Texas, USA) DNA damage induction 

BlockAid  Thermo Fisher Scientific 

(Waltham, USA) 

Blocking solution for DNA 

combing 

Click-iTTM EDU 
Alexa Fluor 488 kit 
(#C10337) 

 Invitrogen (Waltham, USA) EdU labeling (IF) 

Dimethylenasteron 2 µM Calbiochem (La Jolla, USA) Kinesin Eg5 inhibitor, 

inhibits bipolar spindle 

formation 

DNA extraction kit 
(EXT-001) 

FiberPrep® Genomic Vision (Bagneux, 

France) 

DNA extraction for DNA 

combing 

ETP-46464 1 µM Absource (Munich, 

Germany) 

ATR inhibitor 

Hoechst33342 0,8 µM Invitrogen (Carlsbad, USA) Visualizing DNA 
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KU-60019 3 µM Selleckchem (Texas, USA) ATM inhibitor 

Mirin 20 µM Merck (Darmstadt, 

Germany) 

MRE complex inhibitor 

(MRE11 exonuclease 
activity) 

MLN-8054 0.05 µM Selleckchem (Texas, USA) Aurora-A inhibitor 

Nu7441 10 µM Selleckchem (Texas, USA) DNA-PKcs inhibitor 

PF477736 0.1 µM Sigma-Aldrich (Taufkirchen, 

Germany) 

CHK1i 

RO-3306 1 µM Santa Cruz (Dallas, USA) CDK1 inhibitor 

taxol 0.2 nM Sigma-Aldrich (Taufkirchen, 

Germany) 

Stabilization of 

microtubules 

thymidine 2 mM;  

20 µM 

 

Santa Cruz (Dallas, USA) Synchronization in G1/S-

phase; Nucleoside 

supplementation (Wilhelm 
et al., 2014) 

UCN-01 1 µM TH. Geyer (Renningen, 

Germany) 

CHK1 inhibitor 

XL413 
hydrochloride 

0.5 - 1 µM Tocris (Bristol, GB) CDC7 inhibitor 

ZM-447439 0.5 µM Selleckchem (Texas, USA) Aurora-B inhibitor 

3.4 Primary antibodies 

Table 3.4 lists the primary antibodies indicating host species, clonality, their application 

and dilutions. (WB: western blot; IF: immunofluorescence; FC: flow cytometry) 

 
Table 3.4  Primary antibodies 

Antigen (clone) Host 
species 

Clonality Application Dilution Cat. # Company 

ATM (G12) mouse monoclonal WB 1:200 sc-
377293 

Santa Cruz 
(Texas, USA) 

ATR rabbit polyclonal WB 1:1000 #2790 Cell Signaling 

Technologies 

(Danvers, 

USA)  

BLM (C-18) goat monoclonal IF 1:500 sc-7790 Santa Cruz 

(Texas, USA) 
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BrdU/ CldU 
(BU1/75) 

rat monoclonal IF 1:10 ab6326 Abcam 

(Cambridge, 
UK) 

BrdU/ IdU (B44) mouse monoclonal IF 1:10 BD3475

80 

Becton 

Dickinson 

(Franklin 

Lakes, USA) 

CENP-C guinea 

pig 

polyclonal IF 1:1000 PD030 MBL 

(Woburn, 

USA) 

CHK1 
(6F5) 

mouse monoclonal WB 1:2000 MA1-
23336 

Thermo Fisher 
Scientific 

(Waltham, 

USA) 

CHK2 (DCS-270) mouse monoclonal WB 1:500 sc-

56296 

Santa Cruz 

(Texas, USA) 

Histone H2A rabbit polyclonal WB 1:1000 ab1825

5 

Abcam 

(Cambridge, 

UK) 

FANCD2 rabbit polyclonal IF 1:500 NB100-

182 

Novus 

Biologicals 
(Littleton, 

USA) 

MPM-2 mouse monoclonal FC 1:1600 #05-368 Merck Millipore 

(Burlington, 

USA) 

MRE11 (12D7) mouse monoclonal WB 1:1000 ab214 Abcam 

(Cambridge, 

UK) 

Phospho (Thr288)-
AuroraA, Phospho 
(Thr232)-AuroraB, 
Phospho (Thr198)-
Aurora C (D13A11) 

rabbit monoclonal WB 1:2000 #2914 Cell Signaling 

Technologies 
(Danvers, 

USA) 

Phospho(Ser139)- 
H2A.X 
(JBW301) 

mouse monoclonal WB 1:2000 #05-636 Merck Millipore 

(Burlington, 

USA) 
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Phospho(Thr1989)
-ATR 

rabbit polyclonal WB 1:1000 GTX128

145 

GeneTex 

(Irvine, USA) 

Phospho(Ser33)-
RPA32 

rabbit polyclonal WB 1:2000 A300-
246A 

Bethyl 
(Montgomery, 

USA) 

Phospho(Ser345)-
CHK1 
(S.48.4) 

rabbit monoclonal WB 1:2000 MA5-

15145 

Thermo Fisher 

Scientific 

(Waltham, 

USA) 

Phospho(Thr68)-
CHK2 

rabbit polyclonal WB 1:1000 #2661 Cell Signaling 

(Danvers, 
USA) 

POLD3 (3E2) mouse monoclonal WB 1:500 H00010

714-

M01 

Novus 

Biologicals 

(Littleton, 

USA) 

RAD52 (F-7) mouse monoclonal WB 1:1000 sc-

365341 

Santa Cruz 

(Texas, USA) 

RPA32 
(9H8) 

mouse monoclonal WB 1:2000 ab2175 Abcam 

(Cambridge, 

UK) 

ssDNA  mouse monoclonal IF 1:5 AB 
108051

44 

DSHB 
(Iowa, USA) 

α-Tubulin (B-5-1-
2) 

mouse monoclonal IF 1:700 sc-5286 Santa Cruz 

(Dallas, USA) 

β-actin  
(AC-15) 

mouse monoclonal WB 1:20000 A5441 Sigma-Aldrich 

(Taufkirchen, 

Germany) 

γ-tubulin (GTU-88) mouse monoclonal IF 1:500 T6557 Sigma-Aldrich 

(Taufkirchen, 
Germany) 
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3.5 Secondary antibodies 

Secondary are listed in table 3.5. 

 
Table 3.5  Secondary antibodies 

Antigen Host 
species 

Clonality Conjugate Application Dilution Company 

Anti-
Guinea 
Pig 

goat polyclonal Alexa-
Fluor594 

IF 1:1000 Invitrogen 
(Carlsbad, USA) 

Anti-
Mouse 

goat polyclonal Alexa-

Fluor488 

IF 

FC 

1:1000 

1:2000 

Invitrogen 

(Carlsbad, USA) 

Anti-
Mouse 

goat polyclonal Alexa-

Fluor594 

IF 1:1000 Invitrogen 

(Carlsbad, USA) 

Anti-
Rabbit 

goat polyclonal Alexa-

Fluor594 

IF 1:1000 Invitrogen 

(Carlsbad, USA) 

Anti-
Rabbit 

goat polyclonal Alexa-

Fluor488 

IF 1:1000 Invitrogen 

(Carlsbad, USA) 

Anti-
Mouse 

goat polyclonal Horseradish 
Peroxidase 

WB 1:10000 Jackson 
ImmunoResearch 

(Baltimore Pike, 

USA) 

Anti-
Rabbit 

goat polyclonal Horseradish 

Peroxidase 

WB 1:10000 Jackson 

ImmunoResearch 

(Baltimore Pike, 

USA) 

Anti-
mouse 

goat polyclonal Cy3.5® IF 1:25 Abcam 

(Cambridge, UK) 

Anti-rat goat polyclonal Cy5® IF 1:25 Abcam 
(Cambridge, UK) 

Anti-
mouse 

goat polyclonal BV480 IF 1:25 Becton Dickinson 

(San Jose, USA) 
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3.6 Plasmids 

Table 3.6 lists plasmids used for transfection in this study. 

 
Table 3.6  Plasmids 

Vector Purpose Reference 
pEGFP-EB3 CMV-promotor driven expression 

of GFP-tagged EB3 to visualize 
microtubule polymerization rates 

Kindly provided by Prof. Linda Wordemann 

(Seattle, USA) 

pcDNA3.1 CMV-promotor driven empty 

vector for human cells 

Invitrogen (Carlsbad, USA) 

pCMV6-Myc-
FLAG-GINS1 

CMV-promotor driven expression 

of GINS1 

OriGene Technologies, Inc. (Rockville, USA) 

pCMV-Flag-Plk4 CMV-promotor driven expression 

of PLK4 

Kindly provided by Dr. Ingrid Hoffmann 

(Heidelberg, Germany) 

3.7 siRNAs 

Table 3.7 lists siRNA used for siRNA mediated knockdowns used in this study. 

 
Table 3.7  siRNAs 

Target gene Sequence Reference 
ATM 5’-AAUGUCUUUGAGUAGUAUG-3’ 

 

Caporali et al., 2018 

ATR 5´-CCTCCGTGATGTTGCTTGA-3´ 

 

Head et al., 2017 

LUCIFERASE 5'-CUUACGCUGAGUACUUCGAUU-3' Tietze et al., 2008 

MRE11 5´-ACAGGAGAAGAGATCAACT-3´ Chai et al., 2006 

POLD3 5’-UGGCAUUAUGUCUAGGACUAA-3’ 

 

Garribba et al., 2020 
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3.8 Cell lines 

Table 3.8 lists all human cell lines in this study including their origin and source. 

 
Table 3.8  Cell lines 

Cell line Origin Source W-CIN status 
DLD-1 Colon carcinoma ATCC 

(Manassas, USA) 

negativ 

HCT 116 Colon carcinoma ATCC 
(Manassas, USA) 

negativ 

HT29 Colon carcinoma ATCC 

(Manassas, USA) 

positiv 

SW620 Colon carcinoma ATCC 

(Manassas, USA) 

positiv 

SW480 Colon carcinoma ATCC 

(Manassas, USA) 

positiv 

RPE-1 hTERT Retinal pigment 

epithel 

Kindly provided by Prof. Dr. Zuzana 

Storchova (University of Kaiserslautern) 

non-cancerous; 

negativ 

RKO Colon carcinoma ATCC 

(Manassas, USA) 

negativ 

3.9 Cell biological methods 

3.9.1 Cell cultivation and treatments 

DLD-1, HCT116, HT29, SW620, SW480 and RKO cells were all cultured in Roswell 

Park Memorial Institute (RPMI) 1640 (PAN-Biotech GmbH, Aidenach, Germany) 

supplemented with 10 % (v/v) fetal calf serum (FCS) (Gibco, Karlsruhe, Germany) and 

1 % (v/v) pen/strep (100 µg/ml streptomycin, 100 units/ml penicillin) (PAN-Biotech 

GmbH, Aidenach, Germany). 

RPE-1 hTERT cells were cultured in DMEM/F12 (PAN-Biotech GmbH, Aidenach, 

Germany) supplemented with 10 % (v/v) fetal calf serum (FCS) (Gibco, Karlsruhe, 

Germany) and 1 % (v/v) pen/strep (100 µg/ml streptomycin, 100 units/ml penicillin) 

(PAN-Biotech GmbH, Aidenach, Germany) and 0.35 % (w/v) NaHCO3. 

All cell lines were cultivated at 37 °C and 5 % CO2. Every two days the cells were 

passaged by washing once with 1x PBS, trypsinizing the cells using Trypsin/EDTA 
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(Lonza Group, Basel, Schweiz). Once in suspension, the appropriate dilution of the 

cells was then passaged to a new 10 cm culture dish containing fresh medium. 

For storage, cells were harvested and resuspended in RPMI1640 or DMEM/F12 

supplemented with 20 % (v/v) FCS and 10 % (v/v) DMSO, transferred into a cryogenic 

tube, and gradually cooled down to -80 °C. For long term storage, cells were 

transferred and stored in liquid nitrogen. 

Cells were treated with different concentrations (20 - 10,000 nM) of aphidicolin for 

different periods of time as indicated to experimentally induce various levels of RS. 

Cells were treated with 600 nM adriamycin for 24 hours or bleomycin (0.2 - 5 µg/ml) 

for indicated time periods to experimentally induce DNA damage. Cells were treated 

with 0.2 nM taxol for 24 hours (Ertych et al., 2014) to restore abnormal microtubule 

polymerization rates.  

For nucleoside supplementation, cells were treated with medium containing 20 µM 2ʹ-

Deoxyadenosine monohydrate, 20 µM 2ʹ-Deoxycitidine hydrochloride, 20 µM 

Thymidine and 20 µM 2ʹ-Deoxyguanosine monohydrate for 48 hours (Wilhelm et al., 

2014). 

3.9.2 Cell cycle synchronization 

Cell cycle synchronization at the G1/S transition of the cell cycle was achieved by using 

a double thymidine block protocol. For this, asynchronous cells were treated with 2 mM 

thymidine for 16 hours. After washing out the first thymidine block five times (total 

washing time 30 min) with prewarmed medium without thymidine, cells were grown for 

8 hours in fresh culture medium. Subsequently, cells were treated a second time with 

2 mM thymidine for another 16 hours.  

To accumulate cells at different stages of the cell cycle, after another washing step 

(five times, for 30 min in total with pre-warmed medium), cells were released in fresh 

medium (with different treatments if indicated). 
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3.9.3 Transfection of human cells 

3.9.3.1 siRNA transfection using ScreenFect®siRNA 

Asynchronous cells were seeded into 6-well plates with a confluency of about 75 %. A 

master mix containing 30 µl dilution buffer (ScreenFect, Germany) and 4 µl transfection 

reagent (ScreenFect, Germany) was mixed well with a second master mix containing 

60 pmol siRNA and 30 µl dilution buffer (ScreenFect, Germany) and incubated for 15 

min at RT. In the meanwhile, cells were washed once with PBS and 1.5 ml fresh culture 

medium without penicillin and streptomycin was added to the cells. Medium was 

changed the following day and experiments were performed 48 hours post 

transfection. 

3.9.3.2 Plasmid transfection via electroporation 

Asynchronous cells were harvested and pelleted (centrifuged for 5 min at 1500 rpm), 

before 1 x 106 cells were resuspended in 400 µl fresh culture medium. 15 - 30 µg of 

plasmid DNA was then transferred and mixed with the cell suspension in a 4 mm 

cuvette. For transfecting HCT 116 and SW620 cells, electroporation was performed at 

300 V and 500 µF; for transfecting HT29, SW480 and RPE-1 hTert cells, 

electroporation was performed at 220 V and 950 µF using a Gene Pulser XcellTM 

(BioRad Laboratories, Germany) electroporation device. After electroporation, cells 

were transferred into 6-well plates with fresh medium without pen/strep. Medium was 

exchanged after 4 hours. Experiments were performed 48 hours after transfection. 

3.9.3.3 Plasmid transfection using ScreenFect®A 

Asynchronous cells were seeded into 6-well plates with a confluency of about 75 %. 

30 µl of dilution buffer (ScreenFect, Germany) and 6 µl ScreenFect®A (ScreenFect, 

Germany) was mixed well with a second master mix containing 1.5 - 3 µg plasmid DNA 

and 30 µl dilution buffer (ScreenFect, Germany) and incubated for 15 min at RT. During 

incubation time, cells were washed once with PBS and 1.5 ml fresh culture medium 

without penicillin and streptomycin was added to the cells. Afterwards, the transfection 

mix was added to the cells and incubated over night at 37 °C and 5 % CO2. Medium 
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was changed the next day and experiments were performed 48 hours after 

transfection. 

3.9.3.4 Plasmid transfection using LipofectamineTM 3000 Transfection Reagent 

Asynchronous growing cells were seeded into 6-well plates with a confluency of about 

65 %, 16 hours before transfection. A master mix containing 125 µl Opti-MEMTM 

medium (Gibco, Germany), 5 µl P3000TM enhancer reagent (Thermo Fisher, USA) and 

2.5 µg plasmid DNA was mixed and resuspended with a second master mix containing 

125 µl Opti-MEMTM medium (Gibco, Germany), 6.25 µl LipofectamineTM 3000 

transfection reagent (Thermo Fisher, USA) and incubated for 15 min at RT. In the 

meanwhile, cells were washed once with PBS and 2 ml fresh medium per well was 

added to the cells. Subsequently, the transfection mix was added dropwise onto the 

cells for at least 4 hours or ON. The following day the medium was aspirated, and fresh 

medium was added. Experiments were performed 48 hours after transfection. 

3.9.4 Immunoflourescence microscopy 

Cells were grown on glass slides and fixed for immunofluorescence microscopy 

experiments, by treatment with 2 % (w/v) PFA at RT for 5 min, followed by treatment 

with ice-cold methanol for another 5 min at -20 °C. Subsequently the slides were 

washed once with PBS and blocked by adding blocking solution (5 % (v/v) FCS in PBS) 

for 30 min at RT. After washing once with PBS, primary antibodies diluted in staining 

solution (2 % (v/v) FCS in PBS) were added to the slides and incubated at least 1.5 

hours at RT in a wet chamber. Afterwards, the slides were washed three times for 5 

min with PBS and incubated with fluorescence-conjugated secondary antibodies 

diluted in staining solution for 1.5 hours at RT in a wet chamber. Slides were then 

washed once in PBS and incubated in Hoechst33342 (1:20,000 in PBS) for 10 min at 

RT. Afterwards, the slides were washed four times for 5 min with PBS and once with 

water. Slides were then air dried and mounted with VectaShield (Vector Laboratories, 

Peterborough, UK) on object slides and sealed with nail polish. Fixed cells were 

analyzed using a Leica AF6000 fluorescence microscope equipped with a DFC360FX 

camera (Leica, Wetzlar, Germany). Images were acquired with immersion oil 
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objectives with 60x magnification, if not stated otherwise. Processing of the images 

was performed using Leica LAS-AF software. 

3.9.4.1 Quantification of total pATM intensity 

For the quantification of total pATM intensity via IF, cells were seeded on glass slides 

in 24 well-plates. After treatment for 24 hours with indicated conditions, cells were fixed 

for 10 min with 4 % (w/v) PFA, washed twice with PBS and permeabilized with 0.5 % 

(v/v) TritonX-100 in PBS for further 10 min. After washing twice with PBS, slides were 

blocked with 3 % BSA in PBS for 30 min at room temperature. After washing with PBS, 

primary antibody solutions (pATM: ATM-phospho Ser1981, ab81292 EP1890Y, 1:400, 

rabbit) diluted in 1 % (w/v) BSA in PBS were added to the slides and incubated ON at 

4 °C. Afterwards slides were washed three times in PBS and secondary antibody 

solution (goat anti-rabbit-594 diluted 1:1000 in 1 (w/v) % BSA in PBS) was added to 

the slides for 1 hour at room temperature. After that, slides were washed once in PBS 

and DNA was stained by incubating the slides for 5 min with Hoechst33342 (1:10,000 

in PBS) at RT. Cells were washed three times in PBS, air dried and mounted on glass 

slides. 

Z-stack (each 0.5 µm) pictures of whole nuclei were taken using a Leica AF6000 

microscope with immersion oil objectives with 100x magnification. Quantification of 

immunofluorescence signal was performed automatically using a FIJI macro of max 

projection images. Masking of the cells was performed automatically using the 

Hoechst33342 average projection signal and was quality controlled by manually 

checking. Background intensity was manually set by choosing an area with no specific 

nuclei staining. 

Total intensity of max projection was then calculated by using the formula: 

Total intensity = area x (mean intensity – background intensity).  

Values were normalized by using the untreated condition as the normalizing standard. 

3.9.4.2 Determination of lagging chromosomes and acentric chromosomes fragments 

To detect lagging chromosomes, cells growing on glass slides were first accumulated 

in anaphase performing a double thymidine block (3.9.2). Cells accumulated in 

anaphase were first fixed by treatment with 2 % (w/v) PFA at RT for 5 min, followed by 
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treatment with ice-cold methanol for another 5 min at -20 °C and then stained with a 

primary antibody mix containing anti-α-tubulin- (1:700 in 2 % (v/v) FCS in PBS; Santa 

Cruz, Dallas, USA) and anti-CENP-C- (1:1000 in 2 % (v/v) FCS in PBS; MBL, Woburn, 

USA) antibodies. Further, secondary antibody staining was performed as described in 

3.9.4. Lagging chromosomes were defined as CENP-C positive chromosomes clearly 

separated from the DNA masses. Acentric chromosome fragments were defined as 

CENP-C negative DNA, separated from the two DNA masses. 

3.9.4.3 EdU staining of metaphase cells 

To detect EdU signals, asynchronously growing cells were grown on glass slides, and 

treated if indicated, for 16 hours with aphidicolin (100 – 400 nM). In the last 6 hours of 

this treatment, 7 µM of RO-3306 was added to the cells in order to arrest them in G2. 

Afterwards, cells were washed three times for 5 min with pre-warmed PBS (37 °C). 

After washing, prewarmed medium supplemented with 20 μM EdU was added to the 

cells and cells were incubated for one hour at 37 °C. EdU staining was performed using 

the Click-IT EdU Alexa Fluor 488 kit (Thermo Fisher, #C10337) according to the 

manufacturer instructions. Afterwards, cells were washed three times in PBS for 10 

minutes, before performing Hoechst33342 staining (1:20,000 in PBS) for 10 min. 

Slides were mounted using VectaShield (Vector Laboratories, Peterborough, UK) and 

EdU foci in metaphase cells were counted. 

3.9.4.4 Detection of FANCD2 foci in prometaphase cells 

To detect FANCD2 foci, cells were grown asynchronously and fixed as previously 

described in 3.9.4. After washing with PBS, staining with FANCD2 antibody (1:500 in 

2 % (v/v) FCS in PBS) was performed for 1.5 hours at RT. After 3 washing steps with 

PBS, cells were incubated with the appropriate secondary antibodies conjugated to 

Alexa-Fluor488 (1:1000 in 2 % (v/v) FCS in PBS) for 1 hour at RT. Subsequently, DNA 

was stained with Hoechst33342 (1:20,000 in PBS) for 5 min at RT. Finally, cells were 

washed three times with PBS, dried and mounted onto glass slides with VectaShield 

(Vector Laboratories, Burlingame, USA). FANCD2 foci in prometaphase cells were 

counted. 
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3.9.4.5 Determination of centrosome amplification 

To detect centrosome amplification, cells were fixed cells on glass slides as described 

previously in 3.9.4. Cells were stained with a primary antibody mix containing α-tubulin-

(1:700 in 2 % (v/v) FCS in PBS) and γ-tubulin- (1:500 in 2 % (v/v) FCS in PBS) 

antibodies to stain spindles and centrosomes, respectively. Cells were incubated for 

1.5 hours at RT. After 3 washing steps with PBS, cells were incubated with appropriate 

secondary antibodies conjugated to Alexa-Fluor488 and Alexa-Fluor-594 (both 1:1000 

in 2 % (v/v) FCS in PBS) for 1 hour at RT. Subsequently, DNA was stained with 

Hoechst33342 (1:20,000 in PBS) for 5 min at RT. Finally, cells were washed three 

times with PBS, dried and mounted onto glass slides with VectaShield (Vector 

Laboratories, Burlingame, USA). As a positive control, HCT116 cells were transfected 

with pCMV-Flag-Plk4 to induce centrosome amplification. At least 100 interphase cells 

were analyzed per sample. Cells with more than two centrosomes were defined as 

cells with supernumerary centrosomes. 

3.9.4.6 Determination of ultra-fine anaphase bridges 

To detect UFBs, cells were fixed on glass slides as described in 3.9.4 and BLM was 

detected by using BLM antibody (1:500 in 2 % (v/v) FCS in PBS). Cells were incubated 

for 1.5 hours at RT. After 3 washing steps with PBS, cells were incubated with 

appropriate secondary antibodies conjugated to Alexa-Fluor488 (1:1000 in 2 % (v/v) 

FCS in PBS) for 1 hour at RT. Subsequently, DNA was stained with Hoechst33342 

(1:20,000 in PBS) for 5 min at RT. Finally, cells were washed three times with PBS, 

dried and mounted onto glass slides with VectaShield (Vector Laboratories, 

Burlingame, USA). At least 100 anaphase cells were determined per sample. 

3.9.5 Analysis of microtubule plus-end assembly rates 

In order to analyze microtubule plus-end assembly rates, EB3-GFP was tracked in 

monopolar spindles via fluorescence live cell imaging. For this, cells were transfected 

48 hours prior to the measurement with pEGFP-EB3 plasmid DNA via electroporation 

(3.9.3.2). The following day, cells were seeded onto ibidi dishes (Ibidi, Martinsried, 

Germany) and fresh medium was added to the cells. 1 hour prior to the measurement 
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RPMI1640 medium without phenol red (PAN-Biotech GmbH, Aidenach, Germany) 

supplemented with 10 % (v/v) FCS (Gibco, Karlsruhe, Germany) and 1 % (v/v) 

pen/strep (100 µg/ml streptomycin, 100 units/ ml penicillin) (PAN-Biotech GmbH, 

Aidenach, Germany) containing 2 µM DME to arrest cells at the same phase in mitosis 

was added to the cells. Live cell imaging was performed at 37 °C and 5 % CO2 using 

a Delta Vision Elite microscope equipped with a PCO Edge sCMOS camera. Images 

were recorded every two seconds for 30 seconds per cell (16 frames) with a 60x 

magnification (z-stacks: 0.4 µm). Afterwards, images were deconvolved and analyzed 

using the softWoRx® 6.0 software. 

To calculate microtubule plus-end assembly rates, the distance of GFP signal on one 

plus tip between two frames was measured. Average assembly rates were calculated 

from 20 individual microtubules per cell. Ten cells were analyzed in total in one 

independent experiment. Three independent experiments were performed for each 

condition. 

To address effects of specific inhibitors on particular phases of the cell cycle and its 

impact on microtubule assembly rates during mitosis, asynchronous cells were treated 

with appropriate inhibitors or drugs at different timepoints and were washed out, if 

reversible, by washing the cells 5 times for 30 min in total with fresh medium. 

Afterwards, the cells were incubated further with fresh medium for corresponding time 

as illustrated in Figure 4.4A and 4.5A to ensure that all cells treated within the cell cycle 

phase of interest are at the timepoint of measurement passed to mitosis. 1 hour prior 

to the measurement RPMI1640 medium without phenol red (PAN-Biotech GmbH, 

Aidenach, Germany) supplemented with 10 % (v/v) FCS (Gibco, Karlsruhe, Germany) 

and 1 % (v/v) pen/strep (100 µg/ml streptomycin, 100 units/ ml penicillin) (PAN-Biotech 

GmbH, Aidenach, Germany) containing 2 µM DME was added to the cells. 

3.9.6 DNA combing and fiber assay 

To analyze DNA replication fork progression as well as origin firing rates, DNA combing 

was performed. Therefore, asynchronously growing cells in 10 cm culture dishes with 

a confluency of about 60 - 80 % were pre-treated (e.g., aphidicolin, CDC7i) if necessary 

1 hour before labeling. After aspirating the medium, prewarmed medium with indicated 

treatment conditions and 100 µM CldU was added to the cells and incubated in the 
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CO2 incubator at 37 °C for exactly 30 min. After incubation, the cells were washed 5 

times with pre-warmed PBS. Subsequently, prewarmed medium with indicated 

treatment conditions and 100 µM IdU was added for another 30 min to the cells and 

incubated as before. After the second incubation step, cells were washed 3 times with 

cold PBS, trypsinized and diluted in suspension with 10 ml of cold PBS. Cell 

concentration was determined using a Neubauer counting chamber and 100,000 to 

200,000 cells were resuspended in 45 µl of buffer 1 (suspension buffer, DNA extraction 

kit; Genomic Vision, Bagneux, France). The cell suspension was heated up for 10 

seconds in a 50 °C heating block and 45 µl of prewarmed buffer 2 (plug buffer, DNA 

extraction kit; Genomic Vision, Bagneux, France) was added to the cell suspension 

and homogenized. Subsequently, the cell suspension was dispensed in a DNA plug 

mold chamber and solidified by incubation at 4 °C for 1-2 hours. The solidified plug 

was afterwards incubated ON at 50 °C in a 1:10 dilution of component 3 (proteinase) 

and buffer 3 (proteinase buffer, DNA extraction kit; Genomic Vision, Bagneux, France). 

Afterwards, the solidified plug was washed 3 times for 1 hour in buffer 4 (DNA 

extraction kit; Genomic Vision, Bagneux, France) diluted 1:100 in nuclease free DEPC 

water. After this washing step, the plug was transferred in 1 ml buffer 7 (combing buffer, 

DNA extraction kit; Genomic Vision, Bagneux, France) and incubated at 68 °C for 

20 min and subsequently incubated at 42 °C. After 10 min, 1.5 µl of component 7 µl 

(agarase, DNA extraction kit; Genomic Vision, Bagneux, France) was added and 

incubated over night at 42 °C. 

1 ml of buffer 7 (combing buffer, DNA extraction kit; Genomic Vision, Bagneux, France) 

was filled up with the incubated DNA solution in disposable reservoirs (Genomic 

Vision, Bagneux, France) and set into the molecular combing device (FiberComb® 

system, Genomic Vision, Bagneux, France). DNA was then combed on engraved 

combi coverslips (Genomic Vision, Bagneux, France) at a constant speed of 300 µm/s. 

DNA strands are combed with a constant stretching factor of 2 kb/µm. The coverslips 

were then incubated at 60 °C in dark for 2 hours and afterwards incubated in 

denaturation solution (0.5 M NaOH, 1 M NaCl in DEPC water) for 8 min at room 

temperature. The coverslips were then washed three times for 3 min in PBS. Air-dried 

coverslips were blocked with block aid for 30 min at 37 °C in a wet chamber. 

Subsequently, the coverslips were incubated at 37 °C for 1 - 2 hours in a wet chamber 
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with a primary antibody mix containing BrdU/CldU (1:10; rat) and BrdU/IdU (1:10; 

mouse) antibodies in block aid. Afterwards the coverslips were washed 3 times for 5 

min in PBS-T (0.05 % Tween 20 in PBS) and subsequently incubated at 37 °C for 1 

hour in a wet chamber with a secondary antibody mix containing anti-rat-Cy5 and anti-

mouse-Cy3.5 conjugated antibodies (1:25 each) in blocking aid. Afterwards, the 

coverslips were washed 3 times for 5 min in PBS-T and subsequently incubated at 

37°C for 1 hour in a wet chamber with a ssDNA primary antibody (1:5; mouse) in block 

aid. Afterwards, the coverslips were washed 3 times for 5 min in PBS-T (0.05% Tween 

20 in PBS) and subsequently incubated for at 37 °C for 1 hour in a wet chamber with 

anti-mouse-BV480 conjugated secondary antibody (1:25) in blocking aid. After 

washing 3 times for 5 min in PBS-T, the coverslips were dehydrated in a succession 

of increasing ethanol dilutions (70 %, 90 % and 100 % (v/v) in H2O) for 1 min each and 

air dried subsequently. For visualization, the EasyScan service (Genomic Vision, 

Bagneux, France) was utilized and analyzed by using the FiberStudio® software 

(Genomic Vision, Bagneux, France).  

For determining replication fork rate, about 300 unidirectional tracks were measured 

per sample. 

To analyze origin firing, the distance between two neighboring fired origins (inter-origin 

distance) of about 50 origin distances were measured per sample. 

3.9.7 Flow cytometric analysis and determination of mitotic index 

Pre-treated synchronized or unsynchronized cells were harvested by collecting the 

medium as well as adherent cells by detaching them with 0.5 mM EDTA in PBS. Cells 

were centrifuged at 1500 rpm for 5 min and pelleted cells were resuspended in 0.5 ml 

PBS. 2 ml ice-cold 70 % ethanol ((v/v) in H2O) was added dropwise to the cell 

suspension while vortexing. Subsequently, the cells were incubated 2 hours on ice and 

afterwards centrifuged for 5 min at 2500 rpm and washed once in wash solution 

(0.05 % (v/v) Triton-X-100 in PBS).  

For analyzing the mitotic index, cells were further stained with staining solution (0.2 % 

(v/v) Triton-X-100, 2 % FCS ((v/v) in PBS) containing MPM-2 antibody (1:1600, mouse) 

or γH2AX (1:200, mouse). Cells were incubated for 2 hours on ice and subsequently 

washed in wash solution. Afterwards cells were pelleted and resuspended in staining 
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solution containing anti-mouse-Alexa488 antibody (1:2000) and incubated for 1 hour 

on ice in the dark. Cells were subsequently washed once in washing solution, once in 

PBS, pelleted and resuspended in 100 µl RNAseA solution (DNAse-free RNAseA 

(1 mg/ml) in PBS) for 30 min at RT. 100 - 1000 µl DNA staining solution (1 µg/ml 

propidium iodide in PBS) was added to the cells.  

For analyzing the mitotic index, γH2AX and/ or cell cycle distribution, the BD 

FACSDivaTM software was used. 10,000 cells were analyzed per sample. 

3.9.8 Cell proliferation assay 

To determine cell proliferation, in total 5,000 cells were counted and transferred into a 

12-well plate on day 0 treated as indicated. Medium was changed every two days. Cell 

proliferation of the cells was automatically analyzed by measuring cell confluency at 

different time points using a Celigo Cytometer (Nexcelome, USA) with the Celigo 

software (2.0) (Nexcelome, USA). 

3.9.9 Preparation of protein lysates 

Cells were washed once with PBS before they harvested in 100 µl RIPA lysis buffer 

(1 % (v/v) Triton-X-100, 1 % (w/v) sodium deoxycholat, 0.1 % (w/v) SDS, 150 mM 

NaCl, 10 mM EDTA, 20 mM Tris-HCl pH 7.5, protease inhibitor cocktail EDTA-free 

(1:25) (Roche, Switzerland), phosphatase inhibitor cocktail (1:10) (Roche, 

Switzerland), 2 M Urea) using a cell scraper. Cell lysates were sonicated using a 

Bioruptor Sonicator (Diagenode, Belgium)., incubated for 20 min on ice, and 

subsequently centrifuged at full speed for 30 min. Supernatant containing proteins was 

stored at -20 °C. 

3.9.9.1 Determination of protein concentration 

For measuring protein concentration of the lysates Bio-Rad DCTM Protein Assay 

(BioRad, Hercules, USA) according to the manufacturer specifications was performed. 

Measurements were performed using a Victor® X3 microplate reader. 



 

  

 49 

3.9.9.2 Sodium dodecylsulfate polyacrylamide gel electrophoresis (SDS-PAGE) 

To separate total protein lysates, discontinuous SDS-PAGE was performed. Therefore, 

5x SDS buffer (50 % (v/v) glycerol, 15 % (v/v) β-mercaptoethanol, 15 % (w/v) SDS, 

0.25 % (w/v) bromphenol blue) was added to lysate containing 50 µg of total protein 

and incubated for 5 min at 95 °C to denature proteins. Afterwards, the lysates were 

loaded onto polyacrylamide gels consisting of 5 % stacking gel (300 nM TRIS-HCl pH 

6.8, 0.1 % (w/v) SDS, 5 % (v/v) Rotiphorese® Gel 30 (Carl Roth, Germany)) and 

resolving gel ranging from 6 % - 13 % (500 nM TRIS-HCl pH 8.8, 0.1 % (w/v) SDS, 

6 % - 13 % (v/v) Rotiphorese® Gel 30 (Carl Roth, Germany)). Additionally, 5 µl of 

PageRulerTM pre-stained protein ladder (Fermentas, St. Leon-Rot, Germany) or 

colored pre-stained protein standard (NEB, Ipswich, USA) was loaded onto the gels. 

Protein separation was performed for 1 hour at 28 mA and up to 3 hours at 45 mA 

using a SDS running buffer (25 mM TRIS-HCl ph 6.8, 192 mM glycine, 0.15 % (w/v) 

SDS). 

3.9.9.3 Western blotting  

For investigating proteins of interest, proteins were transferred onto nitrocellulose 

membrane by tank-blotting. Therefore, transfer was carried out in a tank blot device for 

3 hours at 450 mA by using blotting buffer (0.0025 % (w/v) SDS, 24.8 mM TRIS-HCl 

pH 8, 170 mM glycine, 15 % (v/v) methanol). 

3.9.9.4 Protein detection by chemiluminescence 

Following western blotting, membranes were blocked for 30 min at RT with 5 % (w/v) 

milk powder in TBS (50 mM TRIS-HCl pH 7.2, 160 mM NaCl) and washed twice with 

water shortly and once with TBS for 5 min. To detect the protein of interest, appropriate 

primary antibody was diluted in 3 % (w/v) BSA (Carl Roth, Germany) in TBS and 

incubated at 4 °C over-night while shaking. Following, the membrane was washed 

three times for 10 min each in TBS-T (0.1 % (v/v) Tween-20 in TBS). After washing, 

the membrane was incubated with an appropriate horseradish peroxidase (HRP) 

conjugated secondary antibody for 1 hour at RT. Afterwards, the membrane was 

washed three times for 10 min each in TBS-T and once in TBS. 
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Membranes were incubated for 90 s with 10 ml of chemiluminescence detection 

solution (2.5 mM luminol, 0.4 mM β-coumaric acid, 0.03 % (v/v) H2O2 in 0.1 mM Tris-

HCl pH 8.5). Chemiluminescence was then detected using a Fusion-SL-3500.WL 

(Vilber Lourmat, France) chemiluminescence imaging system. 

3.9.10 Karyotype analysis 

Single cell clones were cultured for 30 generations in different culture conditions as 

indicated. To perform karyotype spreads, medium containing 2 µM DME was added to 

the cells and incubated at 37 °C for 4 - 6 hours. Afterwards, the medium was collected, 

and adherent cells were detached with 0.5 mM EDTA in PBS and centrifuged for 5 min 

at 2,000 rpm at 4 °C. Pellets were then resuspended carefully in 750 µl hypotonic 

solution (40 % (v/v) appropriate medium, 60 % (v/v) H2O) and incubated for 10 - 15 

min at RT. Subsequently 250 µl of ice-cold fixative solution (methanol:glacial acetic 

acid, 3:1 (v/v)) was added and mixed by inverting. After centrifugation at 2,000 rpm for 

5 min, the supernatant was discarded, and cells were resuspended in 1 ml of fixative 

solution and incubated over night at -20 °C. The next day, cells were pelleted and 

resuspended in 200 - 500 µl acetic acid. The cell suspension in acetic acid was then 

released dropwise from a height of about 1 - 2 meters onto alcohol cleaned, ice-cold 

object slides. The object slides were then incubated on a heating block for 5 - 10 min 

at 42 °C. After air drying, the object slides were stained for 15 min in Giemsa staining 

solution (8 % (v/v) Giemsa (AppliChem, Darmstadt, Germany) in H2O). Afterwards the 

object slides were washed ten times with water, air dried and mounted with glass slides 

using Euparal (Carl Roth, Karlsruhe, Germany). Microscopy for karyotype analysis was 

performed by using Zeiss Axio Imager Z1 microscope (Zeiss, Oberkochen, Germany) 

equipped with a Hamamatsu 1394 ORCA-II ER camera (Hamamatsu Photonics, 

Hamamatsu, Japan) and chromosomes were counted using the Hokawo Launcher 2.1 

software (Hamamatsu Photonics, Hamamatsu, Japan). 
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3.10 Statistical analysis 

For all data, mean values as well as standard deviation (SD) were calculated using 

GraphPad Prism 9.0 software (Graph Pad, San Diego, USA). Statistical analyses were 

performed using unpaired t-tests. Significances are indicated as: ****: p ≤ 0.0001; ***: 

p ≤ 0.001; **: p ≤ 0.01; *: p ≤ 0.05 and ns (not significant): p > 0.05. 
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4. Results 

Peer-reviewed publication: 
Nicolas Böhly, Magdalena Kistner and Holger Bastians. (2019). Mild replication stress 

causes aneuploidy by deregulating microtubule dynamics in mitosis. Cell Cycle, 

18(2):2770-2783. doi: 10.1080/15384101.2019.1658477. 

 

I personally contributed to this publication the results presented in figures 1, 2, 3, 4, 

5a, 5d, 5e as well as supplemental figures S1 and S2. In the following sections, figures 

from this paper are referred to as paper figures P1-P5 and supplemental paper figures 

sP1-sP3 

 

This work provides the characterization of cancer relevant replication stress levels and 

describes these mild replication stress conditions as the relevant trigger for 

chromosome missegregation resulting in aneuploidy mediated by abnormally 

increased mitotic microtubule polymerization rates. 

 

Non-peer-reviewed pre-print manuscript: 
Ann-Kathrin Schmidt*, Nicolas Böhly*, Xiaoxiao Zhang*, Benjamin O. Slusarenko, 

Magdalena Henneke, Maik Kschischo and Holger Bastians. (2021). Dormant 

replication origin firing links replication stress to whole chromosomal instability in 

human cancer. bioRxiv, 2021.10.11.463929. 

doi: https://doi.org/10.1101/2021.10.11.463929 

 

*These authors contributed equally. 

 

I personally contributed to this publication the results presented in figures 2c, 2d, 3a 

3b, 5, 7a, 7b as well as supplemental figures S4c and S5. In the following sections, 

figures from this paper are referred to as manuscript figures M1-M7 and supplemental 

manuscript figures sM1-sM6. 

 

This work describes induced origin firing as a key mechanism to cause abnormally 

increased mitotic microtubule growth rates resulting in aneuploidy in human cancer. 
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The publication and manuscript are attached in the appendix.  

 

Additional results obtained during my Ph.D. thesis work are described in the following 

sections. 

4.1 Mild replication stress induces abnormally increased mitotic microtubule 
polymerization rates leading to the induction of aneuploidy 

Endogenous RS in CIN+ (chromosomally unstable) cells has been previously 

described to link S-CIN and W-CIN (Burrell et al., 2013). However, the exact 

mechanism of how RS during S-phase induces mitotic defects to cause aneuploidy 

was not elucidated so far. 

To mechanistically investigate cancer-relevant RS conditions and its impact on whole 

chromosome instability, I characterized RS conditions of chromosomally unstable 

cancer cell lines and compared these conditions with experimentally induced RS 

conditions in chromosomally stable HCT116 cells by using APH titration. In fact, DNA 

combing experiments revealed that endogenous RS conditions in the chromosomally 

unstable cancer cell lines SW480, SW620 and HT29 are very mild and can be 

mimicked by treatment with only 50 - 100 nM of APH in chromosomally stable HCT116 

cells (Figure P2). In line with this finding were the observations that RS conditions 

experimentally induced using concentrations exceeding 100 nM APH, in HCT116 cells 

triggered cell cycle checkpoint resulting in complete growth arrest (Figure P1). Indeed, 

APH-concentration dependent increase in pRPA/RPA and pCHK1/CHK1 levels were 

observed, triggering ATR-CHK1 checkpoint axis at levels starting from 200 nM APH 

(Figure P1A and D). 

Interestingly, we found that low levels of APH-induced RS are sufficient (20 – 100 nM 

APH) to induce aneuploidy by triggering abnormally increased microtubule 

polymerization rates in chromosomally stable HCT116 cells (Figure P3). APH-induced 

abnormal mitotic microtubule growth rates could be restored by co-treatment with sub-

nanomolar concentrations of taxol, a well described microtubule binding drug, which 

was shown to restore normal microtubule polymerization rates (Ertych et al., 2014; 

Ertych et al., 2016; Lüddecke et al., 2016; Schmidt et al., 2021; Pudelko et al., 2022), 

In addition, we showed that higher concentrations of APH lead to cell cycle arrest and 
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long-term proliferation stop (Figure P1A-C), therefore highlighting the relevance of mild 

replication stress conditions in cancer. 

In contrast, very mild RS conditions induced by 50 - 100 nM APH treatment only lead 

to slight growth limitations of HCT116 cells which were able to proliferate throughout 

long-term (12 days) treatment (Figure P1A). In line with that are observations of cell 

cycle profiles in short-time 24 hours APH treated HCT116 cells, showing gradually 

increasing S-phase and decreasing G1 and G2/M populations upon increasing APH 

treatments as well as decreasing mitotic indices (Figure P1B and C). 

Furthermore, long-term treatments with 100 nM APH induced aneuploidy which could 

be rescued by co-treatment of sub-nanomolar concentrations of taxol to restore normal 

microtubule polymerization rates (Figure P5B and P5C) indicating that mild RS 

triggered aneuploidy is mediated by increased mitotic microtubule polymerization 

rates. 

Importantly, in line with previous observations of RS associated formation of mitotic 

ultra-fine anaphase bridges at common fragile sites (Chan et al., 2009), very mild 

replication stress conditions could induce BLM associated UFBs as well as the 

induction of RS characteristic chromosome fragments, as described previously (Burrell 

et al., 2013; Wilhelm et al., 2019) (Figure P4). RS at higher levels was previously 

described to induce aneuploidy by premature centriole disengagement leading to 

transient multipolar spindles (Wilhelm et al., 2019). However, these cancer-relevant 

very mild replication stress conditions did not induce centrosome numbers upon long-

term APH treatment in HCT116 cell clones (Figure sP2), being in line with the 

description of rarely observed centrosome amplifications in cancer cell lines (Mittal et 

al., 2007) and the described cell death promoting effect of centrosome amplification 

mediated by mitotic catastrophe (Godinho and Pellmann, 2014). 

Importantly, I found that rescuing endogenous RS by nucleoside supplementation in 

CIN+ cells, which were previously characterized by abnormally increased mitotic 

microtubule polymerization rates and thus chromosome missegregation (Ertych et al., 

2014; Ertych et al., 2016; Lüddecke et al., 2016; Schmidt et al., 2021), could reduce 

microtubule polymerization rates and chromosome missegregation rates to levels seen 

in chromosomally stable HCT116 cells (Figure P5E and P5F). 
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These results indicate that endogenous, very mild RS is present in chromosomally 

unstable colorectal cancer cells, deregulates mitotic microtubule polymerization rates 

and thereby causes whole chromosome missegregation and aneuploidy. 

4.1.1 Low aphidicolin concentrations cause delayed onset of mitosis 

To further analyze the effects of cell cycle progression upon mild replication stress 

conditions (100 nM APH), HCT116 cells were arrested by double thymidine block (dT) 

at the G1/S transition and released into S phase in the presence or absence of 100 nM 

APH to follow timely progression from S-phase to mitosis by flow cytometry. With this 

experiment I aimed to investigate at which phases of the cell cycle very mild RS causes 

cell cycle progression delays, which were found to be apparent in previous 

experiments (Figure P1A-C) and to investigate the actual time delay caused by 100 nM 

APH, which was important for further experimental timing in this study to allow the 

consideration of APH-induced cell cycle progression delays, e.g., for fixation timing. It 

has been previously described that RS only at mild levels induces genomic instability 

and accelerates tumorigenesis, but at higher levels is not cancer relevant since these 

RS conditions were associated with cell cycle arrest or cell death (Berti and Vindigni, 

2016; Gaillard et al., 2015; Lecona and Fernandez-Capetillo, 2014). 

Cell cycle profiles were analyzed at different timepoints after release by flow cytometry. 

Upon 6 hours of release, DME was added to the cells in order to arrest cells in mitosis. 

PI staining was used to determine DNA content and thereby define cell cycle stages. 

In addition, anti-MPM2 staining was used at later timepoints (starting from t=6h after 

dT release) to determine the proportion of cells in mitosis. Cell cycle profiles of HCT116 

cells upon dT release from S-phase to mitosis revealed only minor cell cycle delays 

from S- to G2-phase in cells treated with 100 nM APH compared to DMSO treated 

cells. More interestingly, a significant delay at G2/M was observed upon 100 nM APH 

treatment (Figure 4.1). Due to the G2/M delay upon 100 nM APH treatment, the 

following experiments were performed considering a time span from G1/S to mitosis in 

DMSO treated cells of 8.5 hours and of 9.5 hours in 100 nM APH treated HCT116 

cells. 
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Figure 4.1:  Mild replication stress causes delayed mitotic onset in HCT116 
cells. (A) Asynchronously growing HCT116 cells were synchronized and arrested via 
double thymidine block in G1/S and subsequently released into medium containing 
DMSO or 100 nM APH. Cell cycle profiles at different timepoints after release were 
analyzed by propidium iodide staining to determine DNA content. Representative cell 
cycle profiles are shown. After 6 hours of release, samples were further treated with 2 
µM DME to arrest cells in mitosis and to determine mitotic indices from that timepoint 
onwards. To determine mitotic index, anti-phospho-Ser/Thr-Pro MPM-2 staining was 
performed. Quantification of mitotic indices at different timepoints after release are 
shown in (B). Flow cytometry experiments were performed as three independent 
experiments with n=10000 analyzed cells in each replicate. Mean values of quantified 
mitotic indices are shown ± SD and statistics were performed using unpaired two-tailed 
t-test. 
 

4.1.2 Mild replication stress during S-phase triggers abnormal microtubule 
dynamics in mitosis 

Previous studies revealed abnormally increased microtubule plus end assembly rates 

in chromosomally unstable colorectal cancer cells as a major source for lagging 

chromosomes resulting in whole chromosome missegregation and thereby 

representing a cause of W-CIN in colorectal cancer (Ertych et al., 2014; Ertych et al., 

(A)
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2016; Schmidt et al., 2021). In addition, as part of this thesis we described APH-

induced RS as a trigger for increased microtubule polymerization rates and aneuploidy 

(Böhly et al., 2019). Here, low concentrations of APH (20 - 100 nM) were sufficient to 

significantly induce abnormally increased microtubule polymerization rates as well as 

the formation of lagging chromosomes in otherwise chromosomally stable HCT116 

cells (Figure P3). 

In order to investigate that APH acts predominantly during S-phase of the cell cycle to 

increase microtubule dynamics in the subsequent mitosis, HCT116 cells were treated 

for 2 hours at different timepoints of the cell cycle and microtubule polymerization rates 

were analyzed in subsequent mitosis (Figure 4.2A). Therefore, asynchronously 

growing EB3-GFP transfected HCT116 cells were arrested via double thymidine block 

in S/G1 transition and released into S phase by washout of the drug. Cells were then 

treated for 2 hours with 100 nM APH at different stages of the cell cycle before APH 

was washed out five times with pre-warmed medium for 30 min. After this washout, 

cells were released in normal medium without APH for either 7, 5, 3 or 1 hours to allow 

them to reach mitosis. Subsequently, DME supplemented medium (2 µM), to arrest 

cells at the same phase in mitosis, was added to the cells and microtubule plus-end 

assembly rates were measured after 1 hour of DME treatment in pro-metaphase 

arrested cells.  

Importantly, 2-hour treatment of APH during early S-phase (0 - 2 hours after double 

thymidine release (18.6 µm/min)) had the strongest effect on mitotic microtubule 

polymerization rates (Figure 4.2B) and the formation of lagging chromosomes (6.7%) 

(Figure 4.2C). This effect gradually decreases at later timepoints of APH treatment. 

These results show that APH predominantly acts during early S-phase of the cell cycle, 

showing the strongest effect on inducing abnormally increased microtubule 

polymerization rates and the formation of lagging chromosomes during mitosis, 

whereas APH-inducing effect decreases at later treatment timepoints during G2. 
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Figure 4.2:  Mild replication stress during S-phase triggers abnormally 
increased mitotic microtubule polymerization rates. (A) Scheme depicts 
experimental set-up used to treat cells with APH at different timepoints. Upon 2 hours 
of APH treatment, APH was washed out. Microtubule polymerization rates were 
analyzed during mitosis. Created with BioRender.com. (B) Double thymidine block 
arrested and synchronized EB3-GFP transfected HCT116 cells were released and 
treated at indicated timepoints after release of thymidine block with 100 nM APH. After 
two-hour treatments, APH was washed out and cells were further grown in normal 
medium. 8.5 hours upon double thymidine release, cells were additionally treated with 
2 µM DME. Mitotic microtubule polymerization rates were measured 1 hour after DME 
treatment. Scatter dot blots in (B) show mean values ± SD from three independent 
experiments with a total of n=30 mitotic cells. Statistics were performed with unpaired 
two-tailed t-test. (C) shows the quantification of lagging chromosome proportions of 
double thymidine synchronized and arrested HCT116 cells. APH treatments upon 
double thymidine release were performed as described in (B). Cells were fixed 9.5 
hours after double thymidine release. IF experiments to determine the proportion of 
lagging chromosomes were performed. Bar graphs show mean ± SD from three 
independent experiments with a total of n=300 analyzed anaphase cells. Statistics 
were performed using unpaired two-tailed t-test. 
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4.2 Replication stress-induced origin firing triggers aneuploidy via increased 
microtubule polymerization rates 

Bioinformatic pan-cancer analysis, including 32 different cancer types using ‘The 

Cancer Genome Atlas’ (TCGA), computing whole genome integrity index (WGII) 

revealed strong correlation between W-CIN and overexpression of known and 

expected mitotic regulating genes and oncogenes, such as AURKA, AURKB, BUB1 

and CCNE1/2 (Carter et al., 2006; Spruck et al., 1999) (Figure M1). More interestingly, 

overexpression of genes that are associated with DNA replication origin firing were 

further found to be positively correlated with W-CIN in human cancers (Figure M1). 

One of the top hits among these origin firing genes is GINS1, which is in line with 

previous bioinformatic analyses (Bu et al., 2020; Li, H. et al., 2021; Li, S. et al., 2021).  

To examine if overexpression of single origin firing factors in fact influence origin firing 

rates and thereby cause whole chromosome missegregation in cancer cells in vivo, 

GINS1 was stably overexpressed in chromosomally stable HCT116 cell clones (Figure 

M2A). Impact of GINS1 overexpression on DNA replication dynamics, analyzed by 

DNA combing, revealed no effect on fork progression but indeed induced origin firing 

rates, which could be rescued by inhibiting CDC7 (Figure M2C and D), a well-described 

kinase necessary for replication origin activation (Bousset and Diffley, 1998). 

Interestingly, the induction of origin firing via GINS1 overexpression also induces 

abnormal mitotic microtubule polymerization rates (Figure M3A) and the formation of 

lagging chromosomes (Figure M3B) resulting in aneuploidy (Figure M3D), which could 

be rescued by additional treatment of CDC7i, which restores normal origin firing rates 

or taxol treatment (Figure M3D), revealing a direct role of induced origin firing on W-

CIN via abnormally increased mitotic microtubule growth rates. These results suggest 

that, in fact, induced origin firing rates which can be induced by overexpression of 

single genes associated with origin firing, such as GINS1, are the key trigger for mitotic 

defects such as abnormally increased mitotic microtubule polymerization rates as well 

as chromosome missegregation. 

Origin firing during unperturbed S-phase was described to be regulated by ATR-CHK1 

signaling, suppressing CDK1 kinase activity, necessary for RIF1 to interact with PP1. 

Thereby, basal ATR-CHK1 activity in S-phase stabilizes RIF1-PP1 interaction, which 

restrains CDC7 dependent origin firing (Moiseeva et al., 2019). In fact, basal active 
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ATR and ATM signaling during S-phase were already previously found to regulate 

origin firing (Shechter et al., 2004). Interestingly, findings from our own group could 

show that induction of CDK1 induces abnormal mitotic microtubule polymerization 

rates and results in aneuploidy upon p53/p73 loss in chromosomally stable cancer cells 

(Schmidt et al., 2021). In line with previous findings (Moiseeva et al., 2019) we could 

validate that ATR inhibition during S-phase, in fact, induces origin firing, which could 

be partially rescued by CDK1 or CDC7 inhibition (Figure sM5) while also inducing 

increased mitotic microtubule polymerization rates and the formation of lagging 

chromosomes, which could be restored to normal levels if co-treated with either CDK1i, 

CDC7i or sub-nanomolar taxol treatments (Figure M4B and C).  

These results suggest that origin firing is regulated by ATR-CHK1-CDK1 axis in early 

S-phase, by stabilizing RIF1-PP1 and intervening in this pathway triggers increased 

microtubule polymerization rates causing chromosome missegregation in mitosis. 

We further analyzed the effects of experimentally induced mild RS, by APH treatment, 

on fork progression rates and origin firing in HCT116 cells. Mild APH concentrations 

did not only decrease fork progression rates as reported earlier (Böhly et al., 2019) but 

also induced origin firing rates. Origin firing but not fork progression rates could be 

restored by co-treatment with CDK1 or CDC7 inhibition. The observation that APH 

induced abnormal microtubule polymerization rates as well as formation of lagging 

chromosomes could be restored by either CDK1i, CDC7i or sub-nanomolar taxol 

treatment, suggests that RS-induced origin firing but not fork progression rates triggers 

aneuploidy by regulating microtubule polymerization rates and leading to chromosome 

missegregation during mitosis (Figure M5). 

We and others previously detected RS as a common feature in CIN+ cells by analyzing 

fork progression rates by DNA combing experiments (Burrell et al., 2013; Böhly et al., 

2019). It was reported that decreased fork progression rates upon RS can influence 

global origin firing rates and vice versa (Rodriguez-Acebebs, 2018). However, if CIN+ 

cells are characterized by induced origin firing rates was so far not investigated. In fact, 

combing experiments support the hypothesis of a correlation between increased origin 

firing and W-CIN, showing that CIN cancer cells are not only characterized by 

decreased fork progression rates but also share induced origin firing rates compared 

to chromosomally stable cancer cells as a common feature (Figure M7A and B). 
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Suppression of induced origin firing rates in chromosomally unstable cancer cell lines 

via CDC7 inhibition restored normal origin firing rates and rescued mitotic defects such 

as increased microtubule polymerization rates and chromosome missegregation 

(Figure M7A-D).  

These data suggest endogenous RS-mediated induced origin firing rates as the causal 

trigger for abnormally increased mitotic microtubule polymerization rates and thus 

aneuploidy in human cancer. 

4.3 RS-induced mitotic defects in non-cancerous RPE-1 hTert cells are 
dependent on origin firing 

To further support the finding that increased origin firing and not slowed replication 

forks are responsible for increased microtubule dynamics and chromosome 

missegregation in mitosis (Schmidt et al., 2021B), I treated non-cancerous RPE-1 

hTert cells with 100 nM APH and determined fork progression rates and inter-origin 

distances by DNA combing. In fact, 100 nM of APH treatment led to significantly 

reduced fork progression rates and inter-origin distances (0.57 kb/min; 69.2 kb) 

compared to DMSO treated RPE-1 hTert cells (0.97 kb/min; 127.7 kb) (Figure 4.3A 

and B). Similar to the findings in HCT116 cells (Figure M5), inhibitor treatment of CDC7 

had minor but significant effects on fork progression rates (0.65 kb/min) but could 

restore APH-induced inter-origin distances almost completely to DMSO control levels 

(107.4 kb). Corresponding to the finding that induced origin firing in HCT116 cells led 

to abnormally increased mitotic microtubule polymerization rates and the formation of 

lagging chromosomes upon APH treatment (Figure M5), RPE-1 hTert cells treated with 

APH also showed induced mitotic microtubule polymerization rates (18.6 µm/min) as 

well as a significant induction of lagging chromosome formation (4.3 %) compared to 

DMSO treated RPE-1 hTert cells (16.0 µm/min; 0.7 %). Furthermore, additional 

inhibition with CDC7i rescued APH-induced microtubule dynamics and the formation 

of lagging chromosomes (16.2 µm/min; 0.7 %) to DMSO control levels. Combination 

of APH and taxol treatment could similarly rescue APH induced mitotic defects to 

control DMSO levels (16.2 µm/min; 1 %) (Figure 4.3 C and D).  

These results show that RS mediated induced origin firing not only in chromosomally 

stable MIN/MSI cancerous HCT116 cells but also in non-cancerous RPE-1 hTert cells 
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trigger chromosome missegregation by deregulating mitotic microtubule 

polymerization rates. Thereby, these results generalize the finding of induced origin 

firing rates as the molecular trigger to induce mitotic defects resulting in aneuploidy in 

human cells. 

 

 
 

Figure 4.3:  Mild replication stress in non-cancerous RPE-1 hTert cell lines 
induces abnormally increased mitotic microtubule polymerization causing 
chromosome missegregation. Asynchronously growing RPE-1 hTert cells were 
treated as indicated 1 hour prior to pulse-labeling with CldU and IdU and cells were 
subjected to DNA combing. (A) Fork progression rates were analyzed using 
unidirectional fibers. Scatter dot-plots show mean ± SD from at least two independent 
experiments with a total of n≥490 analyzed unidirectional forks. Statistics were 

(A) (B) 

(C) (D) 
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performed using unpaired two-tailed t-test. (B) Inter-origin distances were analyzed by 
measuring the distance between two neighboring, activated origins. Scatter dot-plots 
show mean ± SD from at least two independent experiments with a total of n≥90 
analyzed inter-origin distances. Statistics were performed using unpaired two-tailed t-
test. (C) Asynchronously growing, EB3-GFP transfected RPE-1 hTert cells were pre-
treated for 16 hours as indicated before adding 2 μM DME for 1 hour. Mitotic 
microtubule growth rates were subsequently measured. Scatter dot blots show mean 
values ± SD from three independent experiments with a total of n=30 mitotic cells. 
Statistics were performed with unpaired two-tailed t-test. (D) RPE-1 hTert cells were 
synchronized and arrested in G1/S via double thymidine block. Cells were released 
with indicated treatments for 8.5 - 9.5 hours before being fixed. IF experiments to 
determine the proportion of lagging chromosomes were performed. Bar graphs show 
mean ± SD from three independent experiments with a total of n=300 analyzed 
anaphase cells. Statistics were performed using unpaired two-tailed t-tests.  
 

4.4 S-phase signaling involved in regulating mitotic microtubule polymerization 
rates 

To investigate pathways possibly involved in mediating increased microtubule 

polymerization rates in mitosis upon RS-mediated induced origin firing during S-phase, 

I performed S-phase specific inhibitor treatments (Figure 4.4A) of RS-associated key 

signaling components such as ATR, CHK1, ATM and CHK2; origin firing regulators 

such as CDC7 and CDK1 as well as mitotic kinases Aurora-A, Aurora-B and PLK1, 

which might play a role in mediating increased microtubule dynamics. 

First, I treated cells in S-phase with the selected inhibitors in the absence of APH-

induced RS to check possible S-phase specific inhibitor effects on microtubule 

polymerization rates. It is of note that cells were only treated during S-phase for 2 hours 

and the inhibitors were subsequently washed out. Thus, microtubule dynamics 

measurements were performed in mitosis in the absence of the respective inhibitors. 

In fact, early S-phase treatments of cells with ATMi (16.5 µm/min), CHK2i (16.4 

µm/min), CDC7i (16.5 µm/min), CDK1i (16.5 µm/min), Aurora-Ai (16.4 µm/min) and 

Aurora-Bi (16.5 µm/min) had no significant effects on microtubule polymerization rates 

compared to corresponding DMSO treated HCT116 cells (16.5 µm/min). However, 

ATRi (18.1 µm/min), CHK1i (18.1 µm/min), as well as PLK1i (17.7 µm/min) treatment 

during early S-phase showed significantly increased mitotic microtubule 

polymerization rates to levels comparable to corresponding APH treated HCT116 cells 

(18.3 µm/min) (Figure 4.4B).  



 

 4. Results 

 64 

These results suggest that mild ATR-CHK1 signaling during S-phase regulates mitotic 

polymerization rates and chromosome missegregation. This is in line with the previous 

reported role of ATR-CHK1 signaling in regulating origin firing (Moiseeva et al., 2019) 

and the observation of origin firing mediated mitotic defects. Further, the mitotic kinase 

PLK1 plays a role in regulating microtubule polymerization rates during S-phase. 

Interestingly, in this context, S-phase PLK1 signaling was shown previously to play a 

role in regulating origin firing (Ciardo et al., 2020; Ciardo et al., 2021). 

Next, I tested combination of these inhibitors with APH treatments during early S-phase 

to determine which kinases play a role in APH mediated induction of increased 

microtubule polymerization rates. As shown in (Böhly et al., 2019), APH treatment 

alone significantly induced microtubule polymerization rates (18.3 µm/min) in 

comparison to control treated HCT116 cells (16.5 µm/min) (Figure 4.4.D). Combination 

of APH with either ATRi (18.3 µm/min), CHK1i (17.8 µm/min), ATMi (19.2 µm/min), 

CHK2i (18.5 µm/min), Aurora-Ai (18.3 µm/min), Aurora-Bi (19.1 µm/min) or PLK1i (18.3 

µm/min) showed no or little rescue of APH-mediated increased mitotic microtubule 

polymerization rates (Figure 4.4D). Interestingly, APH combined with CDC7i (16.5 

µm/min) as well as CDK1i treatment (16.5 µm/min), when applied in S-phase, rescued 

APH induced increase in mitotic microtubule polymerization rates to a level 

comparable with DMSO treated HCT116 cells (16.5 µm/min) (Figure 4.4D). In line with 

these results, ATRi (6.3 %), CHK1i (8.3 %) as well as APH treatment (8.3 %) during 

early S-phase lead to significantly increased formation of lagging chromosomes 

compared to DMSO treated HCT116 cells (2.7 %). APH induced formation of lagging 

chromosomes could be rescued with either combination of CDC7i (2.7 %) or CDK1i 

treatment (3.3 %) (Figure 4.4C and E).  

Additionally, as reported in (Schmidt et al., 2021B), APH-induced mitotic defects could 

be rescued by inhibiting CDC7 or CDK1 (Figure 4.4D and E), both of which were shown 

to restore APH-mediated induced origin firing rates (Schmidt et al., 2021B). 

Taken together, these results suggest that pathways involved in deregulating origin 

firing during S-phase trigger mitotic microtubule polymerization rates and chromosome 

missegregation and thereby emphasizes the molecular mechanism of RS-induced 

origin firing rates as the key trigger for mitotic defects. 
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Figure 4.4:  S-phase signaling involved in origin firing regulation triggers 
mitotic microtubule polymerization rates. (A) Scheme depicts experimental set-up 
used to analyze mitotic microtubule growth rates in these experiments. (B) Analyses 
of mitotic microtubule polymerization rates in asynchronously growing, EB3-GFP 
transfected HCT116 cells with indicated inhibitors treated according to (A) for 2 hours 
during S-phase without combined APH treatment. Inhibitors were washed out after 2 
hours treatment. To arrest cells in prometaphase, 2 µM DME treatment for 1 hour was 
applied. (D) Analyses of mitotic microtubule polymerization rates in asynchronously 
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growing EB3-GFP transfected HCT116 cells with indicated inhibitors treated according 
to (A) for 2 hours during S-phase with combined APH treatment. Inhibitors were 
washed out after 2 hours treatment and cells were released in medium containing APH. 
Scatter dot blots in (B) and (D) show mean values ± SD from three independent 
experiments with a total of n=30 mitotic cells. Statistics were performed with unpaired 
two-tailed t-tests. (C) and (E) Quantification of lagging chromosomes in HCT116 cells. 
Cells were released for 2 hours in the presence of the indicated inhibitors. Inhibitors 
were afterwards washed out. Cells were fixed 8.5 – 9 hours upon dT release. Cells 
with lagging chromosomes were quantified. Bar graphs show mean values ± SD from 
three independent experiments with a total of n=300 analyzed anaphase cells. 
Statistics were performed with unpaired two-tailed t-tests. 
 

4.5 Mitotic signaling involved in induction of mitotic microtubule polymerization 
rates 

To unravel the downstream mitotic signaling mechanisms involved in the regulation of 

mitotic microtubule polymerization rates, I performed a screen of different inhibitors 

and its impact on regulating mitotic defects in mitosis. For this, asynchronously growing 

EB3-GFP transfected HCT116 cells were treated for 20.5 hours with 100 nM APH to 

induce RS. One hour before analysis of mitotic defects, i.e., in G2 phase of the cell 

cycle, cells were additionally treated with inhibitors of RS-associated key signaling 

components such as ATR, CHK1, ATM and CHK2; S-phase origin firing regulators 

such as CDC7 and CDK1 as well as mitotic kinases Aurora-A, Aurora-B and PLK1 

during mitosis. Additionally, inhibitors known to affect DNA damage signaling were 

tested in this experimental set-up such as RAD51, RAD52 and DNA-Pk. 

As a control experiment, cells were first treated with the respective inhibitors in the 

absence of APH, one hour before the mitotic microtubule growth rate measurements. 

None of the tested inhibitors including MRE11i (16.4 µm/min), ATMi (16.3 µm/min), 

CHK2i (16.4 µm/min), RAD52i (16.4 µm/min), RAD51i (16.4 µm/min), ATRi (16.7 

µm/min), CHK1i (16.7 µm/min), PLK1i (16.7 µm/min), DNA-PKi (16.5 µm/min), Aurora-

A (16.5 µm/min) or Aurora-B (16.3 µm/min) showed significant effects on microtubule 

polymerization rates (Figure 4.5B). However, this changed when combined with APH-

induced RS. As expected, APH treatment alone led to abnormally increased 

microtubule polymerization rates during mitosis compared to DMSO treated HCT116 

cells (18.8 µm/min vs. 16.6 µm/min, respectively) (Figure 4.5C). Significantly, 

combination of APH with either MRE11i (16.3 µm/min), ATMi (16.4 µm/min), CHK2i 
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(17.0 µm/min), RAD51i (16.5 µm/min), RAD52i (16.7 µm/min) or Aurora-Ai treatment 

(16.5 µm/min) at G2/M significantly rescued APH induced microtubule polymerization 

rates to levels seen in DMSO treated HCT116 (16.6 µm/min). However, combination 

of APH with either ATRi (18.8 µm/min), CHK1i (19.1 µm/min), PLK1 (18.9 µm/min), 

CDK1i (18.8 µm/min), DNA-PK(cs)i (18.8 µm/min) or Aurora-Bi (19.1 µm/min) did not 

show any rescue effects on APH induced microtubule growth rates compared to DMSO 

treated HCT116 cells (16.6 µm/min) (Figure 4.5C). 

In line with the results for microtubule polymerization rates, APH treated HCT116 cells 

significantly induced the formation of lagging chromosomes from 3 % to 7.3 % 

compared to DMSO treated HCT116 cells. APH-combined treatment with either 

MRE11i (2.7 %), ATMi (2.7 %), CHK2i (2.3 %), RAD51i (3.3 %), RAD52i (2.7 %) or 

Aurora-Ai (2.3 %) at G2/M could rescue APH-induced and microtubule polymerization 

mediated formation of lagging chromosome compared to DMSO levels (Figure 4.5D).  

These results strongly suggest the involvement of the DNA damage signaling pathway 

related to the MRE11-ATM-CHK2 checkpoint proteins as well as the DNA repair 

proteins RAD51 and RAD52 to regulate APH induced increased microtubule 

polymerization rates and the formation of lagging chromosomes. Further, the mitotic 

kinase Aurora-A mediates RS-induced mitotic defects. This is in line with earlier reports 

from our own group revealing a role of increased Aurora-A activity to deregulate mitotic 

microtubule polymerization rates and chromosome missegregation in CIN+ cells 

(Ertych et al., 2016). 
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Figure 4.5:  Inhibitor treatment at G2/M or in mitosis identifies mitotic relevant 
signaling components involved in triggering abnormally increased microtubule 
polymerization rates upon RS. (A) Scheme depicts experimental set-up used to 
analyze mitotic microtubule growth rates in these experiments. (B) Analyses of mitotic 
microtubule polymerization rates in EB3-GFP transfected HCT116 cells with indicated 
inhibitors treated according to (A) for 1 hour at G2/M without combined APH treatment. 
To arrest cells in prometaphase, 2 µM DME treatment for 1 hour was additionally 
applied to the cells. (C) Analyses of mitotic microtubule polymerization rates in in EB3-
GFP transfected HCT116 cells with indicated inhibitors treated according to (A) during 
mitosis combined with APH treatment for 20.5 hours. Scatter dot blots in (B) and (C) 
show mean values ± SD from three independent experiments with a total of n=30 
mitotic cells. Statistics were performed with unpaired two-tailed t-tests. (D) Analyses of 
HCT116 cells released for 8.5 – 9.5 hours upon double thymidine block release treated 
with indicated inhibitors 1 hour prior to fixation and APH upon double thymidine 
release. After fixation, the proportion of anaphase cells with lagging chromosomes was 
quantified. Bar graphs show mean values ± SD from three independent experiments 
with a total of n=300 analyzed anaphase cells. Statistics were performed with unpaired 
two-tailed t-tests. 
 

4.6 Depletion of ATR in HCT116 induces abnormal microtubule dynamics and 
the formation of lagging chromosomes in mitosis 

To verify the finding that ATR inhibition causes mitotic defects (Figure 4.4B) and to 

exclude unspecific effects of the used ATR inhibitor, I depleted ATR using siRNAs. In 

fact, knock-down of ATR in HCT116 cells (Figure 4.6A) significantly induced 

microtubule polymerization rates (18.0 µm/min) in comparison to LUCIFERASE siRNA 

transfected cells (16.5 µm/min) (Figure 4.6B). Moreover, additional 100 nM APH-

treatment in siLUCIFERASE transfected cells significantly induced microtubule 

polymerization rates (18.9 µm/min), whereas APH treatment in siATR transfected 

HCT116 cells showed no additional effects on microtubule growth rates (17.9 µm/min) 

(Figure 4.6B). In line with this, APH treatment in siLUCIFERASE induced the formation 

of lagging chromosomes (6.7 %) compared to non-treated siLUCIFERASE transfected 

HCT116 cells (1.7 %). siATR transfection significantly induced the formation of lagging 

chromosomes (5.7 %) compared to siLUCIFERASE transfected cells (1.7%), whereas 

additional APH treatment in siATR transfected cells did not show significant changes 

(6.3 %) compared to non-treated siATR transfected HCT116 cells (5.7 %). (Figure 

4.6C). These results show that ATR depletion similarly as ATRi (Figure 4.4B and C) 

induce mitotic microtubule growth rates and the formation of lagging chromosomes.  
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Figure 4.6:  ATR knock-down causes increased microtubule polymerization 
rates and the induction of lagging chromosomes in HCT116 cells. (A) 
Representative western blot showing reduced levels of ATR upon siRNA mediated 
knockdown. Actin was used as a loading control. (B) Asynchronously growing, EB3-
GFP and indicated siRNA transfected HCT116 cells were pre-treated for 16 hours with 
APH before adding 2 μM DME for 1 hour. Mitotic microtubule growth rates were 
subsequently measured. Scatter dot blots show mean values ± SD from three 
independent experiments with a total of n=30 mitotic cells. Statistics were performed 
with unpaired two-tailed t-tests. (C) siRNA transfected HCT116 cells were 
synchronized and arrested in G1/S by dT. Cells were released in the presence or 
absence of APH for 8.5 - 9.5 hours and the proportion of cells with lagging 
chromosomes was determined. Bar graphs show mean ± SD from three independent 
experiments with total of n=300 analyzed anaphase cells. Statistics were performed 
using unpaired two-tailed t-tests.  
 
The results shown here in combination with the previous observation of the S-phase 

specific role of ATR on regulating mitotic defects (Figure 4.4B and C) suggest the 

kinase specific function of ATR during S-phase to be relevant for the observed 

defective mitotic phenotypes and exclude possible side-effects of the used ATR 

inhibitor. Furthermore, in combination with the observed S-phase deregulating effect 

of ATR inhibition on origin firing (Moiseeva et al., 2019) (Figure sM5), these results 

validate the hypothesis of RS-induced origin firing as the key trigger for the observed 

mitotic defects. 

(A) 
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4.7 Aphidicolin induced replication stress causes under-replicated DNA and 
mitotic DNA synthesis, partially dependent on increased origin firing 

RS has been previously associated with the formation of under-replicated DNA in 

mitosis and MiDAS (Bhowmick et al., 2016; Okamoto et al., 2018). To test the impact 

of RS-induced origin firing on the formation of under-replicated DNA in mitosis, 

asynchronously growing HCT116 cells were treated for 24 hours with APH (100 and 

400 nM) in the presence or absence of 1 µM CDC7i, which was shown before to inhibit 

additional origin firing upon APH treatment (Schmidt et al., 2021B) as well as stably 

transfected HCT116 clones overexpressing GINS1 or CDC45, previously 

characterized by induced origin firing but normal fork progression rates (Schmidt et al., 

2021B), were analyzed for mitotic FANCD2 foci as a marker for under-replicated DNA  

(Chan et al., 2009) (Figure 4.7A).  

100 nM APH treatment of HCT116 cells already led to a significant induction of 

FANCD2 foci in mitosis compared to the DMSO control. This induction was visually 

more prominent after treatment with 400 nM APH. Combination of 100 nM APH with 1 

µM CDC7i led to a slight but significant decrease of FANCD2 foci in mitosis. However, 

CDC45 and GINS1 overexpressing cell clones did not show induced FANCD2 foci in 

mitotic cells compared to the empty vector expressing cell clone arguing against a role 

of increased origin firing in producing under-replicated DNA. 

Furthermore, I investigated the presence of MiDAS upon mild replication stress 

conditions by EdU foci formation in pro-metaphase cells upon indicated treatments of 

HCT116 or in CIN+ cells (Figure 4.7B). APH treatments led to the significant induction 

of EdU foci in mitotic cells in a concentration dependent manner, already apparent 

upon 100 nM APH. 100 nM APH in combination with 1 µM CDC7i led to a slight but 

significant decrease in EdU formation in mitosis. Interestingly, Edu foci and thus, 

MiDAS, after treatment with 100 nM APH could be rescued by MRE11i, RAD51i as 

well as high APH concentrations (2 µM), which inhibit DNA polymerases per se. In 

contrast, ATMi or RAD52i had no effect on APH induced EdU induction. Furthermore, 

CIN colorectal cancer cell lines SW480, SW620 and HT29 did not show any signs of 

MiDAS. These results suggest that mild RS induced by APH causes the formation of 

under-replicated DNA and MiDAS, which is partially dependent on origin firing.  
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Figure 4.7:  Mild replication stress induces mitotic under-replicated DNA and 
MiDAS. (A) Asynchronously growing, stably transfected HCT116 clones (empty vector 
and GINS1 overexpressing vector) or HCT116 cells pre-treated if indicated for 16 
hours with 100 nM APH and 1 µM CDC7i were fixed and stained for DNA and FANCD2. 
Number of FANCD2 foci in pro-metaphase cells was quantified. Scatter dot blots show 
mean values ± SD from three independent experiments with a total of n=300 mitotic 
cells. Statistics were performed with unpaired two-tailed t-tests. Scale bar: 10 µm. (B) 
Quantification of EdU foci. Asynchronously growing HCT116 cells were pre-treated 
with APH for 16 hours. The last 6 hours of APH treatment, 7 µM CDK1 inhibitor (RO-
3306) was added to arrest cells in G2. After 6 hours, cells were released for 1 hour in 
medium with indicated inhibitors and 20 µM EdU supplemented medium. Cells were 
fixed and EdU detection was performed using Click-IT EdU. Scatter dot blots show 
mean values ± SD from three independent experiments with a total of n=150 mitotic 
cells. Statistics were performed with unpaired two-tailed t-tests. Scale bar: 10 µm. 
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4.8 MiDAS per se is not involved in triggering increased mitotic microtubule 
dynamics 

The finding that under-replicated DNA and the presence of MiDAS is induced upon RS 

and partially dependent on induced origin firing rates, led me to the question if MiDAS 

is directly involved in triggering increased mitotic polymerization rates and thereby 

aneuploidy. To test this, POLD3, the accessory subunit of the replicative polymerase 

δ complex described to play an essential role in mitotic DNA synthesis while redundant 

for the replication process during S-phase (Hirota et al., 2015; Minocherhomji et al., 

2015), was depleted by siRNA knockdown in HCT116 cells (Figure 4.8A). POLD3 

knockdown alone did not result in any changes in microtubule growth rates in mitosis 

(16.6 µm/min) compared to siLUCIFERASE transfected HCT116 cells (16.4 µm/min). 

Also, POLD3 depleted cells could not rescue APH induced mitotic polymerization rates 

(18.9 µm/min) compared to APH treated siLUCIFERASE transfected cells (19.0 

µm/min) (Figure 4.8B).  

In line with these results, POLD3 depletion did not rescue the formation of lagging 

chromosomes after APH treatment (5.7 %) compared to siLUCIFERASE transfected 

HCT116 cells (5.7 %) (Figure 4.8C). 
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Figure 4.8:  Mild replication stress induced MiDAS is not per se affecting 
microtubule polymerization rates and chromosome missegregation. (A) 
Representative western blot showing reduced POLD3 levels in siRNA mediated 
POLD3 knock-down in HCT116 cells. Actin was used as a loading control. (B) 
Asynchronously growing, EB3-GFP and indicated siRNA transfected HCT116 cells 
were pre-treated if indicated for 16 hours with APH before adding 2 μM DME for 1 hour. 
Mitotic microtubule growth rates were subsequently measured. Scatter dot blots show 
mean values ± SD from three independent experiments with a total of n=30 mitotic 
cells. Statistics were performed with unpaired two-tailed t-tests. (C) siRNA transfected 
HCT116 cells were synchronized and arrested in G1/S via double thymidine block. 
Cells were released in the presence or absence of APH for 8.5 - 9.5 hours before being 
fixed. IF experiments to determine the proportion of lagging chromosomes were 
performed. Bar graphs show mean ± SD from three independent experiments with total 
of n=300 analyzed anaphase cells. Statistics were performed using unpaired two-tailed 
t-tests. (D) Asynchronously growing HCT116 cells were pre-treated with APH or DMSO 
for 16 hours before adding 2 μM DME for 1 hour, if indicated treatments with high APH 
concentrations of 1 μM or 2 μM were added in the last hour before measurement. 
Scatter dot blots show mean values ± SD from three independent experiments with a 
total of n=30 mitotic cells. Statistics were performed with unpaired two-tailed t-tests. 
(E) HCT116 cells were synchronized and arrested in G1/S via double thymidine block. 
Cells were released in the presence or absence of APH for 8.5 - 9.5 hours. In the last 
hour before being fixed, cells were treated with high APH concentrations of 1 μM or 2 
μM if indicated. IF experiments to determine the proportion of lagging chromosomes 
were performed. Bar graphs show mean ± SD from three independent experiments 
with total of n=300 analyzed anaphase cells. Statistics were performed using unpaired 
two-tailed t-tests. 
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In addition, low doses of 100 nM APH treatments were combined with one-hour 

treatments of high doses of APH of (1 µM or 2 µM) sufficient to completely inhibit DNA 

polymerases and thus, to prevent MiDAS. As seen for POLD3 depletion, treatments 

with high concentrations of APH did not rescue APH-mediated mitotic microtubule 

polymerization rates and formation of lagging chromosomes (Figure 4.8D and E). 

These results together with the observation that cancer relevant CIN models of induced 

origin firing by overexpression of GINS1 in HCT116 cells or CIN colorectal cancer cell 

lines do not show induced under-replicated DNA nor MiDAS (Figure 4.7) suggest that 

under-replicated DNA or MiDAS is not involved in RS-induced mitotic microtubule 

polymerization rates and chromosomes missegregation. 

4.9 RS triggers increased microtubule polymerization rates during interphase 

So far, I found that mild RS induced increased microtubule growth rates in mitosis 

leading to chromosome missegregation. Given the fact that RS occurs in interphase. I 

wondered whether microtubule growth might also be affected by RS during interphase. 

To this end, EB3-GFP transfected HCT116 cells were synchronized in G1/S by double 

thymidine block before releasing them in the presence or absence of 100 nM APH, 

concentrations sufficient to induce abnormally increased MT dynamics in mitosis, for 2 

hours (early S-phase), 6 hours (G2 phase) or 8.5 - 9.5 hours (mitosis) upon dT washout 

(Figure 4.9). Interestingly, APH treatment led to significantly abnormal increased 

microtubule polymerization rates not only in mitosis (18.8 µm/min) but already upon 2-

hour or 6-hour treatment of 100 nm APH in S-phase (19.7 µm/min) or G2-phase (18.7 

µm/min) respectively compared to appropriate timepoints with DMSO treated HCT116 

cells in S-phase (16.5 µm/min), G2-phase (16.3 µm/min) or mitosis (16.6 µm/min). 
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Figure 4.9:  RS-induced increased microtubule polymerization rates in 
interphase in HCT116 cells. Asynchronously growing EB3-GFP transfected HCT116 
cells were synchronized at G1/S via a double thymidine block. Cells were released in 
the presence or absence of APH for indicated different timepoints before measuring 
microtubule growth rates. Where indicated, inhibitors were additionally added. In case 
of mitotic microtubule growth rate measurements, 2 µM of DME was added to the cells 
1 hour prior to measurement together with indicated inhibitors. Data shown for mitotic 
microtubule polymerization rates are the same data shown in Figure 4.5 and serve 
here only as comparison values. Scatter dot blots show mean values ± SD from three 
independent experiments with a total of n=30 mitotic cells. Statistics were performed 
with unpaired two-tailed t-tests. 
 

I further investigated whether the previously found regulating effects of the DNA 

damage ATM pathway on mitotic microtubule polymerization rates upon RS also 

affected RS-induced microtubule polymerization rates in interphase (Figure 4.9). In 

fact, MRE11i, ATMi, RAD51i and RAD52i rescued APH induced mitotic microtubule 

polymerization rates in S-phase, G2-phase and mitosis. The results shown here 

suggest that RS not only induces abnormally increased microtubule polymerization 

rates in mitosis but also during interphase. Moreover, DNA damage signaling regulates 

both microtubule polymerization rates in mitosis and interphase. The role of increased 

microtubule growth in interphase was not further investigated and remains unknown. 



 

 4. Results 

 77 

4.10 RS- and ATM-dependent increased interphase microtubule polymerization 
rates in chromosomally unstable cancer cells 

To generalize the findings that RS causes abnormally increased interphase 

microtubule polymerization rates, EB3-GFP transfected asynchronously growing 

chromosomally stable non-cancerous RPE-1 hTert cells as well as the cancerous cell 

lines HCT116, DLD-1, RKO, SW480, SW480 and HT29 were analyzed for microtubule 

polymerization rates in interphase (Figure 4.10). Untreated CIN+ cells (total average: 

18.7 µm/min) showed significantly increased interphase microtubule polymerization 

rates compared to untreated MIN/MSI cells (total average: 16.8 µm/min) and untreated 

non-cancerous RPE-1 hTert cells (16.3 µm/min). 

 

 
 

Figure 4.10: Chromosomally unstable cancer cells are characterized by 
increased interphase microtubule polymerization rates which are dependent on 
ATM. Asynchronously growing EB3-GFP transfected cell lines RPE-1 hTert, HCT116, 
RKO, DLD-1 were pre-treated if indicated for 24 hours in the presence of APH before 
measurement. In case of EB3-GFP transfected cell lines SW480, SW620 and HT29, 
ATM treatment (3 µM) was applied where indicated 1 hour prior to microtubule growth 
rate measurements. Microtubule growth rates were measured in interphase cells. 
Scatter dot blots show mean values ± SD from three independent experiments with a 
total of n=30 mitotic cells. Statistics were performed with unpaired two-tailed t-tests. 
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Upon 100 nM of APH treatment, all chromosomally stable cell lines showed 

significantly increased interphase microtubule polymerization rates (RPE-1 hTert: 16.3 

µm/min to 18.8 µm/min; HCT116: 16.7 µm/min to 18.8 µm/min; DLD-1: 16.4 µm/min to 

18.3 µm/min; RKO: 17.4 µm/min to 19.1 µm/min). 

On the other hand, short-term treatment of 3 µm ATMi for 1 hour prior to measurement, 

could rescue abnormally increased interphase microtubule growth rates in all the CIN 

cell lines (SW480: 19.3 µm/min to 16.9 µm/min; SW620: 17.8 µm/min to 16.5 µm/min; 

HT29: 19.1 µm/min to 17.4 µm/min). The results here revealed that experimentally 

induced RS in chromosomally stable MIN/MSI cell lines and RPE-1 hTert cells induces 

interphase microtubule polymerization rates. ATM inhibition suppresses increased 

interphase microtubule growth rates in CIN cell lines. This suggests that RS might 

mediate microtubule polymerization rates in cancer cells also during interphase. 

4.11 Mild RS causes upregulation of DNA damage signaling in HCT116 from 
interphase to mitosis 

Since increased mitotic or interphase microtubule polymerization rates mediated by 

endogenous or experimentally induced RS can be rescued by inhibition of the ATM-

CHK2 pathway, I tested if the direct ATM downstream phosphorylation target γH2AX 

(Ser139) is induced upon mild replication stress conditions in HCT116 cells. For this, 

HCT116 cells synchronized at G1/S, then released in the presence or absence of 100 

nM APH for either 2 hours (S-phase), 6 hours (G2-phase) or 8.5 – 9.5 hours (G2/M) 

and whole cell protein lysates were subjected to western blot analysis. In fact, I found 

a significant upregulation of γH2AX (Ser139) in S-phase and G2 phase cells upon APH 

treatment in comparison to DMSO treated cells. γH2AX (Ser139) levels in mitosis 

showed clear but not significant induction upon APH treatment (Figure 4.11A). 
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Figure 4.11: Mild replication stress causes induced DNA damage signaling in 
HCT116 cells. (A) Representative Western blot detecting γH2AX in cells synchronized 
in S-phase, G2-phase or at G2/M. Quantification of western blot signals are shown in 
bar graphs with mean values ± SD from three independent experiments and are 
normalized to appropriate DMSO controls at the specific timepoints. Statistics were 
performed with unpaired two-tailed t-tests. (B) Flow cytometric analyses of 
asynchronously growing HCT116 cells pre-treated as indicated with DMSO, 100 nM 
APH, 2 µM DME or 600 nM adriamycin for 24 hours before fixation and subsequent 
analysis via flow cytometry. DNA was stained with propidium iodide and γH2AX 
(Ser139)-Alexa Fluor 488 staining was performed. Quantification of γH2AX (Ser139)-
Alexa Fluor 488 at specific cell cycle stages, distinguished by DNA content, is shown. 
Mean values of quantified mitotic indices are shown ± SD. Statistics were performed 
using unpaired two-tailed t-tests. (C) Representative images of mitotic HCT116 cells 
pre-treated with APH for 24 hours and stained for FANCD2 and γH2AX (Ser139) and 
DNA. Scale bar: 10 µm. (D) and (E) Quantification of FANCD2 and γH2AX (Ser139) 
foci in pro-metaphase HCT116 cells pre-treated for 24 hours with or without APH. 
FANCD2 and γH2AX (Ser139) foci were quantified in (D) and (E). Scatter dot blots 
show mean values ± SD from three independent experiments with a total of n=150 
mitotic cells. Statistics were performed with unpaired two-tailed t-test. 
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These western blot results could be independently confirmed in cytometric 

fluorescence experiments, detecting γH2AX (Ser139) upon 100 nM APH (Figure 

4.11B). In order to distinguish γH2AX (Ser139) expression in different phases of the 

cell cycle, cells were additionally stained with PI, thereby distinguishing G1/G0 phase 

(2N); S-phase (2-4N) and G2/M (4N) via DNA content. Long-term 24-hours 2 µM DME 

as well as 600 nM adriamycin treatment served as positive controls of DNA damage 

induced γH2AX (Ser139) levels. These positive controls revealed long-term DME 

treatment to induce mitotic arrest of the cells and showed significant induction of 

γH2AX (Ser139) in all phases of the cell cycle compared to DMSO treated HCT116 

cells. Flow cytometric analysis of adriamycin treated cells revealed enrichments of cells 

in G1/G0 as well as G2/M populations. Further, all cell cycle stages showed 

significantly induced γH2AX (Ser139) expression compared to DMSO treated HCT116 

cells. 24 hours of APH treatment slightly changed the cell cycle profile as already 

reported before (Böhly et al., 2019) and significantly induced γH2AX (Ser139) levels in 

all stages of the cell cycle.  

To specifically determine γH2AX (Ser139) in mitotic cells, asynchronously growing 

HCT116 cells were treated with or without 100 nM APH for 24 hours, subsequently 

fixed and stained for γH2AX (Ser139), FANCD2 and Hoechst33342 and imaged via IF 

microscopy (Figure 4.11C-E). γH2AX (Ser139) and FANCD2 foci in prometaphase 

cells were quantified. These analyses revealed significant induction of FANCD2 as well 

as γH2AX (Ser139) foci in mitotic cells in response to APH treatment, which is in line 

with previous results (Figure 4.7A) 

Taken together, these results indicate that mild RS induces the ATM target 

phosphorylation of γH2AX (Ser139) in S, G2 and mitosis and are in line with the 

previously reported rescue effect of ATM inhibition on RS-induced abnormal 

microtubule polymerization rates in interphase and mitosis (Figure 4.5, Figure 4.10). 
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4.12 Cell cycle arrest and γH2AX (Ser139) activation correlate with abnormally 
induced microtubule polymerization rates 

To investigate a possible link between RS induced γH2AX (Ser139) phosphorylation 

(Figure 4.11) and induced mitotic microtubule polymerization rates (Böhly et al., 2019) 

(Figure 4.5), EB3-GFP transfected HCT116 cells were long-term arrested for 16 or 24 

hours in mitosis by treatment with DME or at G1/S by a double thymidine block.  

Prolonged cell cycle arrest in mitosis or in G1 have been described to induce DNA 

damage (Dalton et al., 2007; Kurose et al., 2006) (Figure 4.11B).  

As control, DMSO treated asynchronously growing cells or thymidine washed-out cells 

released for 2 hours in medium containing DMSO served as controls. In case of DME 

treatment, 1 hour prior to analysis ATMi was added to specifically investigate the role 

of ATM signaling in that context. In G1/S arrested cells, either CDC7i was added to the 

second thymidine block for 16 hours, or ATMi, MRE11i, RAD51 as well as RAD52i was 

added to the cells 1 hour prior to measurements, to investigate possible effects of origin 

firing and DNA damage/ATM signaling (Figure 4.12B and D). In addition, whole cell 

lysates were analyzed for the DNA damage marker γH2AX (Ser139) (Figure 4.12A and 

C). 
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Figure 4.12:  Cell cycle arrest in G1/S and mitosis induce γH2AX(Ser139) 
expression and increases microtubule polymerization rates. (A) Representative 
western blot of HCT116 cells treated with 2 µM DME or DMSO for 24 hours. Actin was 
used as a loading control. (B) Asynchronously growing EB3-GFP transfected HCT116 
cells were treated for 16 or 24 hours with 2 µM DME. As control, EB3-GFP transfected 
DMSO treated HCT116 cells were treated were treated for 1 hour with 2 µM DME to 
arrest mitotic cells. Mitotic microtubule polymerization rates were measured. Scatter 
dot blots show mean values ± SD from three independent experiments with a total of 
n=30 mitotic cells. Statistics were performed with unpaired two-tailed t-tests. (C) 
Representative western blot of HCT116 synchronized at G1/S or released into early S-
phase for two hours. Actin was used as a loading control. (D) Asynchronously growing 
EB3-GFP transfected HCT116 cells were arrested in G1/S phase without release. 
CDC7i was added together with the second thymidine block for 16 hours to the cells 
overnight (ON). Other indicated inhibitors were added to the cells in combination with 
thymidine for the last hour before measuring microtubule polymerization rates in 
thymidine arrested cells. Scatter dot blots show mean values ± SD from three 
independent experiments with a total of n=30 mitotic cells. Statistics were performed 
with unpaired two-tailed t-tests. 

(A) (C) 

(D) (B) 



 

 4. Results 

 83 

Prolonged DME treatment, in fact, led to an induction of γH2AX(Ser139) (Figure 4.11B) 

and induced mitotic microtubule polymerization rates. Furthermore, long-term DME 

treatment-induced increased mitotic microtubule polymerization rates could be 

rescued to normal levels by co-treatment of ATMi one hour prior to analyses (16.5 

µm/min).  

Similarly, G1/S arrested cells also showed high levels of γH2AX(Ser139) compared to 

two-hour released HCT116 cells. Analysis of interphase microtubule polymerization 

rates in G1/S arrested HCT116 cells revealed abnormally increased microtubule 

polymerization rates (19.6 µm/min) compared to two-hours released cells (16.5 

µm/min). Short-term treatment with either MRE11i (16.7 µm/min), ATMi (16.9 µm/min), 

or RAD52i (16.6 µm/min) of double thymidine arrested cells for one hour prior to 

measurement rescued abnormally induced microtubule polymerization rates mediated 

by 24-hours DME treatment. 

These results suggest a possible link between DNA damage and abnormally increased 

microtubule polymerization rates. 

4.13 Mild RS induces ATM phosphorylation (Ser1981) in HCT116 cells 

Since RS induces the phosphorylation γH2AX(Ser139), a known ATM target, I 

investigated next, whether RS activates ATM. For this, I detected ATM 

autophosphorylation at Ser1981 in HCT116 cells upon mild RS. Asynchronously 

growing HCT116 cells were either treated with 0.2 µg/ml bleomycin for 2 hours as a 

positive control for DNA damage condition, with 100 nM of aphidicolin for 24 hours 

combined with CDC7i for the last 16 hours and in the presence or absence of one-hour 

ATMi treatments. IF staining of pATM (Ser1981) was performed combined with DNA 

staining using Hoechst 33342 (Figure 4.13A). Total intensity of nuclear pATM staining 

was automatically quantified. In fact, two-hour bleomycin treatment was sufficient to 

significantly induce pATM intensity, which could be rescued using ATMi. Interestingly, 

APH treatment in asynchronously growing cells could also significantly induce pATM 

intensity, which was suppressed upon inhibition of ATM or CDC7 (Figure 4.13B). 

These results indicate an activation of ATM upon mild RS in an origin firing dependent 

manner, further supporting the link between mild RS induced origin firing and ATM 

activation.  
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Figure 4.13: Mild replication stress induces ATM signaling in HCT116 cells. 
Asynchronously growing HCT116 cells were treated for 2 hours with 0.2 µg/ml of 
bleomycin or 100 nM APH for 24 hours. 1 µM CDC7i was combined with APH and 
added in the last 16 hours of APH treatment. If indicated, 3 µM ATMi was added to the 
cells 1 hour prior to fixation. IF staining of DNA and pATM (Ser1981) was performed 
and quantified automatically. (A) Picture shows representative images of DMSO and 
APH treated cells. Scale bar: 10 µm. (B) Quantified total intensity of nuclear pATM 
(Ser1981) is shown as scatter dot blots and is normalized to DMSO treated cells. 
Scatter dot blots show mean values ± SD from three independent experiments with a 
total of n ≥ 150 cells. Statistics were performed with unpaired two-tailed t-tests. 
 

4.14 DNA damage triggers increased microtubule polymerization rates in mitosis 

Since ATM-dependent DNA damage signaling is activated upon RS and required for 

increasing mitotic microtubule growth rates, I hypothesized that DNA damage itself 

might be sufficient to trigger mitotic defects and chromosome missegregation. To test 

this hypothesis, bleomycin, known to induce DNA double strand breaks (Povirk et al., 

1989), was used at low concentrations ranging from 0.15 µg/ml – 5 µg/ml. Interestingly, 

0.15 µg/ml of bleomycin was sufficient to mimic the weak APH-induced γH2AX 

(Ser139) phosphorylation in HCT116 cells (Figure 4.14A), although this experiment 

was performed only once. 

Further, western blot experiments confirmed the activation of ATM (by detecting 

phospho-ATM (Ser 1981) and phosphorylation of γH2AX (Ser139)) upon treatment 

with low concentrations of bleomycin (Figure 4.14B). To determine microtubule growth 

(A) (B) 
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rates, EB3-GFP transfected HCT116 cells were released from a double thymidine 

block for 2 hours (S-phase) or 9.5 hours (G2/M) in the absence or presence of 0.15 

µg/ml of bleomycin. Additionally, cells were treated with either CDC7i (for 2 hours after 

double thymidine release), ATMi or RAD52i (both 1 hour prior to measurement).  

Interestingly, bleomycin treatment induced microtubule polymerization rates in S-

phase (18.4 µm/min) as well as in mitosis (18.1 µm/min). To induce this defect, a 2-

hour S-phase treatment of bleomycin with subsequent washout (19.6 µm/min) was 

sufficient. Additional S-phase CDC7i treatment for 2 hours upon double thymidine 

block release could neither rescue abnormally increased microtubule growth rates in 

S-phase (18.7 µm/min) nor in mitosis (18.1 µm/min). However, a one-hour ATMi or 

RAD52i treatment significantly rescued bleomycin induced microtubule polymerization 

rates in S-phase and mitosis (Figure 4.14C). 

In line with these results, bleomycin treatment from S-phase to mitosis also induced 

the formation of lagging chromosomes. A two-hour bleomycin treatment during early 

S-phase with subsequent wash-out of bleomycin (S) was also sufficient to significantly 

induce the formation of lagging chromosomes. Additional mitotic ATMi or RAD52i 

treatment for 1 hour prior to fixation of mitotic cells could rescue bleomycin induced 

formation of lagging chromosomes. However, CDC7i treatment during S-phase was 

not able to rescue S-phase bleomycin treatment induced formation of lagging 

chromosomes (Figure 4.14D), indicating that bleomycin-induced chromosome 

missegregation occurs independent of RS. 

To directly investigate whether bleomycin-induced DNA damage is associated with RS, 

DNA combing analyses of cells treated with bleomycin or APH combined with MRE11i 

and ATMi were performed (Figure 4.14E and F). As described before (Figure P2, 

Figure M5A and B), APH treatment significantly reduces fork progression rates (0.64 

kb/min) and inter-origin distances (75.0 kb). 
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Figure 4.14: DNA damage triggers abnormally increased microtubule 
polymerization rates in interphase and in mitosis and causes chromosome 
missegregation independent of RS. (A) Western blot analysis detecting activated 
ATM and phosphorylated H2AX upon treatment of HCT116 cells with 100 nM APH (24 
hours) or with increasing concentrations of bleomycin for 2 hours. Actin was used as a 
loading control. Experiment was performed as a single replicate. (B) Representative 
western blot of thymidine arrested and released HCT116 cells for 2 hours in DMSO, 
0.15 µg/ml bleomycin or 0.15 µg/ml bleomycin combined with 3 µM ATMi treatment. 
Actin was used as a loading control. (C) Determination of microtubule growth rates. 
Double thymidine arrested HCT116 cells were released for 2 hours (S-phase) or 8.5 – 
9.5 hours (mitosis) in the presence of 0.15 µg/ml bleomycin, 1µM CDC7i, 3 µM ATMi 
and 20 µM RAD52i treated in the last hours before measurement. Bleomycin and 
CDC7i was washed out 2 hours after incubation (S). Scatter dot blots show mean 
values ± SD from three independent experiments with a total of n=30 mitotic cells. 
Statistics were performed with unpaired two-tailed t-tests. (D) Bar graphs show 
proportion of lagging chromosomes as mean ± SD from three independent 
experiments with total of n=300 analyzed anaphase cells treated as described in (C). 
Statistics were performed using unpaired two-tailed t-tests. (E) Combing analysis of 
APH in combination with or without 20 µM MRE11i or 3 µM ATMi, 0.15 µg/ml 
bleomycin. Fork progression rates were analyzed using unidirectional fibers. Scatter 
dot-plots show mean ± SD from at least two independent experiments in case of 
DMSO, APH and bleomycin with a total of n≥600 analyzed unidirectional forks and only 
one replicate in case of APH + MRE11i and APH + ATMi with a total of n≥300 analyzed 
unidirectional forks. Statistics were performed using unpaired two-tailed t-tests. (F) 
Inter-origin distances were analyzed by measuring the distance between two 
neighboring, activated origins. Scatter dot-plots show mean ± SD from at least two 
independent experiments in case of DMSO, APH and bleomycin with a total of n≥100 
analyzed inter-origin distances and only one replicate in case of APH + MRE11i and 
APH + ATMi with a total of n≥50 analyzed inter-origin distances. Statistics were 
performed using unpaired two-tailed t-tests. 
 

However, 0.15 µg/ml of bleomycin treatment, sufficient to induce abnormally increased 

microtubule polymerization rates in S-phase and mitosis, did only slightly induce fork 

progression rates (1.20 kb/min) and showed no effect on inter-origin distances (129.5 

kb) compared to DMSO control treatment. APH combined with MRE11i or ATMi 

treatment showed also only slight changes in fork progression rates (APH + MRE11i: 

0.59 kb/min; APH + ATMi: 0.54 kb/min) and no effect on inter-origin distances (APH + 

MRE11i: 80.1 kb; APH + ATMi: 78.0 kb) compared to APH treated HCT116 cells. 

The results presented here show that RS-independent DNA damage induced by 

bleomycin is sufficient to induce abnormally increased microtubule polymerization 

rates and chromosome missegregation.  
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4.15 ATM-dependent DNA damage signaling is required for RS-induced mitotic 
defects in CIN+ cells 

As shown before APH-induced mild RS leads to increased mitotic microtubule 

polymerization rates in chromosomally stable cells and triggers chromosome 

missegregation, which is dependent on RS-induced origin firing (Schmidt et al., 2021B) 

and on ATM-dependent DNA damage signaling (Figure 4.5C and D). To investigate if 

increased origin firing and ATM signaling is also key to chromosome missegregation 

in CIN+ cells, I determined mitotic defects in various CIN cell lines (SW480, SW620, 

HT29) after suppression of origin firing by CDC7 inhibition or upon inhibition of MRE11, 

ATM or CHK2 (Figure 4.15A and B).  

In all CIN cell lines, abnormally increased mitotic microtubule polymerization rates 

were significantly rescued by CDC7i, MRE11i, ATMi and CHK2i (Figure 4.15A). 

Accordingly, the treatments also suppressed the generation of chromosome 

missegregation in all three CIN cell lines (Figure 4.15B).  

Origin firing-dependent rescue of the mitotic defects in the CIN cell lines were in line 

with the results reported in (Schmidt et al, 2021B; Figure M7C and D). Overall, these 

results show that endogenous RS-induced mitotic defects in CIN cancer cells are 

dependent on increased origin firing and on activated DNA damage signaling. 

To exclude possible unspecific effects of the used inhibitors, MRE11 and ATM were 

depleted using siRNAs in the three CIN cell lines (Figure 4.16A) and mitotic 

microtubule growth rates were determined again. Similar to the results using the 

inhibitors, siMRE11 (SW480: 16.3 µm/min; SW620: 16.4 µm/min; HT29: 16.8 µm/min) 

and siATM (SW480: 16.3 µm/min; SW620: 16.3 µm/min; HT29: 16.4 µm/min) 

treatment in all used CIN cell lines significantly rescued increased microtubule growth 

rates (Figure 4.16B) and suppressed the proportion of cells with lagging chromosomes 

(siMRE11: SW480: 3.7 %: SW620: 3.0 %; HT29: 5.7 %; siATM: SW480: 2.7 %; 

SW620: 3.7 %; HT29: 3.3 %) (Figure 4.16C). Taken together, the results presented 

here indicate that RS-induced mitotic defects in CIN+ cells are mediated not only by 

increased origin firing during S-phase, but also by activated ATM-dependent DNA 

damage signaling in S- and G2-phase 
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Figure 4.15:  Origin firing and DNA damage/ATM signaling regulates mitotic 
microtubule polymerization rates and causes chromosome missegregation in 
CIN+ cells. (A) Asynchronously growing cell lines SW480, SW620 and HT29 were 
treated for 16 hours if indicated. 1 hour prior to mitotic growth rate measurements, 
indicated inhibitors and 2 µM DME were added to the cells. Scatter dot blots show 
mean values ± SD from three independent experiments with a total of n=30 mitotic 
cells. Statistics were performed with unpaired two-tailed t-tests. (B) Double thymidine 
arrested cells were released upon double thymidine block for 8.5 – 9.5 hours upon 
DMSO or APH and CDC7i treatment. 1 hour prior to fixation, MRE11i, ATMi and 
CHK2i, if indicated, were added. Proportion of anaphase cells with lagging 
chromosomes were quantified. Bar graphs show proportion of lagging chromosomes 
as mean ± SD from three independent experiments with total of n=300 analyzed 
anaphase cells. Statistics were performed with unpaired two-tailed t-tests. 

(B) 

(A) 
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Figure 4.16:  ATM and MRE11 depletion rescues abnormally increased mitotic 
microtubule polymerization rates and the formation of lagging chromosomes in 
CIN+ cells. (A) Representative western blots showing decreased ATM and MRE11 
protein levels upon siRNA mediated knock-down in SW480, SW620 or HT29 cells. 
Actin was used as a loading control. (B) Measurement of mitotic microtubule growth 
rates in SW480, SW620 and HT29 cells. EB3-GFP transfected SW480, SW620 and 
HT29 cells were additionally depleted of ATM or MRE11 via siRNA mediated 
knockdown. 2 µM DME was added 1 hour prior to mitotic microtubule growth rate 
measurements to the cells. siLUCIFERASE (siLUCI) was used as a control. Scatter 
dot blots show mean values ± SD from three independent experiments with a total of 
n=30 mitotic cells. Statistics were performed with unpaired two-tailed t-tests. (C) 
Quantification of the proportion of SW480, SW620 and HT29 cells showing lagging 
chromosomes. siRNA mediated ATR and MRE11depleted SW480, SW620 and HT29 
cells were arrested in G1/S using double thymidine block. Upon 9.5 hours of thymidine 
release, cells were fixed, and IF was performed to quantify the proportion of cells with 
lagging chromosomes. Bar graphs show proportion of lagging chromosomes as mean 
± SD from three independent experiments with total of n=300 analyzed anaphase cells. 
Statistics were performed with unpaired two-tailed t-tests.   

(B) 

(A) 

(C) 
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5. Discussion 

Chromosomal instability is a major hallmark of human cancer, which was shown to fuel 

tumorigenesis, tumor progression, tumor evolution and therapy resistance (Bach et al., 

2019). It was recently shown that RS (i.e., slowed, or stalled replication fork 

progression) links structural as well as whole chromosomal instability in human cancer 

(Burrell et al., 2013). However, the exact mechanism of how RS during S-phase causes 

chromosome missegregation in mitosis was not elucidated so far. This study 

addressed this important question and showed, (i) that only mild RS can escape 

checkpoint control, being relevant in the cancer-context, (ii) that mild RS causes 

aneuploidy by deregulating mitotic microtubule dynamics, (iii) that increased origin 

firing links RS to chromosome missegregation, and suggests, (iv) that RS-induced 

DNA damage signaling is the key mechanism to trigger aneuploidy in human cancer. 

5.1 Characterization of cancer-relevant replication stress conditions  

It has been previously reported that CIN+ colorectal cancer cell lines, in contrast to 

chromosomally stable cancer cells, suffer from endogenous replication stress (Burrell 

et al., 2013). However, comparable analyses in chromosomally stable cells using the 

DNA polymerase inhibitor APH, at concentrations inducing RS at physiological levels 

observed in CIN+ cells, were not reported previously. To investigate the role and 

phenotypic effects of cancer-relevant RS conditions it is of high importance to 

characterize these RS conditions. 

In this study cancer-relevant RS conditions were investigated by comparing the state 

of CIN+ cancer cell lines with endogenous RS (low levels) to chromosomally stable 

cancer cells with experimentally induced RS by APH treatment. DNA combing 

experiments revealed that treatment of chromosomally stable HCT116 cells with very 

low concentrations of APH (50 - 100 nM), were sufficient to mimic RS conditions 

typically seen in CIN+ cells and were thus defined as mild or cancer-relevant RS levels. 

In fact, only these mild RS levels (induced by up to 100 nM APH) allow long-term 

proliferation whereas RS conditions exceeding these mild levels cause checkpoint 

activation and thus cell cycle arrest, as previously reported (Koundrioukoff et al., 2013). 

Concurrently, endogenous RS levels in CIN+ cells are very mild and are therefore also 
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expected to escape ATR-CHK1-dependent replication checkpoint control. Previous 

reports discuss that high levels of RS, which causes severe DNA damage, induces cell 

cycle arrest or apoptosis, while cancer-relevant mild RS promotes tumorigenesis by 

allowing cell cycle progression (Berti and Vindigni, 2016; Gaillard et al., 2015; Lecona 

and Fernandez-Capetillo, 2014; Técher and Pasero, 2021; Zhang et al., 2016). 

Together, this underscores the major importance of physiologically occurring mild RS 

in tumorigenesis and tumor progression rather than high RS levels whose tolerance 

prerequisites specific cellular conditions such as defects in HR or cell cycle checkpoint 

regulation (Kolinjivadi et al., 2017; Técher et al., 2017). 

It is intriguing that most previous studies investigated replication stress and its effects 

using moderate to severe RS levels e.g., induced by high APH concentrations (> 200 

nM) (Burrell et al., 2013; Chan et al., 2009; Minerhomji et al., 2015; Mocanu et al., 

2022; Wangsa et al., 2018; Wilhelm et al., 2019). This highlights the importance of this 

study to define cellular responses to cancer-relevant RS conditions. 

Interestingly, several evolving adaptation mechanisms have been described enabling 

cancer cells to tolerate RS such as increasing nucleotide biosynthesis, replication fork 

stabilization and protection and excessive origin firing (Segeren and Westendorp, 

2022). Spontaneous overexpression of Claspin and Timeless, typically seen in human 

cancers, increases RS tolerance by protecting replication forks from stalling and 

associated DNA damage accumulation especially at CFSs (Bianco et al., 2019). 

Studies in budding yeast further revealed evolutionary mutational patterns in specific 

functional modules to adapt constitutive RS conditions including DNA replication, 

altering replication dynamics to compensate RS-associated defects, evolving 

mutations that stabilize sister chromatid cohesion and inactivation of DNA damage 

checkpoints (Fumasoni and Murray, 2020; Fumasoni and Murray, 2021). These long-

term adaptation mechanisms might explain why short-term RS-inducing treatment in 

MIN cells show RS-associated phenotypic defects which were not observed in CIN+ 

cells, suffering from enduring endogenous RS.  
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5.2 Mild replication stress induces abnormal mitotic microtubule polymerization 
rates triggering chromosome missegregation resulting in aneuploidy 

Abnormal microtubule polymerization rates were previously described to be a key 

trigger for numerical chromosomal instability in colorectal cancer cells by causing 

transient spindle geometry defects in pro-metaphase, thereby resulting in mitotic 

chromosome missegregation (Ertych et al.,2014). Furthermore, CIN+ colorectal cancer 

cell lines are characterized by abnormally increased mitotic microtubule polymerization 

rates. Restoring normal microtubule polymerization rates in these cells by treatment 

with sub-nanomolar doses of taxol or depletion of the microtubule polymerase ch-TOG, 

could rescue chromosome missegregation (Ertych et al., 2014; Ertych et al., 2016; 

Lüddecke et al., 2016; Schmidt et al., 2021; Pudelko et al., 2022).  

Interestingly, mild RS induced by 20-100 nM APH in chromosomally stable HCT116 

cells, which do not suffer from endogenous RS, was found in my work to be sufficient 

to induce abnormally increased microtubule polymerization rates in mitosis. Moreover, 

restoring microtubule polymerization rates by treatment with sub-nanomolar 

concentrations of taxol restored proper microtubule growth rates upon mild RS, 

indicating that increased microtubule assembly rates mediate RS-induced whole 

chromosome missegregation. 

Intriguingly, the strongest effect of RS on the observed mitotic defects was observed 

when inducing RS during early S-phase, indicating a special role of early S-phase in 

this context. In fact, previous studies already showed that early DNA replication is 

particularly susceptible to RS and genome instability (Frum et al., 2008; Sabatinos et 

al., 2015). Furthermore, previous studies described distinct replication patterns during 

S-phase with early S-phase showing a well-defined pattern including mostly conserved 

core origins (Akerman et al., 2020, Guilbaud et al., 2022). This might suggest that RS 

during early S-phase changes replication patterns by activation of additional dormant 

origins (Méchali, 2010; Renard-Guillet et al., 2014; Zeman and Cimprich, 2014), 

thereby possibly linking additional origin firing during S-phase and mitotic defects upon 

RS. 

However, how mild RS induces microtubule polymerization rates still remains unclear. 

In this context, mass spectrometry proteomics analyses are desirable to identify 

phospho-proteomic changes specifically induced upon mild RS. This might lead to the 
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identification of downstream target proteins regulated by mild RS, and which might be 

directly involved in the regulation of microtubule plus end dynamics (Galjart, 2010). A 

possible candidate is the well-known microtubule polymerase ch-TOG, whose 

depletion can indeed rescue abnormally increased microtubule dynamics in CIN+ cells 

(Ertych et al., 2014; Lüddecke et al., 2016; Pudelko et al., 2022; Schmidt et al., 2021). 

In conclusion, experimentally induced mild RS mediates abnormally increased 

microtubule growth rates during mitosis in otherwise chromosomally stable HCT116 

cells, which causes chromosome segregation defects resulting in aneuploidy. 

5.3 RS-induced origin firing triggers chromosome missegregation via increased 
microtubule polymerization rates  

RS-associated slow-down and stalling of replication forks was previously described to 

cause under-replicated DNA, which can be detrimental for cells (Zeman and Cimprich, 

2014). To circumvent this scenario upon RS, induction of additional, dormant origin 

firing is a well-described mechanism to complete the replication process in time 

(Courtot et al. 2018; Ge et al., 2007; McIntosh and Blow, 2012; Shima et al., 2017; 

Técher et al., 2017). It was therefore not surprising that CIN+ cells, suffering from 

endogenous RS, are not only characterized by decreased fork progression rates but 

also show activation of additional replication origins. This was the reason why I further 

investigated a possible link between origin firing, as a consequence of RS, and 

chromosome missegregation. Interestingly, we found that experimentally deregulated, 

increased origin firing by overexpression of single origin firing regulating genes such 

as GINS1 or CDC45, the deregulation of the ATR-CHK1-CDK1-RIF1 axis in S-phase, 

previously linked to origin firing regulation (Moiseeva et al., 2019), or the induction of 

additional origin firing by APH treatment, triggered abnormally increased microtubule 

assembly rates and, consequently chromosome missegregation in mitosis.  

The findings of a possible role of induced origin firing in causing aneuploidy was 

surprising since inhibition of dormant origin firing and failure to complete replication 

upon RS was strongly associated with structural chromosome instability (Alver et al., 

2014; Siri et al., 2021; Zeman and Cimprich, 2014). However, how exactly additional, 

dormant origin firing is mechanistically linked with mitotic defects could not be 

elucidated in this study. In that context, mass spectrometry experiments upon induced 
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origin firing could reveal down-stream targets of origin firing signaling with possible 

roles in regulating microtubule polymerization. Interestingly, previous results revealed 

roles for CDK1, PLK1 and ATR during G2 to cause chromosome missegregation by 

premature centriole disengagement upon RS (Wilhelm et al., 2019). Intriguingly, CDK1 

activation was previously reported to activate origin firing during S phase (Moiseeva et 

al., 2019) and described to deregulate microtubule polymerization rates (Schmidt et 

al., 2021; Schmidt et al., 2021B). These studies suggest a possible role for CDK1 

signaling to mechanistically link S-phase associated increased origin firing and whole 

chromosome missegregation upon RS in human cancer by increased mitotic 

microtubule polymerization rates (Schmidt et al., 2021B) or premature centriole 

disengagement (Wilhelm et al., 2019). 

Moreover, a recent study in yeast showed that induced origin firing upon RS causes 

DNA topological stress, which can result in chromosome segregation defects 

(Morafraile et al., 2019). DNA topological stress upon RS-induced origin firing was 

reported recently to cause head-on transcription-replication conflicts and the formation 

of R-loops (Hamperl et al., 2017; Lang and Merrikh, 2021). Thus, it is tempting to 

speculate that additional origin firing might increase the probability of these 

transcription-replication conflicts (Jones et al., 2013; Macheret and Halazonetis, 2018), 

thereby inducing DNA damage-associated R-loops. More recently, mutations in or loss 

of specific R-loop regulators such as the tumor suppressor DDX41 or the ARID1A 

encoded factor, frequently observed in specific cancer types, were shown to cause R-

loop formation, RS and DNA damage (Mosler et al., 2021; Tsai et al., 2021), suggesting 

a link between R-loop formation and genomic instability. 

Further investigations need to be performed to elucidate if mild RS-mediated increased 

origin firing rates indeed cause replication-transcription conflicts and the formation of 

R-loops. One possible way would be to perform EdUseq-HU upon mild RS conditions, 

an experiment aimed to sequence and determine newly replicated, origin proximal 

DNA from synchronized cells (Macheret and Halazonetis, 2019). Comparing this 

experimental setup with ChIP-seq experiments to map R-loops (e.g., by performing 

DRIP-seq), would show if regions of additional, dormant origin firing induced upon mild 

RS are directly linked to the formation of R-loops (Sanz and Chédin, 2019).  
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5.4 A possible link between oncogene-induced RS and aneuploidy? 

Oncogene activation, through genetic changes such as mutations or copy number 

gains (Vogelstein et al., 2004; Albertson et al., 2003) causing genome instability is an 

early driver of tumorigenesis (Kotsantis et al., 2018). In fact, it was reported that copy 

number gains of several oncogenes such as MYC or CCNE1 (encoding Cyclin E) are 

frequently detected in chromosomally unstable cancer cell lines (Berg et al., 2017; 

Davoli et al., 2013; Habermann et al., 2010; Simone et al., 2002; Spruck et al., 1999; 

Zhang and Kschischo, 2022). Overexpression of MYC or CCNE1 were described to 

cause mitotic spindle assembly defects by deregulation of microtubule organization 

and chromosome alignment defects resulting in aneuploidy (Keck et al., 2007; 

Rohrberg et al., 2020).  

Oncogene activation has been strongly associated with RS, possibly resulting in 

decreased replication fork progression, origin firing deregulation, aberrant nucleoside 

metabolism and increased probability of transcription-replication conflicts (Kotsantis et 

al., 2018; Primo and Teixeira et al., 2020; Sarni and Kerem, 2017). Overexpression of 

oncogenes such as CCNE1, c-MYC, RAS, and BCL2 are associated with shortage of 

nucleotide pools (Aird et al., 2013; Bester et al., 2011; Macheret and Halazonetis, 

2015; Xie et al., 2014). Nucleotide shortage can cause decreased replication fork 

progression rates and indirectly induce origin firing (Bester et al., 2011). Notably, 

counteracting endogenous RS by nucleoside supplementation, as previously 

described (Burrell et al., 2013; Wilhelm et al., 2014), rescued abnormally increased 

microtubule polymerization rates and chromosome missegregation in CIN+ cell lines 

(Böhly et al., 2019), suggesting a role for oncogene-induced RS as a source for 

aneuploidy in human cancer. 

Moreover, several oncogenes were reported to regulate origin firing through different 

mechanisms. Cyclin E for example associates with CDK2 and promotes G1/S 

transition and origin firing by phosphorylation of Treslin (Boos et al., 2011, Kumgai et 

al., 2011). c-MYC was found to interact with the pre-replicative complex and thereby 

directly regulates origin firing (Dominguez-Sola et al., 2007). In addition, c-MYC 

overexpression mediated induction of replication initiation as well as fork-stalling or 

collapse is described to be dependent on down-stream action of CDC45 and GINS 

(Srinivasan et al., 2013). Oncogene-induced RS upon CCNE1 or MYC induction was 
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previously described to shorten G1 phase by premature entry into S-phase due to 

activation of intragenic origin firing, resulting in transcription-replication conflicts 

(Macheret and Halazonetis, 2018). Further, c-MYC and h-RAS regulate origin firing by 

transcriptionally inducing replication initiation factors (Leone et al., 1997). In the study 

presented here, we showed that restoring origin firing rates in CIN+ colorectal cancer 

cells rescued endogenous RS-mediated mitotic defects (Schmidt et al., 2021B). In that 

context, it is tempting to hypothesize that the commonly observed overexpression of 

oncogenes in human cancer acts as a key mechanism in causing aneuploidy through 

deregulation of mitotic microtubule polymerization rates triggered by increased 

additional origin firing. Furthermore, we show that genes regulating origin firing, such 

as CDC45 and GINS1 strongly correlate with whole chromosomal instability in human 

cancers. In fact, we showed that overexpression of GINS1 or CDC45 induce 

chromosome missegregation via increased mitotic microtubule dynamics in vivo 

(Schmidt et al., 2021B). These results suggest genes deregulating origin firing as 

potential proto-oncogenes. Further studies overexpressing oncogenes and 

subsequent analyses of RS, origin firing, and the induction of mitotic defects are 

required to further unravel the link between oncogene-induced additional origin firing 

and abnormally increased microtubule polymerization rates. 

5.5 Mild replication stress causes increased interphase microtubule growth 
rates 

Increased microtubule polymerization rates in mitosis are well described to cause 

transient spindle mispositioning in pro-metaphase consequently leading to erroneous 

microtubule-kinetochore attachments resulting in chromosome missegregation and 

aneuploidy (Ertych et al., 2014). In addition, studies from our lab, also described in this 

thesis, indicated that mild RS and increased origin firing can trigger increased 

microtubule growth rates consequently leading to chromosome missegregation and 

aneuploidy (Böhly et al., 2019; Schmidt et al., 2021B). 

However, it was surprising to find that RS also induced increased microtubule growth 

rates not only in mitosis, but already in interphase, most notably in S-phase. A role for 

increased microtubule dynamics in interphase is currently not understood. 

Interestingly, a recent study in yeast revealed a role for interphase microtubules to 
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restrict detrimental effects of RS to S-phase, thus allowing mitotic progression 

(Laflamme et al., 2019). Further, increased interphase microtubule dynamics were 

recently described to play a role triggering melanoma cancer cell invasiveness 

(Pudelko et al., 2022). Also, near-tetraploid cancer cells suffering from replication 

stress were reported to show increased cell migration and invasion (Wangsa et al., 

2018), while chromosomal instability in general was previously associated with cancer 

cell invasiveness (Benhra et al., 2018; Roschke et al., 2008). These observations 

suggest that RS triggers microtubule dynamics in interphase, which might contribute 

to the deregulation of cell migration and invasion in human cancer. In addition, a recent 

study reported a mechanism by which cell migration induced nuclear deformation and 

the generation of RS and DNA damage (Shah et al., 2021), supporting a link between 

RS and cell migration. Taken together, these previous findings suggest a possible link 

between interphase microtubule polymerization rates and cell invasion and genomic 

stability. However, whether RS-induced interphase microtubule polymerization rates in 

colorectal cancer cells impact their cell invasion activity was not further investigated in 

my thesis and deserves further future work. 

5.6 Mitotic DNA damage signaling as a mediator for chromosome 
missegregation upon mild RS 

Although we identified a clear causal link between mild RS and the induction of mitotic 

defects and W-CIN it remained an important question how RS causes the observed 

increase in microtubule dynamics that is responsible for whole chromosome 

missegregation in mitosis. To address this question, I performed a mini screen for 

potential candidates, whose inhibition at G2/M suppressed increased mitotic 

microtubule growth rates upon RS. Interestingly, this approach led to the result that 

components of the DNA damage signaling (ATM, CHK2, MRE11, RAD51, RAD52) as 

well as the mitotic kinase Aurora-A are required for efficient increase of microtubule 

growth rates after RS. The latter was not unexpected since prior studies of our lab 

already showed that Aurora-A activity is upregulated in CIN+ cells with increased 

microtubule growth. Moreover, Aurora-A inhibition suppressed mitotic defects and W-

CIN in those cells (Ertych et al., 2016). Intriguingly, prior studies in our group showed 

that CHK2 mediated phosphorylation of BRCA1 (Ser988) restrains Aurora-A 
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localization at mitotic centrosomes, to regulate microtubule polymerization rates in 

mitosis (Ertych et al., 2014). In this context, depletion of CHK2 or BRCA1 was shown 

to induce abnormally increased microtubule polymerization rates and the formation of 

lagging chromosomes in chromosomally stable colorectal cancer cells (Ertych et al., 

2014; Ertych et al., 2016; Stolz et al., 2010). However, the thesis presented here 

revealed that inhibition of CHK2 restores abnormally increased microtubule 

polymerization rates in RS-induced chromosomally stable HCT116 cells as well as in 

CIN+ cancer cells. A possible explanation might be that two distinct ways, leading to 

increased microtubule polymerization rates and consequently chromosome 

missegregation, exist implicating CHK2. While the data presented previously described 

the mitotic role of CHK2 to restrain Aurora-A activity at centrosomes and thereby 

regulating proper microtubule polymerization rates under physiological conditions 

(Ertych et al., 2014; Ertych et al., 2016; Stolz et al., 2010), the data in this thesis 

hypothesizes a role of CHK2 in DNA damage response upon experimentally induced 

or endogenous RS to mediate abnormally increased microtubule polymerization rates. 

Furthermore, CHK2 pharmacological inhibition used in this thesis, in contrast to CHK2 

depletion via knock-out (Ertych et al., 2014; Ertych et al., 2016), allows scaffold 

interaction with other proteins as well as the possibility of basal signaling, while 

inhibiting RS-induced CHK2 signaling. Importantly, both described ways to induce 

abnormally increased microtubule polymerization rates are mediated via mitotic 

Aurora-A signaling. 

In contrast to Aurora-A, Aurora-B, a key regulator of proper microtubule kinetochore 

attachments as part of the CPC (Welburn et al., 2010), was not found to regulate 

microtubule dynamics after RS. This might be because Aurora B acts at later 

timepoints during in mitosis (Bastos et al., 2013; Papini et al., 2021). 

Most significantly, mitotic inhibition of proteins involved in DNA damage response and 

repair signaling, namely MRE11, ATM, CHK2, RAD51 and RAD52, all rescued APH-

induced mitotic microtubule growth rates and accordingly, also the formation of lagging 

chromosomes. Interestingly, inhibiting the DNA damage response factors MRE11, 

ATM, CHK1, RAD51 and RAD52 likewise rescued APH induced microtubule 

polymerization rates in S- and G2-phase, suggesting that the DNA damage signaling 
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pathway is involved in regulating RS-induced mitotic and interphase microtubule 

polymerization rates.  

These findings led us to hypothesize that DNA damage upon RS might trigger mitotic 

microtubule polymerization rates and whole chromosome mis-segregation. Former 

studies linked mitotic DNA damage signaling and chromosome mis-segregation. For 

instance, Bakhoum and colleagues showed that DNA damage signaling during mitosis 

stabilizes microtubule-kinetochore attachments via Aurora A and PLK1, causing whole 

chromosomal mis-segregation, thereby providing a link between structural and whole 

chromosomal instability in cancer cells (Bakhoum et al., 2014). Also, previous results 

from pluripotent stem cells indicated RS to cause DNA damage and subsequent mitotic 

defects (Halliwell et al., 2020). 

It is important to note that DNA damage response factors including ATM, CHK2, 

MRE11, RAD51 and RAD52 involved in HR (Nogueira et al, 2019) but not in NHEJ 

(DNA-PKcs) (Summers et al., 2011) rescued RS-induced microtubule polymerization 

rates. Thus, HR-dependent processes might particularly play a role in regulating 

microtubule dynamics and chromosome missegregation in mitosis. In fact, it was 

previously shown that DNA damage repair in mitosis is not inhibited and can take place 

via HR as well as through NHEJ (Godinez et al., 2020). Furthermore, it has been shown 

that HR and NHEJ both play roles in replication associated-DNA damage repair upon 

RS (Schwartz et al., 2005; Jackson, 2002; Sonoda et al., 2006) while HR was 

described to have additional roles in fork protection (Lundin et al., 2002). Specifically, 

HR proteins such as BRCA1, BRCA2 and RAD51 were reported to play key-roles in 

fork reversal and protection independently from their involvement in HR (Kolinjivadi et 

al., 2017; Zellweger et al., 2015), raising the possibility that those factors mediate RS-

induced mitotic defects independently of their function in HR. Further, DNA damage at 

collapsed forks, described as ‘one-ended breaks’, are strongly associated with break-

induced DNA repair (BIR), a HR pathway, which involves the functions of RAD51 and 

RAD52 (Davis and Symington, 2004). Moreover, MiDAS was described as a BIR-like 

process including participation of HR factors such as RAD52 (Macheret et al., 2020). 

However, the results from my study showed that DNA synthesis during POLD3 

dependent MiDAS and BIR does not seem to play a role in mediating mitotic defects 
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such as abnormal microtubule polymerization rates as well as chromosome 

missegregation. 

The findings in this study reveal a connection between RS-induced DNA damage 

response in mitosis and the regulation of microtubule polymerization rates. This link 

might be mediated via Aurora-A signaling but it remains unclear if pathways or single 

factors of the DNA damage response induce these effects. Further experiments need 

to be performed to unravel the roles of specific factors involved in the DNA damage 

response or fork protection in mediating the deregulation of microtubule dynamics. 

5.7 Is DNA damage a general trigger for mitotic chromosome missegregation 
and W-CIN? 

Since DNA damage signaling and/or repair acts as a key mediator for the induction of 

increased MT dynamics upon mild RS we wondered whether DNA damage 

independently of RS can trigger the same mitotic defects leading to W-CIN. Indeed, 

treatment with the radiomimetic DNA single and double-strand break causing drug 

bleomycin (Chen et al., 2008), similarly induced abnormally increased microtubule 

polymerization rates as well as the formation of chromosome missegregation as seen 

upon induction of mild RS. Importantly, these RS-independent, bleomycin-induced 

mitotic defects were observed without slowing of replication forks or induction of origin 

firing rates. Therefore, it was not surprising that RS-independent DNA damage induced 

mitotic defects could be rescued by inhibition of ATM and RAD52 during mitosis but 

not by CDC7 inhibition during S-phase, reinforcing the RS independency. 

These results further support the hypothesis that (mild or localized) DNA damage upon 

mild RS, but not RS itself is important for triggering chromosome mis-segregation in 

the subsequent mitosis. Furthermore, APH-induced dormant origin firing was not 

suppressed by MRE11 or ATM inhibition suggesting that DNA damage signaling acts 

downstream of RS and induced origin firing in CIN+ cancer cells. Since only significant 

DNA damage causes fork stalling (Willis and Rhind, 2009), the results here also 

indicate that mild RS or low levels of bleomycin treatment (0.15 μg/ml) induce low 

levels of DNA damage locally leading to weak ATM signaling, not affecting replication, 

and allowing cell cycle progression. However, how exactly DNA damage induces 

microtubule polymerization rates needs to be further investigated.  
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In this context it is interesting that DNA damage response factors such as ATR, CHK1, 

CHK2, BRCA1/2 and RAD51 are localized to mitotic centrosomes, the main 

microtubule organizing center, but also in the nucleus suggesting a possible link 

between microtubules and DNA damage repair (Chouinard et al., 2013; Hsu et al 2001; 

Shimada et al., 2009; Zhang et al., 2007). One possible factor to link DNA damage and 

microtubule dynamics could involve Centrobin, which was described as an ATM and 

ATR substrate (Ryu and Kim, 2019; Matsuoka et al., 2007). Centrobin interacts with α-

tubulin (Gudi et al., 2011) and has been shown to regulate microtubule stabilization 

during interphase and mitosis (Lee et al., 2010; Park et al., 2013) and plays a key role 

in correct spindle orientation (Gallaud et al., 2020). Furthermore, Centrobin was initially 

found to regulate centriole duplication and elongation (Jeong et al., 2007; Zou et al., 

2005). RS on the other hand has been previously described to cause whole 

chromosome missegregation by centriole defects (Wilhelm et al., 2019), supporting a 

possible role of Centrobin in mediating mitotic defects upon RS.  

Moreover, DNA damage was also shown to influence microtubule organization, which 

might contribute to proper DNA damage repair (Oshidari et al., 2018), thus supporting 

the functional interplay between DNA damage and microtubules. Interestingly, 

interphase microtubule dynamics have also been shown to play roles in DNA damage 

repair and genomic stability (Kim, 2022). Hereby, cytoplasmic microtubule dynamics 

during interphase can regulate and organize (i) chromatin remodeling upon DNA 

damage for efficient recruitment of repair factors (Gerlitz et al., 2007; Dos Santos et 

al., 2021); (ii) DSB mobility to facilitate efficient DNA damage repair at specific ‘repair 

centers’ (Ma et al., 2022) as well as (iii) transport processes of DNA repair proteins to 

sites of DNA damage (Poruchynsky et al., 2015). Furthermore, microtubule dynamics 

might be involved in homologous repair processes to facilitate homology sequence 

search (Haber, 2018; Miné-Hattab and Rothstein, 2012). Taken together the results 

presented in this study suggests that while inadvertently inducing chromosome 

missegregation during mitosis, RS-mediated induction of microtubule dynamics might 

represent a mechanism to facilitate repair of RS-associated induced DNA damage. 

However, the reason for mild and/or localized DNA damage upon mild RS remains 

elusive. We demonstrated that additional origin firing rather than slowed replication 

forks are important to trigger increased MT growth and subsequent mitotic defects. 
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One attractive hypothesis would be that additional origin activation might cause 

unscheduled transcription-replication conflicts which are associated with the formation 

of R-loops (Jones et al., 2013; Macheret and Halazonetis et al., 2018). Indeed, 

replication-transcription conflicts and R-loops were considered as being a source of 

DNA damage and genome instability (Gan et al, 2011, Kemiha et al., 2021).  

 

 
 
Figure 5.1:  Proposed model of mild replication stress induced signaling 
leading to deregulated mitotic microtubule dynamics and aneuploidy. 
Experimentally induced mild RS or oncogene-induced endogenous RS in CIN+ cells 
causes decreased fork progression rates. RS, oncogene activation (MYC, cyclin E and 
potentially GINS1 and CDC45) or deregulation of the ATR-CHK1-CDK1-RIF1 axis in 
early S-phase mediate causes dormant origin firing. The induction of induced origin 
firing rates might increase the probability of transcription-replication conflicts, resulting 
in activation of DNA damage responses, and mitotic defects leading to W-CIN. Green 
cycle illustrates dormant origin, blue cycle illustrates replication fork, orange cycle 
illustrates transcription machinery. Created with BioRender.com. 
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In that context, it was previously described that co-directional transcription-replication 

conflicts activate ATM signaling (Hamperl et al., 2017). Moreover, R-loop processing 

of the endonucleases XPG and XPF was associated with the formation of DNA double 

strand breaks (Cristini et al., 2019; Lin and Pasero, 2014). 

Interestingly, homologous repair factors such as BRCA1/2 and RAD52 were shown to 

be involved in R-loop processing and R-loop associated DNA damage repair (Bhatia 

et al., 2014; Hatchi et al., 2015; Yasuhara et al., 2018), which rise the possibility that 

HR-independent roles of these factors might contribute to RS-mediated mitotic defects.  

In this context it is important that RS was shown to induce DNA damage particularly in 

early replicated and actively transcribed regions in close proximity to DNA replication 

origins which are predominantly repaired via homologous recombination (Barlow et al., 

2013). These so-called early replication fragile sites differ from common fragile sites 

that typically contain low numbers of origins, are late replicating and predominantly 

located in large genes (Mortusewicz et al., 2013). In fact, the data presented here 

suggest that mild RS mediate mitotic defects predominantly by affecting signaling 

during early S-phase, implicating a specific importance of the early replication fragile 

sites. In this context, a recent study reported RS-induced R-loop formation specifically 

at early replicating genes in neural stem cells (Thongthip et al., 2022). 

Taken together, my results suggest a model (Figure 5.1) where experimentally induced 

or endogenous mild RS is associated with increased origin firing resulting in ATM-

CHK2-dependent DNA damage signaling, which is responsible for increased 

microtubule polymerization rates and aneuploidy in human cancer. 

However, the mechanistic link between DNA damage signaling and increased 

microtubule polymerization rates remains to be explored.  

5.8 Biological relevance and implications for cancer therapy 

Conventional cytotoxic chemotherapy components, such as ribonucleotide reductase 

inhibitors (e.g., Gemcitabine), nucleotide analogues (e.g., Fludarabine), DNA 

crosslinkers (e.g., Cisplatin) or mitotic inhibitors (e.g., Paclitaxel), are used to target 

rapidly proliferating cells but are poorly selective to cancer cells, thereby bearing broad 

and toxic side-effects to non-cancerous cells (Forment and O’Connor, 2018; Yan et al., 

2020). In order to selectively target cancer cells, molecular characterization of cancer 
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cells is of high interest to find new therapy strategies exploiting vulnerabilities specific 

to cancer cells, thereby improving response rates with limited toxic side-effects. In 

recent studies from our lab, including the findings from this thesis, we found that 

chromosomally unstable cancer cells suffer from endogenous mild RS, show induced 

origin firing rates, are characterized by increased microtubule polymerization rates, 

and consequently whole chromosome missegregation in contrast to chromosomally 

stable (cancer) cells (Böhly et al., 2019; Ertych et al., 2014; Ertych et al., 2016; 

Lüddecke et al., 2016; Schmidt et al., 2021B). Explicitly, I showed that a rescue of 

mitotic defects in chromosomally unstable cancer cells could be observed by 

counteracting replication stress with nucleoside supplementation, restoring proper 

microtubule polymerization rates via sub-nanomolar concentrations of taxol, 

normalizing increased origin firing rates by CDC7i, or inhibiting factors involved in the 

DNA damage response. We propose origin firing associated genes such as GINS1 

and CDC45 as putative proto-oncogenes, while possibly also representing interesting 

candidates for diagnostic biomarkers for chromosomal instability in human cancer 

(Schmidt et al., 2021B). Exploiting aneuploidy has been described as a promising 

cancer therapy strategy (Zhou et al., 2020). Hereby, the unbalanced protein load 

caused by aneuploidy was associated with induced proteotoxic or metabolic stresses. 

Aneuploid cells were therefore shown to be particularly susceptible towards 

accelerating these proteotoxic stresses by drug treatment interfering with protein 

degradation or folding, such as the Hsp90 inhibitor 17-AAG (Tang et al., 2011). The 

results presented in my thesis thereby might provide new components to be targeted 

or used to therapeutically induce CIN. In combination with components accelerating 

proteotoxic or metabolic stresses, this might bear promising therapeutic strategies to 

specifically target CIN+ cancer cells. 

Furthermore, our data suggest components inducing origin firing to be promising for 

cancer therapy. ATR or CHK1 inhibitors, both in combination with different components 

currently under clinical trials (Zhu et al., 2020), do not only induce origin firing, thereby 

possibly causing DNA damage by increased transcription-replication conflicts, and 

resulting in chromosome missegregation, but also evade ATR-CHK1 mediated 

checkpoint control, leading to accumulation of DNA damage and thus potentiating 

cytotoxic effects. Whereas ATRi or CHK1i monotherapies were reported to be not very 
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effective (Nazareth et al., 2019), combination with components inducing RS, e.g., 

Hydroxyurea or Gemcitabine, were more successful (Koh et al., 2018; Oo et al., 2019). 

We could show that origin firing is induced in CIN+ cells suffering from endogenous 

RS to compensate for slowed down fork-progression rates. Therapy combining 

treatments of origin firing inhibition, such as CDC7 inhibitors, with components 

inducing RS could potentially specifically target CIN+ cancer cells, being unable to 

complete replication and inducing severe DNA damage and consequently causing 

catastrophical effects on these cells. 

Furthermore, the observed impact of RS-induced DNA damage response and potential 

HR factor mediated chromosome missegregation harbors further promising 

therapeutic possibilities. In this context, I reported that the inhibition or depletion of 

ATM rescues mitotic defects in CIN+ cells, however, ATM inhibition in cancer treatment 

was reported previously to sensitize cancer cells for DNA damage by abrogating the 

DNA damage response (Jin and Oh et al, 2019; Weber and Ryan, 2015). Therefore, 

ATM inhibition in combination with the induction of DNA damage by radiotherapy or 

other DNA damaging agents are promising therapeutic strategies, which are currently 

under clinical trial (García et al., 2022). 

Further, HR deficient cancers, (e.g., mutations in BRCA1/2), were shown to be 

sensitive to PARP inhibitors, such as Olaparib. Pharmacologically, PARP inhibition 

causes replication fork stalling by PARP trapping, inducing DSBs by physical 

interference with the replication process (Shen et al., 2015). The data presented in this 

thesis propose PARP inhibitors as promising therapeutics to specifically target CIN+ 

cancer cells exhibiting induced origin firing, which might further increase the possibility 

of replication conflicts and thus DNA damage.  
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Mild replication stress causes aneuploidy by deregulating microtubule dynamics
in mitosis
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ABSTRACT
Chromosomal instability (CIN) causes structural and numerical chromosome aberrations and
represents a hallmark of cancer. Replication stress (RS) has emerged as a driver for structural
chromosome aberrations while mitotic defects can cause whole chromosome missegregation and
aneuploidy. Recently, first evidence indicated that RS can also influence chromosome segregation
in cancer cells exhibiting CIN, but the underlying mechanisms remain unknown. Here, we show
that chromosomally unstable cancer cells suffer from very mild RS, which allows efficient pro-
liferation and which can be mimicked by treatment with very low concentrations of aphidicolin.
Both, endogenous RS and aphidicolin-induced very mild RS cause chromosome missegregation
during mitosis leading to the induction of aneuploidy. Moreover, RS triggers an increase in
microtubule plus end growth rates in mitosis, an abnormality previously identified to cause
chromosome missegregation in cancer cells. In fact, RS-induced chromosome missegregation is
mediated by increased mitotic microtubule growth rates and is suppressed after restoration of
proper microtubule growth rates and upon rescue of replication stress. Hence, very mild and
cancer-relevant RS triggers aneuploidy by deregulating microtubule dynamics in mitosis.
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Introduction

Chromosomal instability (CIN) is amajor hallmark of
human cancer and contributes to the generation
of genetic heterogeneity and the clonal evolution of
tumors [1,2]. Two forms of CIN are prevalent in
human cancer. First, whole chromosome instability
(W-CIN) is defined by gains and losses of whole
chromosomes during mitosis leading to the genera-
tion of whole chromosome aneuploidy. Second, struc-
tural chromosome instability (S-CIN), which leads to
structural aberrations on chromosomes including
translocations, deletions and amplifications [3].

Various defects in mitosis affecting the mitotic
spindle or centrosomes or chromatid cohesion
have been associated with whole chromosome
missegregation and thus, with W-CIN in cancer
cells [4,5]. In addition, abnormally increased
microtubule plus end assembly rates during mito-
sis can account for whole chromosome missegre-
gation in cancer cells by facilitating the generation
of erroneous merotelic microtubule-kinetochore
attachments resulting in so-called lagging

chromosomes during anaphase, a pre-stage of
whole chromosome missegregation [6,7].
Importantly, our previous work has shown that
an abnormal increase in microtubule dynamics in
mitosis provides a mechanistic basis for W-CIN in
colorectal cancer (CRC) cells [6,8,9].

On the other hand, S-CIN and structural chro-
mosome aberrations can be the result of different
cancer-related defects including impaired DNA
repair and abnormalities during DNA replication.
In fact, DNA replication stress (RS), a condition,
which is defined as slowed or stalled replication
forks during S-phase of the cell cycle, appears to be
a major source for S-CIN [10]. RS is frequently
detected in cancer cells and can be caused by
different mechanisms including oncogene activa-
tion, shortage of nucleotides, unresolved obstacles
at the replication fork, which hinders timely pro-
gression of the forks or also conflicts between
DNA replication and transcription [11,12].
Experimentally, replication stress can be induced
by inhibiting DNA polymerase by the natural
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compound aphidicolin and this mean has been
extensively used to investigate the mechanisms
and consequences of replication stress [13–16].
High aphidicolin concentrations or severe endo-
genous replication stress results in temporarily or
even terminally arrested replication forks. If not
repaired, those forks can collapse, which can be
associated with the induction of DNA damage. To
prevent this, cells use intra-S phase checkpoint
mechanisms that involve the function the ATR
and Chk1 kinases and others, which contribute
to a halt of the cell cycle and to stabilize arrested
forks in order to allow subsequent repair [17]. In
contrast, mild replication stress slows down repli-
cation fork progression, which can remain unrec-
ognized by the checkpoints. This situation can
result in an unscheduled entry into mitosis in the
presence of under-replicated DNA. The conse-
quences of RS on mitosis under those conditions
remain incompletely understood, but is of high
relevance for cancer since cancer cells often suffer
from RS, but still progress through the cell cycle
[18,19]. One of the first consequences of mild RS
in mitosis that was observed is the instability of
defined genomic loci known as common fragile
sites (CFSs). These loci may represent difficult to
replicate DNA sequences that are hypersensitive to
RS. CFSs are highly prone to breakage and thus,
are hotspots for chromosomal rearrangements in
cancer [20]. These sites and other under-replicated
DNA might also be subject to mitotic DNA synth-
esis (MiDAs) in order to complete DNA replica-
tion even in mitosis to rescue a deleterious impact
of RS on mitosis [21]. If this is not sufficient, cells
may attempt to segregate their sister chromatids
with partially unreplicated DNA and this can
results in the formation of stretched single-
stranded DNA, which is too fine to be stained by
DNA intercalating dyes. Instead, these so-called
ultra-fine bridges (UFB) recruit the single stranded
DNA binding protein RPA and DNA helicases
including the Bloom (BLM) and PICH (Plk1-
interaction checkpoint helicase) helicases [22].
How chromosome segregation in mitosis is
accomplished in the presence of under-replicated
DNA and how UFBs are finally resolved in order
to proceed through mitosis is currently little
understood. It seems likely that UFBs may result
in chromosome breakage rather than leading to

whole chromosome missegregation. Intriguingly,
however, recent work suggested that there might
be a link between RS and whole chromosome
missegregation during mitosis [23]. In fact, it was
shown that chromosomally unstable cancer cells
showing whole chromosome missegregation and
W-CIN often suffer from RS, but the mechanisms
linking RS to mitotic chromosome missegregation
remains unknown.

In our work we provide evidence that only very
mild levels of RS, which escape checkpoint control,
are detectable in cancer cells exhibiting W-CIN.
This very mild RS does not result in the formation
of UFBs, but instead triggers whole chromosome
missegregation and evolving aneuploidy constitut-
ing a W-CIN phenotype. Importantly, we show
that these very mild RS levels induce abnormally
increased microtubule plus end growth rates
within mitotic spindles, a mitotic defect previously
described to be associated with W-CIN in cancer
cells. In fact, we demonstrate that RS-induced
increased microtubule growth rates are responsible
for whole chromosome missegregation and the
induction of aneuploidy in response to RS.

Material and methods

Cell lines and treatments

HCT116, SW480, SW620 and HT29 colorectal can-
cer cell lines were obtained from ATCC (USA) All
cell lines were grown in RPMI1640 medium sup-
plemented with 10% fetal calf serum and 1% peni-
cillin/streptomycin (Sigma, Germany) and cultured
at 37°C and 5% CO2. To induce DNA replication
stress, cells were treated with increasing concentra-
tions (0–1000 nM) of aphidicolin (Santa Cruz,
USA). To induce DNA damage cells were treated
with 600 nM adriamycin (Santa Cruz, USA) for
24 hours. In order to rescue abnormal microtubule
polymerization rates, cells were treated with 0.2 nM
Taxol for 24 hours (Sigma, Germany) [6].

Cell proliferation assay

To determine cell proliferation, 5,000 cells were
transferred into a well of a 12-well plate on day 0
and incubated in medium with various aphidicolin
concentrations. Confluency of the cells was
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measured at different time points using a Celigo
Cytometer (Cyntellect, USA) and cell proliferation
calculated using the Celigo software.

FACS and determination of mitotic index

FACS analyses to determine cell cycle distributionwas
performed as described [24]. The proportion of cells
entering mitosis upon aphidicolin treatment was
determined by FACS analysis using a FACS Canto II
flow cytometer (Beckton Dickinson, Germany). Cells
were treated with increasing concentrations of aphi-
dicolin for 20 hours and with 2 µM Dimethylenaston
(DME; Calbiochem, Germany) for 16 hours. Cells
were harvested, fixed and stained using MPM-2 anti-
bodies (Merck, Germany) and the mitotic index was
calculated as described [24].

Measurement of microtubule plus-end assembly
rates

Microtubule plus end growth rates were determined
by tracking Eb3-GFP in living cells [25]. Cells were
transfected 48 hour prior to the measurement with
pEGFP-EB3 (kindly provided by L. Wordeman,
University of Washington, USA), seeded onto glass
bottom dishes (Ibidi, Germany) and treated with
Dimethylenastron (2 µM, Calbiochem, Germany)
for 2 hours before measurements. Live-imaging was
performed using a Deltavision ELITE microscope
(GE Healthcare, USA) equipped with an Olympus
x60 1.42 NA objective and a PCO Edge sCMOS
camera (PCO, Germany) and images were recorded
every 2 sec while cells were incubated at 37°C and
5% of CO2. Images were deconvolved using
SoftWorx 5.0/6.0 software (Applied Precision,
Canada) and average assembly rates were calculated
for 20 individual microtubules per cell. 30 cells were
analyzed in 3 independent experiments.

DNA combing assays

To detect DNA replication fork progression we
used DNA combing [26]. Unsynchronized cells
were either not treated or pre-treated with increas-
ing concentrations of aphidicolin for 1 hour before
incubating with medium containing aphidicolin
and 5-chloro-2ʹ-deoxyuridine (CldU, 100 µM;
Sigma, Germany) for 30 min followed by

incubation of medium containing aphidicolin and
5-iodo-2ʹ-deoxyuridine (IdU, 100 µM; Sigma,
Germany) for additional 30 min. Labeled DNA
track lengths were measured by DNA combing
analyses carried out as part of an EasyComp
Service by Genomic Vision (France). At least
300 DNA tracks were analyzed per sample.

Nucleoside supplementation

Nucleoside supplementation for replication stress
rescue experiments was performed by 48 hour
treatments of the cells with medium containing
20 µM 2ʹ-Deoxyadenosine monohydrate (Santa
Cruz, USA), 20 µM 2ʹ-Deoxycitidine hydrochlor-
ide (Santa Cruz, USA), 20 µM Thymidine (Santa
Cruz, USA) and 20 µM 2ʹ-Deoxyguanosine mono-
hydrate (Santa Cruz, USA) as described pre-
viously [27].

Detection of lagging chromosomes and acentric
chromosome fragments

To detect lagging chromosomes, cells were accumu-
lated in anaphase by a thymidine block protocol with
2 mM thymidine treatment for 20 hours followed by
release in fresh medium for 8–11.5 hours. Anaphase
cells were analyzed by immunofluorescence micro-
scopy detecting anaphase spindles, chromosomes
and centromeres using anti-alpha-tubulin antibodies
(1:700; Santa Cruz, USA), Hoechst 33342 staining
(1:20,000; Biomol, Germany) and anti-centromere
protein C antibodies (anti-CENP-C; 1:1,000; MBL,
USA), respectively. For immunofluorescence micro-
scopy experiments, cells were fixed and permeabi-
lized by adding 2% PFA for 5 min at room
temperature and subsequently incubated with
methanol for 5 min at −20°C. Images were taken
by an AF6000 microscope (Leica, Germany)
equipped with a DFC360FX camera (Leica,
Germany). Imaging was performed using the LAS
AF 2.7.3.9 software (Leica, Germany). Only CENP-C
positive chromosomes clearly separated from the
two DNA masses were defined as lagging chromo-
somes. CENP-C negative DNA, separated from the
two DNA masses was defined as acentric chromo-
some fragments. In both cases at least 100 anaphase
cells were determined for each sample.
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Determination of ultra-fine anaphase bridges

To detect UFBs, anaphase cells were analyzed by
immunofluorescence microscopy detecting BLM
positive bridges using anti-BLM antibodies (C-18;
1:500, Santa Cruz, USA). Cells were fixed and per-
meabilized by adding 2% PFA for 5 min at room
temperature and methanol for 5 min at −20°C,
respectively. Images were taken by an AF6000
microscope (Leica, Germany) equipped with
a DFC360FX camera (Leica, Germany). Imaging
was performed using the LAS AF 2.7.3.9 software
(Leica, Germany). At least 100 anaphase cells were
determined for each sample.

Karyotype analysis

Single-cell clones were generated and cultured for
30 generations in the presence of increasing aphi-
dicolin concentrations and additional 0.2 nM
Taxol when indicated. Chromosome spread analy-
sis and chromosome counting of individual cells
was performed as described previously [28].
Chromosome fragments were also visualized by
chromosome spread analyses.

Determination of centrosome amplification

Single cell clones derived from HCT116 cells and
treated with aphidicolin for 30 generations were
used to determine centrosome numbers by immu-
nofluorescence microscopy using anti-alpha-tubulin
antibodies (1:700, Abcam, UK) and anti-gamma-
tubulin antibodies (GTU88, 1:500, Sigma, USA).
As a control, HCT116 cells were transfected with
a plasmid expressing Flag-tagged Plk4 (pCMV-Flag-
Plk4; a kind gift from Ingrid Hoffmann, German
Cancer Research Center, Heidelberg) and induced
centrosome amplification was quantified. At least
100 cells were analyzed for each sample and cells
showing more than 2 centrosomes were considered
as cells with supernumerary centrosomes.

Western blotting

Cells were lysed in lysis buffer (1% Triton-X 100,
1% Sodium Deoxychelat, 0.1% SDS, 150 mM
NaCl, 10 mM EDTA, 20 mM Tris-HCl, protease
inhibitor inhibitor cocktail (Roche, Switzerland)

phosphatase inhibitor cocktail (Roche,
Switzerland) and 2 M Urea). Protein lysates were
sonified using a Bioruptor Sonicator (Deganode,
Belgium). Proteins were resolved on 11% or 13%
SDS polyacrylamide gels and blotted onto nitro-
cellulose membranes by semi-dry blotting proce-
dure. The following antibodies and solutions were
used: anti-actin (1:40,000; AC-15, Sigma,
Germany), anti-CHK1 (6F5; 1:2,000; Thermo
Fisher, USA) anti-phospho-CHK1 (1:2,000; phos-
pho-Ser345, Thermo Fisher, USA) anti-RPA (32
kDa subunit, 1:2,000; Abcam, UK) anti-
phospho-RPA (phospho-Ser33; 1:2,000; Bethyl,
USA), anti-phospho-H2AX (phospho-Ser139,
JBW301; 1:2,000; Merck, Germany), secondary
antibodies conjugated to horseradish peroxidase
(1:10,000; Jackson ImmunoResearch, USA).
Proteins were detected by enhanced chemolumi-
nescence. Representative examples of the western
blot bands shown in the figures were repeated at
least three times and used for quantification using
ImageJ software (NIH, USA).

Statistical analysis

For all data mean values and standard error of the
mean (s.e.m) were calculated using Graph Pad
Prism 5.0 software (Graph Pad Software, USA).
Statistical analysis was performed using two-sided
unpaired t-tests and significances are indicated as:
* = 0.01 < p < 0.05; ** = 0.001 < p < 0.01;
*** = p < 0.001, **** = p < 0.0001.

Results

Only very mild replication stress allows
long-term proliferation of cancer cells

It is well established that severe levels of RS, which
are often associated with DNA damage, can be
induced by high micro molar concentrations of
the DNA polymerase inhibitor aphidocolin
(APH) [13]. In contrast, treatment of cells with
200–400 nM of aphidicolin (APH) is a widely
used condition to induce so-called mild replication
stress. In fact, these low concentrations of APH,
when used short-term, are commonly used to
investigate the consequences of RS in mitosis
[14–16,29]. We asked whether such low
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concentrations of APH represents a cancer-
relevant condition and still allows long-term cell
proliferation and survival of cancer cells. We trea-
ted chromosomally stable and near diploid
HCT116 human colorectal cancer cells with
increasing concentrations of APH and determined
cell proliferation for up to 11 days. Interestingly,
only concentrations of APH up to 50 nM allowed
almost undisturbed cell proliferation in long-term.
Slow proliferation was already observed in the
presence of 100 nM APH while 200 nM APH
completely prevented proliferation beyond 4 days
(Figure 1a and Figure S1). As expected, prolifera-
tion impairment was associated with APH-
dependent increasing cell cycle arrest in S- and
G2-phase of the cell cycle as demonstrated by
FACS analyses (Figure 1b). Consequently, this led
to an impaired ability of cells to timely enter
mitosis (Figure 1c). In support of this, we detected
increasing phosphorylation of Chk1 and RPA pro-
teins indicating cell cycle checkpoint activation
already in response to 100–200 nM of APH while
DNA damage assessed by phosphorylation of
H2AX was not significantly induced by these
rather low concentrations of APH (Figure 1d).
Hence, RS induced by the commonly used 200–-
400 nM concentration range of APH or higher
clearly causes cell cycle delay and arrest and pro-
hibits long-term cell proliferation and therefore,
might not reflect a cancer-relevant condition.
Instead, only very mild RS mimicked by treatment
with very low concentrations of APH in the range
of 20–100 nM remains undetected by the check-
point control, allows efficient cell cycle progres-
sion and long-term proliferation and thus, might
represent a level of RS that is compatible with
survival and proliferation of cancer cells.

Chromosomally unstable cancer cells suffer from
very mild replication stress

Previous work suggested that cancer cells exhibit-
ing CIN suffer from RS [23]. To directly compare
the level of RS in chromosomally unstable cancer
cells and induced by very low concentrations of
APH we performed DNA combing experiments
after pulse labeling of newly replicated DNA to
visualize and to quantify replication fork progres-
sion during S phase (Figure 2a) [26]. As expected,

APH treatment reduced fork progression speed in
a concentration dependent manner, already after
treatment with very low concentrations of
20–50 nM APH. In addition, when compared to
chromosomally stable HCT116 cells (average fork
progression of 1.29 kb/min), three chromosomally
unstable colorectal cancer cell lines (SW480,
SW620 and HT29) showed approximately 32%
reduced fork progression (average fork progres-
sion of 0.87 kb/min) indicating RS in CIN cells
(Figure 2b). Interestingly, the level of RS in CIN
cells was comparable to the level seen upon treat-
ment with only 60–70 nM of APH indicating that
CIN cells suffer from very mild RS, which does
not significantly impact on cell proliferation
(Figure 1). These quantitative results also indicate
that RS levels induced by 200–400 nM of APH,
which are commonly used e.g. to investigate the
consequences of RS on mitosis [13–16], are sig-
nificantly higher than the levels seen in chromo-
somally unstable cancer cells. Thus, for our studies
investigating the consequences of RS on mitotic
chromosome segregation we focused on condi-
tions of very mild RS induced by 20–100 nM
of APH.

Very mild replication stress triggers abnormal
microtubule growth rates in mitosis

Previous work has demonstrated a link between RS
and whole chromosome missegregation in chromo-
somally unstable cancer cells [23], but it remained
unknown how chromosome missegregation might
be mediated in response to RS. It is well established
that chromosome missegregation in CIN cells is
associated with the generation of so-called lagging
chromosomes during anaphase, which are the result
of erroneous merotelic microtubule-kinetochore
attachments [6,28,30,31]. Moreover, in chromoso-
mally unstable colorectal cancer cells the generation
of lagging chromosomes is dependent on an abnor-
mal increase in microtubule plus end growth rates
and thus, increased microtubule growth rates repre-
sent a mitotic defect closely associated with W-CIN
in cancer cells [6,8,9]. Therefore, we considered
a link between RS and increased microtubule
growth rates in mitosis as a possible mechanism
underlying chromosome missegregation in response
to RS. By tracking the microtubule end-binding
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Figure 1. Only very mild replication stress allows efficient cell proliferation.
(a) Cell proliferation measurements of HCT116 cells treated with increasing concentrations of aphidicolin (APH) for up to 11 days.
Cells were seeded at identical cell numbers, treated with increasing concentrations of aphidicolin and cell proliferation was
quantified using a Celigo cytometer based on area confluency (n = 3 experiments, mean ± SEM, t-test). (b) Representative FACS
profiles of HCT116 cells treated with increasing concentrations of aphidicolin (APH) for 24 hours. Cells were stained with
propidiumiodide and the DNA content was determined.(c) Determination of mitotic entry of HCT116 cells treated with increasing
concentrations of aphidicolin. Asynchronously growing cells were pre-treated with aphidicolin for 4 hours and subsequently together
with dimethylenastrone for additional 20 hour to arrest cell cycle progression beyond prometaphase. Mitotic cells were quantified by
FACS analyses detecting phosphorylated MPM2 epitopes (n = 3 experiments, mean ± SEM, t-test). (d) Western blot analyses to
detect phospho-S33-RPA, phospho-S345-Chk1 and phospho-Ser139-H2AX as markers for S/G2 checkpoint activation and DNA
damage. HCT116 cells were treated with the indicated aphidicolin concentrations or with 600 nM adriamycin (ADR) to induce
DNA damage for 24 hours. Whole cell lysates were subjected to western blot detecting the indicated antigens. Representative
western blots are shown and band intensities were quantified based on three independent experiments.
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protein EB3 (EB3-GFP) in live cells [6,25] we sys-
tematically determined microtubule growth rates in
HCT116 cells after treatment with increasing con-
centrations of APH as well as in three CIN cell lines
known to be characterized by the induction of lag-
ging chromosomes and aneuploidy [6] (Figure 3a).
We found that all three CIN cell lines exhibit sig-
nificantly increased microtubule growth rates when
compared to the non-CIN cells (16.6 µm/min vs.
20.7 µm/min; Figure 3b). Importantly, abnormally
increased microtubule growth rates were clearly
induced in the chromosomally stable cells by mild
replication stress in an APH concentration

dependent manner. In agreement with previous
results [6,8,9], normal microtubule growth rates
were restored by treatment with sub-nanomolar
concentrations of the microtubule binding drug
Taxol that does not affect cell proliferation and
survival (Figure 3b). Thus, we found an unexpected
link between mild replication stress and an induc-
tion of abnormal microtubule growth rates during
mitosis, which, in turn, might be responsible for
whole chromosome missegregation in response to
RS in cancer cells. It is of note that we previously
demonstrated that the presence of increased micro-
tubule growth rates is not associated with gross
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Figure 2. Chromosomally unstable cancer cells suffer from very mild replication stress that is mimicked by very low concentrations
of aphidicolin.
(a) Principle and examples for DNA combing measurements of HCT116 cells treated with increasing concentrations of aphidocolin
and of untreated CIN cells. Cells were pulse labeled consecutively with the nucleotide analogues CldU and IdU for 30 min each in the
absence or presence of aphidicolin. Representative newly replicated and labeled DNA fibers are shown for each measurement (scale
bar, 7.5 µm). (b) DNA combing measurements of single replicated DNA fibers of HCT116 cells treated with increasing concentrations
of aphidocolin and of untreated CIN cells. Scatter dot plots show means and range of calculated fork progression rates (n < 300
fibers, t-test).
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alterations of additional microtubule dynamics
parameters including overall dynamicity, time of
pausing and catastrophe rates [6].

RS-triggered abnormal microtubule growth rates
neither influence the formation of ultra-fine
anaphase bridges nor the generation of acentric
chromosome fragments

Next, we investigated the role of RS-induced abnor-
mal microtubule growth rates on mitotic chromo-
some segregation. At least three different segregation
abnormalities have been described to be induced by
RS during mitosis: ultra-fine anaphase bridges
(UFBs), acentric chromosome fragments and lagging
chromosomes. UFBs cannot be visualized by DNA
intercalating dyes, but are bound e.g. by DNA heli-
cases such as the Bloom helicase (BLM) [22]. We

detected UFBs in non-CIN cells after treatment with
low concentrations of APH and in untreated CIN
cells by immunostaining for BLM. As expected,
increasing concentrations of APH elevated the pro-
portion of cells exhibiting BLM-positive UFBs
(Figure 4a). However, we could not observe an
increase in UFBs in CIN cells when compared to
non-CIN cells, although those CIN cells suffer from
very mild RS comparable with a level induced by at
least 50 nM of APH. Importantly, the formation of
UFBs in response to APH treatment was not affected
upon restoration of proper microtubule growth rates
during mitosis by co-treatment with Taxol indicat-
ing that abnormal microtubule dynamics is not
involved in the formation of UFBs after RS.

Since RS might also contribute to chromosome
breakage we investigated the occurrence of chromo-
some fragments in response to mild RS. In
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Figure 3. Mild replication stress induces abnormally increased microtubule growth rates within mitotic spindles.
(a) Schematic depiction of microtubule growth rates measurements. Cells were transfected in order to express GFP-tagged EB3,
which localizes to growing microtubule plus tips. By live cell microscopy EB3 comets are tracked and growth rates are calculated
based on 600 individual microtubules from 30 cells. (b) Mitotic microtubule plus end assembly rates in HCT116 cells after treatment
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measurement. To restore normal microtubule growth rates cells were additionally pre-treated with 0.2 nM of Taxol. Scatter dot plots
show average growth rates (20 microtubules/cell, mean ± SEM, t-test, n = 30 cells).
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Figure 4. Mild replication stress-triggered abnormal microtubule growth rates neither influence the formation of ultra-fine anaphase
bridges nor the generation of acentric chromosome fragments.
(a) Detection and quantification of cells exhibiting BLM-positive ultra-fine bridges. HCT116 cells were treated with increasing
concentrations of aphidicolin for 16 hours before fixing and detecting ultra-fine bridges (arrow) using anti-BLM immunofluorescence
(green) microscopy. Chromosomes were stained with Hoechst (blue). Representative examples of a cell with and without ultra-fine
bridges are shown (scale bar, 7.5 µm). The proportion of cells exhibiting ultra-fine bridges were quantified and the graph shows
mean values ± SEM (n = 300 anaphase cells from 3 independent experiments, t-test). (b) Examples of metaphase chromosome
spreads from HCT116 cells treated with increasing concentrations of aphidicolin for 24 hours. Treated cells were arrested in mitosis
and trypan-blue stained chromosome spreads were used to detect chromosome fragments as indicated by arrows. Representative
examples are shown (scale bar, 10 µm). (c) Detection and quantification of anaphase cells exhibiting acentric chromosome
fragments. HCT116 cells were treated with increasing concentrations of aphidicolin for 24 hours and acentric chromosome fragments
were detected by immunofluorescence microscopy (chromosomes, Hoechst, blue; spindle, anti-alpha-tubulin, green; kinetochores,
anti-CenpC, red; scale bar, 7.5 µm). A representative example of a cell with a kinetochore-negative chromosome fragment (arrow) is
shown. Only kinetochore-negative chromosomes were quantified as acentric fragments and the graph shows the proportion of cells
with acentric fragments (mean values ± SEM, n = 300 anaphase cells from 3 independent experiments, t-test).
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metaphase spreads from HCT116 cells treated with
increasing concentrations of APH we found that
chromosome fragments became indeed apparent,
but only at higher APH concentrations (100–
200 nM APH), but were hardly detectable at very
mild RS conditions (20–50 nM APH; Figure 4b). To
support this result, we detected acentric chromo-
some fragments as kinetochore-negative DNA in
anaphase by immunofluorescence microscopy.
Similar to the generation of UFBs, acentric chromo-
some fragments were clearly induced by mild RS
triggered upon higher APH concentrations, but
were neither dependent on microtubule growth
rates nor commonly detected in the three CIN cell
lines that are characterized by increased microtu-
bule growth rates (Figure 4c). Thus, anaphase
abnormalities typically associated with RS including
UFBs and the generation of chromosome fragments
are induced only at higher levels of RS and are not
triggered by abnormal microtubule dynamics.

Abnormal microtubule growth rates in mitosis
contribute to whole chromosome missegregation
and W-CIN in response to RS

To investigate a possible link betweenRS,microtubule
dynamics and whole chromosome missegregation we
evaluated the generation of kinetochore-positive lag-
ging chromosomes in anaphase cells. Lagging chro-
mosomes represent pre-stages of whole chromosome
missegregation and reflect a typical outcome of erro-
neous merotelic microtubule-kinetochore attach-
ments in cancer cells [7]. Importantly, our previous
workdemonstrated that lagging chromosomes arise in
response to abnormally increasedmicrotubule growth
rates [6,8,9]. We detected lagging chromosomes as
kinetochore (CenpC marker)-positive chromatids
that lag between the groups of segregated chromatids
in anaphase cells. Similar to CIN cells we found a clear
induction of lagging chromosomes in non-CIN cells
upon treatment with increasing concentrations of
APH, i.e. upon induction of RS (Figure 5a). It is of
note that in contrast to UFBs (Figure 4a) lagging
chromosomes are already significantly induced upon
induction of very mild RS with 20 nM of APH
(Figure 5a). Since lagging chromosomes can also
result from supernumerary centrosomes [32] we also
quantified centrosomenumbers in response to RS, but
we could not find an induction of supernumerary

centrosomes (Fig. S2). In contrast, we found that the
induction of lagging chromosomes in non-CIN cells
by RS was suppressed when abnormally increased
microtubule growth rates were restored to normal
levels by applying sub-nanomolar concentrations of
Taxol (Figures 5(a), 3(b)). These results suggest that
increased microtubule dynamics in response to very
mild RS can trigger perpetual whole chromosome
missegregation, which is expected to cause an induc-
tion of numerical karyotype variability reflecting the
W-CIN phenotype. To test this directly, we generated
single cell clones derived from chromosomally stable
HCT116 cells that were grown for 30 generations in
the absence or presence of lowAPH concentrations to
inducemildRS and additionallywith orwithout Taxol
to restore proper microtubule growth rates.
Subsequently, independent single cell cloneswere sub-
ject to karyotype analyses and chromosome copy
numbers per cell were determined (Figure 5b). In
fact, in line with the induction of lagging chromo-
somes very mild RS mediated by 20–100 nM of APH
induced a high numerical karyotype variability within
30 generations (Figure 5c) and Fig. S3 and supple-
mental Table 1), which is comparable to the level of
karyotype instability typically seen inCINcells [6]. It is
remarkable that already a treatment with 20 nM of
APH, which induce verymild RS, resulted in CIN-like
aneuploidy. Thus, even very mild RS is sufficient to
induce W-CIN in otherwise chromosomally stable
cancer cells.Most importantly, similar to lagging chro-
mosomes during anaphase also the resulting karyo-
type variability was reduced when the increased
microtubule growth rates were restored to normal
levels during the karyotype evolvement period
(Figure 5c and Figure S3 and supplemental Table 1).
These results indicate that very low level of RS
increases microtubule growth rates in mitosis thereby
triggering the generation of lagging chromosomes and
the induction of W-CIN.

Finally, we wished to test whether endogenous
mild replication stress in cancer cells exhibiting CIN
is indeed responsible for abnormal microtubule
growth rates and for chromosome missegregation.
As an established mean to rescue RS we used nucleo-
side supplementation of the growth medium as
described [23,27] and determined microtubule
growth rates in mitotic CIN cells by live cell micro-
scopy. Upon rescue of RS all three CIN cancer cell
lines showed a significant suppression of increased
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Figure 5. Abnormal microtubule growth rates in mitosis contribute to whole chromosome missegregation and W-CIN in response to
mild replication stress.
(a) Detection and quantification of anaphase cells exhibiting lagging chromosomes fragments. HCT116 cells were treated with increasing
concentrations of aphidicolin for 24 hours and lagging chromosomes were detected by immunofluorescence microscopy (chromosomes,
Hoechst, blue; spindle, anti-alpha-tubulin, green; kinetochores, anti-CenpC, red; scale bar, 7.5 µm). A representative example of a cell with
a kinetochore (CenpC)-positive lagging chromosome (arrows) is shown. Only kinetochore-positive chromosomes were quantified as lagging
chromosomes and the graph shows the proportion of anaphase cells with laggings (mean values ± SEM, n = 300 anaphase cells from 3
independent experiments, t-test). (b) Schematic depiction of the generation of single cell clones used for determination of induced numerical
karyotype variability as a measure for W-CIN. Single cell clones were grown in the continuous presence or absence of aphidicolin or Taxol for
30 generations and karyotype variability within the individual cell clones were determined by chromosome counting from metaphase
spreads. A representative example of a chromosome spread is shown (scale bar, 10 µm). (c) Quantification of the proportion of cells within
single cell clones harboring a karyotype with chromosome numbers deviating from the modal (modal number: 45 chromosomes in HCT116
cells). Single cell clones were treated with or without aphidicolin or Taxol and analyzed after 30 generations in culture. The graph showsmean
values ± SEM for three independent single cell clones (n = 50 cells). (d) Mitotic microtubule plus end assembly rates using HCT116 and three
CIN cell lines after nucleoside supplementation. Cells were treated with nucleosides for 48 hours before measurement. Scatter dot plots show
average growth rates (20 microtubules/cell, mean ± SEM, t-test, n = 30 cells). (e) Quantification of anaphase cells exhibiting lagging
chromosomes fragments after nucleoside supplementation. Asynchronously growing cells were treated with nucleosides for 48 hours before
lagging chromosomes were detected by immunofluorescence microscopy. The graph shows the proportion of anaphase cells with laggings
(mean values ± SEM, n = 300 anaphase cells from 3 independent experiments, t-test).
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microtubule growth rates (Figure 5d). Moreover, res-
cue from RS also led to substantial suppression of
lagging chromosomes, and thus, of whole chromo-
some missegregation in these CIN cancer cells
(Figure 5e). Together, these results indicate that not
only experimentally aphidicolin-mediated RS, but
also endogenous mild RS in CIN cells can trigger
abnormal microtubule growth rates in mitosis,
which, in turn, can act as a trigger for whole chromo-
some missegregation and for W-CIN in response
to RS.

Discussion

Evolving chromosome aberrations contribute to
tumor evolution and might even act as a driving
force for tumorigenesis and tumor progression
[33,34]. In cancer cells, structural and numerical
chromosome aberrations causing deletions, ampli-
fication, re-arrangements and whole chromosome
aneuploidy, respectively, are frequently detected
concomitantly suggesting that both forms of chro-
mosome aberrations might be somehow linked.
There is indeed first evidence indicating that this
might be the case. It was shown that chromosome
missegregation during mitosis can occasionally
result in chromatids trapped in the cleavage furrow
during cytokinesis, which can cause DNA damage
leading to structural chromosome alterations [35].
It has also been demonstrated that stable whole
chromosome aneuploidy might be linked to the
generation of structural chromosome aberrations
by triggering replication stress (RS) during
S-phase of the cell cycle [36]. RS is considered as
being a major source for structural chromosome
aberrations in cancer, but is remains unclear how
exactly RS causes structural chromosome aberra-
tions and how e.g. aneuploidy can cause RS [11].
On the other hand, it was shown that RS might
contribute to whole chromosome missegregation in
cancer cells exhibiting W-CIN. But again,
a mechanistic explanation of how RS may contri-
bute to W-CIN remained unknown [23].
Nevertheless, these previous studies provide first
evidence for a cross-talk between RS and mitotic
chromosome missegregation and vice versa.

In our work presented here we set out to address
the question of how RS may affect whole

chromosome missegregation in mitosis.
Interestingly, we revealed that very mild levels of
RS are sufficient to trigger an abnormal increase in
microtubule growth rates within mitotic spindles
and this can act as a trigger for whole chromosome
missegregation and hence, for the induction of
evolving aneuploidy. In our previous work we
have established that increased microtubule growth
rates are specifically and frequently detectable in
aneuploid cancer cells exhibiting W-CIN.
Moreover, we demonstrated that rescue of this
abnormal microtubule behavior is sufficient to sup-
press ongoing chromosome missegregation in CIN
cancer cells, thereby establishing a causal link
between abnormal microtubule dynamics and CIN
in cancer cells [6,8,9]. Intriguingly, increased micro-
tubule growth rates in CIN cells are not associated
with a change of microtubule dynamics parameters
per se, but cause transient mispositioning of the
mitotic spindle, which facilitates the generation of
erroneous merotelic microtubule-kinetochore
attachments leading to the generation of lagging
chromosomes in anaphase [6]. Upon induction of
very mild RS we also observe the generation of
lagging chromosomes and those were suppressed
when normal microtubule growth rates were
restored. Thus, RS-induced abnormally increased
microtubule growth rates can mediate whole chro-
mosome missegregation in mitosis. It is currently
not known how RS, which occurs during S-phase,
increases microtubule growth rates in the subse-
quent mitosis. It is known, however, that several
microtubule plus end binding proteins can contri-
bute to tip growth behavior of microtubules.
Perhaps most significant, the microtubule polymer-
ase ch-TOG/CKAP5 (XMAP215 in Drosophila) acts
as a processive microtubule polymerase at plus tips
and mediates growth [37]. Accordingly, partial
repression of ch-TOG leads to reduced microtubule
plus end growth rates and was used to restore
normal growth rates in CIN cancer cells [6]. It is
interesting to note that ch-TOG was originally
identified as a protein frequently overexpressed in
cancer (colonic and hepatic tumor over expressed
gene, ch-TOG) [38] and based on this, higher levels
of ch-TOG might confer W-CIN in cancer cells
though increasing microtubule growth rates.
Indeed, overexpressing ch-TOG in non-CIN cells
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results in increased microtubule growth rates and
the generation of lagging chromosomes [6]. It is
tempting to speculate that RS might cause a hyper-
activation of ch-TOG, but the mechanism for such
a scenario remains currently unclear. Future work
in our laboratory will address this important point.

It is remarkable that already very low levels of
RS induced by very low concentrations of aphidi-
colin are sufficient to induce increased microtu-
bule growth rates, lagging chromosomes and
aneuploidy. These very mild RS conditions were
also detectable in colorectal cancer cells exhibiting
W-CIN. Rescue from RS resulted in suppression
of abnormal microtubule growth rates and
restored proper chromosome segregation demon-
strating that very mild RS represents indeed an
important mediator of aneuploidy in chromoso-
mally unstable cancer cells. These very low levels
of RS remain undetected by the cellular check-
point pathways and allow even long-term prolif-
eration of cells, which is a prerequisite for a RS
condition present in cancer cells. Intriguingly,
these very mild RS conditions, although sufficient
to trigger aneuploidy, are not sufficient to induce
gross DNA damage, the generation of acentric
chromosome fragments or the induction of ultra-
fine bridges in anaphase. Especially the latter have
been suggested to be a typical outcome of RS
when transmitted into mitosis. Ultra-fine bridges
represent very thin, possibly single-stranded,
DNA stretches that appear as a result of unfin-
ished replication business [22]. How ultra-fines
bridges are resolved in mitosis is not clear, but
might involve mitotic DNA synthesis to finish up
DNA replication [21] and DNA helicases such as
BLM and PICH to untangle intertwined DNA
strands [22]. Since we detected BLM-positive
ultra-fines bridges only at higher concentrations
of aphidicolin (>100 nM) and not at high fre-
quency in cancer cells with W-CIN, it is possible
that their generation requires higher levels of RS
raising the question whether ultra-fine bridges are
always relevant in CIN cancer cells. In fact, pre-
vious studies detecting ultra-fine bridges often
used induction conditions by the use of 200–-
400 nM of aphidicolin [13–16], which, based on
our directly measurements present here, severely
reduces replication fork speeds typically not seen
in chromosomally unstable cancer cells. Based on

these observations it appears that very mild RS
when transmitted into mitosis causes primarily
lagging chromosomes and whole chromosome
missegregation mediated by increased microtu-
bule dynamics. Ultra-fine bridges, however,
become apparent only at higher (still mild) levels
of RS. Whether unresolved ultra-fine bridges also
contribute to whole chromosome missegregation
remains to be revealed. Since our work showed
that chromosome missegregation induced by
higher levels of RS cannot be fully suppressed
upon restoration of proper microtubule growth
rates, it is possible that mechanisms in addition
to abnormal microtubule dynamics can contribute
to whole chromosome missegregation at higher
levels of RS. These could also involve unresolved
ultra-fine bridges.
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Abstract    
   
Chromosomal instability (CIN) is a hallmark of cancer and comprises structural CIN (S-

CIN) and whole chromosome instability (W-CIN). Replication stress (RS), a condition 

of slowed or stalled DNA replication during S phase, has been linked to S-CIN, 

whereas defects in mitosis leading to chromosome missegregation and aneuploidy can 

account for W-CIN. It is well established that RS can activate additional replication 

origin firing that is considered as a rescue mechanism to suppress chromosomal 

instability in the presence of RS. In contrast, we show here that an increase in 

replication origin firing during S phase can contribute to W-CIN in human cancer cells. 

Increased origin firing can be specifically triggered by overexpression of origin firing 

genes including GINS1 and CDC45, whose elevated expression significantly 

correlates with W-CIN in human cancer specimens. Moreover, endogenous mild RS 

present in cancer cells characterized by W-CIN or modulation of the origin firing 

regulating ATR-CDK1-RIF1 axis induces dormant origin firing, which is sufficient to 

trigger chromosome missegregation and W-CIN. Importantly, chromosome 

missegregation upon increased dormant origin firing is mediated by increased 

microtubule growth rates leading to the generation of lagging chromosomes in mitosis, 

a condition prevalent in chromosomally unstable cancer cells. Thus, our study 

identified increased or dormant replication origin firing as a hitherto unrecognized, but 

cancer-relevant trigger for chromosomal instability. 
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Introduction 
  
Chromosomal instability (CIN) is a hallmark of human cancer and correlates with tumor 

progression, development of therapy resistance, and poor clinical outcome 1-3. CIN can 

be categorized into two major forms: numerical or whole chromosomal instability (W-

CIN) leading to aneuploidy and structural chromosomal instability (S-CIN), which 

causes structural chromosomal aberrations including deletions, insertions, and 

amplifications 2. S-CIN can be mechanistically traced back to errors in DNA repair and, 

in particular, by abnormal or slowed-down DNA replication, a condition known as 

replication stress (RS) 4-6. On the other hand, W-CIN is considered to be caused by 

errors during chromosome segregation in mitosis. In fact, various defects during 

mitosis have been suggested to contribute to W-CIN including supernumerary 

centrosomes, spindle abnormalities or impaired spindle checkpoint function 1,7,8. It is 

well established that a major mitotic abnormality in chromosomally unstable cancer 

cells (W-CIN+ cells) is the appearance of lagging chromosomes during anaphase, 

which is the result of erroneous and hyper-stable microtubule-kinetochore attachments 
9-11. More recently, it was revealed that an abnormal increase in microtubule growth 

rates within mitotic spindles can be a direct trigger for the generation of lagging 

chromosomes and for W-CIN 10,12-15. In fact, increased microtubule growth seems to 

be a wide-spread mitotic defects present in W-CIN+ cancer cells 10,13,15. Significantly, 

restoration of this defect in various cancer cells was shown to be sufficient to suppress 

chromosome missegregation and W-CIN indicating a causality between increased 

microtubule polymerization and the induction of aneuploidy in cancer cells 10,13,15. 

Interestingly, in cancer cells aneuploidy is often accompanied with structural 

chromosome aberrations and vice versa, suggesting a link between W-CIN and S-CIN. 

Indeed, evidence for such a link was provided by demonstrating that W-CIN+ cells 

suffer from replication stress. Moreover, rescuing RS in these cancer cells resulted in 

suppression of W-CIN indicating that RS might link S-CIN to mitosis-mediated W-CIN 
16,17. Mechanistically, it was demonstrated that moderate RS can cause premature 

centriole disengagement, which can contribute to spindle multipolarity in mitosis, 

thereby supporting missegregation of mitotic chromosomes 18. However, W-CIN+ cells 

exhibit only signs of very mild RS, which associates with increased mitotic microtubule 
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growth rates leading to the generation of lagging chromosomes as a basis for W-CIN 
17. Thus, there is clear evidence indicating that RS can affect mitotic chromosome 

segregation to cause W-CIN. However, the link between RS and mitotic defects is 

unknown. 

RS can be caused by various means including DNA damage, abnormal DNA structures 

or shortage of replication factors or nucleotides 4,6. RS is prevalent in human cancer 

and pre-cancerous lesions and has been associated with S-CIN. In fact, oncogene 

activation including MYC or CCNE1 amplification has been linked to the induction of 

RS and genome instability 19-22. Experimentally, inhibition of DNA polymerases using 

aphidicolin is widely used to induce RS, thereby allowing the induction of gradual levels 

of RS 17. Cells respond to severe RS by activating an intra-S phase checkpoint that 

involves the ATR kinase. ATR activation prevents the further progression of replication 

to allow DNA damage repair, but also stabilizes replication forks to allow subsequent 

re-start of replication 23,24. In contrast to severe RS that can lead to DNA damage and 

cell cycle arrest, W-CIN+ cancer cells were shown to exhibit only very mild RS, which 

can escape checkpoint control 16,17. These cells can further progress through the cell 

cycle and enter mitosis where under-replicated DNA might interfere with normal 

chromosome segregation 25,26.  

For a normal DNA replication, human cells assemble ~500,000 pre-replication 

complexes (pre-RCs) in G1 phase by loading MCM helicase complexes (MCM2-7) and 

additional licensing factors onto specific chromatin sites, called origins of replication 

(ORCs). At the beginning of S phase, replication origin firing is triggered by CDC7 and 

CDK2 kinase activities that promote the recruitment of firing factors including GINS 

and CDC45 to form the active CDC45-MCM-GINS (CMG) helicase complex 27-29. 

During an unperturbed S phase, only ~10% of the licensed origins are fired indicating 

that the majority of licensed origins serves as back-ups. Indeed, upon RS, these 

dormant origins are activated leading to a higher origin density on chromatin (i.e. 

reduced inter-origin distances) 30-33. The mechanisms of dormant origin firing are not 

well understood, but several studies have revealed that S phase specific ATR inhibition 

is sufficient to induce dormant origin firing indicating that ATR limits origin firing during 

an unperturbed S phase 34-37. In this context, ATR acts as negative regulator of CDK1 

during S phase, which negatively controls the assembly of the CDC7 counteracting the 
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RIF1-PP1 protein phosphatase complex 38-40. Importantly, upon RS or upon ATR-RIF1 

inhibition in the absence of RS dormant origin firing is activated in a CDC7-dependent 

manner supporting the completion of DNA replication even when forks progress slowly 
27,30. Thus, dormant origin firing seems to be beneficial for cells and is believed to 

suppress chromosomal instability during RS. 

In contrast to this view, we found in this study that genes directly involved in replication 

origin firing are positively correlated with W-CIN in human tumor samples suggesting 

a role for increased origin firing in cancer chromosomal instability. We demonstrate 

that unscheduled induction of origin firing or dormant origin firing upon mild replication 

stress is sufficient to trigger W-CIN by increasing microtubule growth rates and 

chromosome missegregation in mitosis. Moreover, we show that chromosomally 

unstable cancer cells not only suffer from mild replication stress, but also exhibit 

increased origin firing leading to whole chromosome missegregation and W-CIN in 

these cancer cells. 

 
Results 
 
Genes involved in DNA replication origin firing are upregulated in human cancer 
and significantly correlate with W-CIN 
To identify cancer-relevant genes that are associated with whole chromosomal 

instability (W-CIN) in human cancer we performed a systematic and comprehensive 

bioinformatic pan-cancer analysis using data from 32 different cancer types from The 

Cancer Genome Atlas (TCGA). To quantify the degree of W-CIN in bulk tumor samples 

we used DNA copy number data and computed the whole genome integrity index 

(WGII) as a surrogate measure for W-CIN 16,41. To filter genes differentially expressed 

in W-CIN tumors, we divided the tumor samples into high and low WGII groups and 

compared their mean gene expression corrected for cancer type specific effects. 

Among the genes that positively correlate with the WGII score across most cancer 

types we found mitotic genes including TPX2, RAE1, UBE2C, AURKA, AURKB, BUB1 

and CDK1 (Fig. 1a). These candidates with functions in mitotic chromosome 

segregation are expected to be tightly associated with W-CIN and have indeed been 

identified previously as part of a CIN gene signature 42, thereby validating our 
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systematic and unbiased bioinformatic approach. Our analysis also identified up-

regulation of the known oncogenes CCNE1 and CCNE2 (encoding for cyclin E1/2) as 

being associated with W-CIN. CCNE1 amplification has been previously linked to 

replication stress and genome instability 19-22. Interestingly, our analysis revealed an 

overall strong association of W-CIN with high expression of genes involved in DNA 

replication including GINS1-4, CDC45, MCMs, DBF4, CDC7, RECQL4, PCNA, POLE 

and POLD2 (Fig. 1a). In fact, gene set enrichment analysis showed that genes 

positively associated with WGII scores are highly enriched for DNA replication factors 

(permutation test q-value = 0.00089, Fig. 1b). Moreover, a gene set annotated for DNA 

replication origin firing was found to be highly enriched at the top of all genes ranked 

by their correlation between WGII and expression (permutation test q-value = 

8.04e−06, Fig. 1c) suggesting that high expression of genes involved in replication 

origin firing might be particularly associated with W-CIN. To investigate the association 

of origin firing gene expression including GINS, MCM and CDC45 with W-CIN in 

individual cancer types we calculated Spearman correlation coefficients between 

expression and WGII scores. The strong correlation was reflected in many cancer 

types as shown in Fig. S1a. 

Among the top genes whose expression correlate with W-CIN were GINS1 and 

CDC45, both of which are well known key regulators of replication origin firing 27. Both, 

GINS1 and CDC45 expression showed a strong positive correlation with high WGII 

scores in various tumor entities, even when predicted proliferation rates 43 were taken 

into account suggesting that these origin firing genes might regulate W-CIN, but not 

overall proliferation in cancer specimens (Fig. 1d,e). Additionally, we found that copy 

number variations (CNVs) of many origin firing factors show an overall strong positive 

correlation with WGII scores and is most significant for GINS1 (Fig. S1b). These results 

suggest that amplification of origin firing genes is a frequent event in various human 

cancers and correlates with high expression of these genes and W-CIN. Thus, based 

on our comprehensive pan-cancer analysis, we suggest that genes involved in origin 

firing represent potential oncogenes overexpressed in human cancer and might 

contribute to chromosomal instability.  
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GINS1 or CDC45 overexpression increase replication origin firing without 
affecting replication fork progression 
Our bioinformatic analysis identified the replication origin firing genes GINS1 and 

CDC45 as most significantly associated with W-CIN. To analyze the effects of high 

GINS1 and CDC45 expression on a cellular level and on genome stability, we stably 

overexpressed either GINS1 or CDC45 in chromosomally stable HCT116 cells that are 

characterized by proper chromosome segregation and DNA replication 10,17. We 

selected individual single cell clones for further analysis (Fig. 2a, Fig. S2a). First, we 

investigated how overexpression of the origin firing factors GINS1 or CDC45 affect 

DNA replication. For this, we performed DNA combing analysis upon DNA pulse 

labeling with nucleoside analogues 5-chloro-2ʹ-deoxyuridine (CldU) and 5-iodo-2ʹ-

deoxyuridine (IdU) (Fig. 2b). Interestingly, GINS1 or CDC45 overexpression did not 

grossly affect the replication fork progression rate when compared to parental HCT116 

cells (Fig. 2c, Fig. S2b). However, it significantly decreased the inter-origin distance 

demonstrating increased origin firing upon GINS1 or CDC45 overexpression (Fig. 2d, 

Fig. S2c). Origin firing at the beginning of S phase requires CDC7-mediated 

phosphorylation 27,28,44. Consequently, we found that inhibition of the CDC7 kinase 

using low concentrations of the small-molecule inhibitor XL-413 45, which do not 

abrogate DNA replication, S phase progression or proliferation, fully restored proper 

inter-origin distances and thus, suppressed abnormally increased origin firing (Fig. 2d). 

Interestingly, CDC7 inhibition also slightly improved fork progression, which might be 

due to increased availability of nucleotides when normal levels of origin firing are 

restored in GINS1 overexpressing cells (Fig. 2c). Together, GINS1 or CDC45 

overexpression is common in human cancer and selectively increases replication 

origin firing without affecting DNA replication and fork progression per se. 

 

Increased replication origin firing upon GINS1 or CDC45 expression causes W-
CIN 
Previous work showed that W-CIN+ cancer cells characterized by perpetual 

chromosome missegregation suffer from replication stress 16,17. Moreover, it has been 

demonstrated that chromosome missegregation and W-CIN in these cancer cells are 

triggered by abnormally increased microtubule growth rates during mitosis 10,12,13,17. 
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Therefore, we evaluated whether increased origin firing triggers increased microtubule 

growth rates in mitosis leading to chromosome missegregation. Indeed, EB3-GFP 

tracking experiments in living mitotic cells revealed that overexpression of GINS1 or 

CDC45 was sufficient to cause increased mitotic microtubule growth rates (Fig. 3a; 

Fig. S2d) to a level typically detected in chromosomally instable cancer cells 10,13,17. 

Concomitantly, we detected a clear induction of lagging chromosomes during 

anaphase indicative for whole chromosome missegregation in cells with GINS1 or 

CDC45 overexpression (Fig. 3b, Fig. S2e). Importantly, chromosome missegregation 

was suppressed upon restoration of proper microtubule growth rates by low doses of 

Taxol (Fig. 3b; Fig. S2e), which was shown to correct abnormal microtubule growth 

rates in cancer cells 10. Moreover, microtubule growth rates and lagging chromosome 

were also suppressed upon CDC7 inhibition using XL-413 (Fig. 3a,b; Fig. S2d,e) 

demonstrating that chromosome missegregation is not only dependent on increased 

microtubule growth rates, but also on increased origin firing upon GINS1 or CDC45 

overexpression. We therefore tested whether GINS1 or CDC45 expression is sufficient 

to induce W-CIN. For this, we analyzed single cell clones that were grown for 30 

generations and determined the proportion of cells harboring chromosome numbers 

deviating from the modal number of 45 chromosomes (Figure 3c). These karyotype 

analysis indicate that overexpression of GINS1 or CDC45 is sufficient to cause the 

induction of aneuploidy and thus, of W-CIN (Fig. S2f, Fig. S3a,b). Moreover, we grew 

single cell clones with GINS1 overexpression and additional long-term treatment with 

DMSO, (control), low-dose Taxol (to restore proper microtubule growth rates) or with 

XL-413 (to suppress additional origin firing) and determined the evolved karyotype 

variability (Fig. 3c, Fig. S4a). Both, Taxol and CDC7 inhibition fully suppressed the 

evolvement of aneuploidy indicating that W-CIN upon GINS1 overexpression is 

dependent on both, increased microtubule growth rates and increased origin firing (Fig. 

3d, Fig. S4b). It is of note that we were not able to cultivate single cell clones in the 

continuous presence of 1.0 µM XL-413 that was used in transient experiments before, 

which might be due to intracellular accumulation of the inhibitor. Instead, we used 

0.5 µM XL-413 in these long-term experiments, which was sufficient to restore normal 

microtubule growth rates similar to 0.2 nM Taxol treatment (Figure S4c). Taken 

together, these results demonstrate that increased origin firing induced by GINS1 or 
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CDC45 overexpression is sufficient to trigger W-CIN by increasing mitotic microtubule 

growth rates, which is typically seen in W-CIN+ cancer cells 10,13. 

 

 

ATR-CDK1-RIF1-regulated dormant origin firing causes mitotic chromosome 
missegregation 
Recent work showed that ATR signaling limits origin firing by counteracting CDK1 

activity during S phase, thereby allowing balanced action of CDC7 and its 

counteracting RIF1-PP1 phosphatase complex 38,40. Consequently, ATR inhibition 

results in unleashed CDK1 activity that inactivates RIF1-PP1 and fosters increased 

origin firing mediated by the CDC7 kinase 38 (Fig. 4a). Based on these previous 

findings, we pharmacologically inhibited ATR kinase activity and verified the activation 

of dormant origin firing in an CDK1 and CDC7 dependent manner by performing DNA 

combing analysis (Fig. S5). Importantly, the ATRi-mediated dormant origin firing 

resulted in an increase in microtubule growth rates and chromosome missegregation 

in mitosis, both of which were suppressed upon concomitant inhibition of CDK1 or 

CDC7 indicating that ATRi-induced mitotic errors are mediated by CDK1/CDC7-

triggered origin firing (Fig. 4b,c). Moreover, directly increasing CDK1 activity by stable 

expression of a constitutive active CDK1 mutant (CDK1-AF) 13 was sufficient to 

increase microtubule growth rates and chromosome missegregation, again in a CDK1- 

and CDC7-activity-dependent manner (Fig. 4d,e). This further supports the notion that 

ATR inhibition acts through increased CDK1 activity to induce origin firing. Since 

increased CDK1 activity is expected to result in inhibition of the RIF1-PP1 phosphatase 

to induce CDC7-mediated origin firing (Fig. 4a), we depleted RIF1 by siRNAs (Fig. 4f) 

and evaluated the effects on mitosis. In fact, loss of RIF1 mimicked ATR inhibition or 

CDK1 activation and increased microtubule growth rates and chromosome 

missegregation in mitosis, again in a CDC7-, but not CDK1-dependent manner (Fig. 

4g,h). Thus, abrogation of the ATR-RIF1 axis through CDK1 activation causes dormant 

origin firing leading to mitotic chromosome missegregation and W-CIN. 
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Replication stress-induced dormant origin firing causes mitotic chromosome 
missegregation 
W-CIN+ cancer cells suffer from mild replication stress that can be mimicked by 

treatment with very low concentrations (100 nM) of the DNA polymerase inhibitor 

aphidicolin 16,17. Replication stress is known to activate dormant origin firing as a 

compensation mechanism to complete DNA replication when replication forks progress 

too slowly 46. We asked whether dormant origin firing induced by cancer-relevant mild 

replication stress can cause whole chromosome missegregation in mitosis. To this 

end, we treated chromosomally stable HCT116 cells with 100 nM aphidicolin to induce 

mild replication stress and performed DNA combing analysis. As expected, aphidicolin 

reduced replication fork progression (Fig. 5a) and decreased the inter-origin distances 

indicating that dormant origin firing represents a consequence of slowed fork 

progression upon RS (Fig. 5b). Importantly, CDC7 or CDK1 inhibition did not affect the 

slowed fork progression rates, but fully restored normal inter-origin distances (Fig. 

5a,b) indicating that partial CDK1 or CDC7 inhibition can selectively used to suppress 

dormant origin firing during aphidicolin-induced RS. Then we tested whether replication 

stress-induced dormant origin firing can trigger mitotic errors. As shown before 17, mild 

replication stress increased mitotic microtubule growth rates and lagging 

chromosomes (Fig. 5c,d). Importantly, these effects were fully suppressed when 

dormant origin firing was selectively inhibited upon CDK1 or CDC7 inhibition (Fig. 

5c,d), which demonstrates that dormant origin firing during mild replication stress in S 

phase represents a trigger for whole chromosome missegregation during the 

subsequent mitosis. 

 

 

Activation of dormant origin firing during early S phase triggers mitotic errors 
To further investigate whether the ATR-CDK1-CDC7-dependent regulation of dormant 

origin firing acts during S phase to cause mitotic dysfunction we established a schedule 

for inhibitor treatments during different phases of the cell cycle prior to the analysis of 

mitotic phenotypes (Fig. 6a). We treated cells with ATRi only during a two-hour time 

window during early S phase followed by washout of the drug. This S phase-specific 

treatment was sufficient to increase microtubule growth rates and to induce lagging 
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chromosomes in the subsequent mitosis (Fig. 6b,c). Moreover, the mitotic errors were 

only suppressed by CDK1 or CDC7 inhibition when applied also during early S phase, 

but not when applied at the G2/M transition (Fig. 6b,c) indicating that the ATRi-

mediated increase in CDK1 and CDC7-mediated origin firing is required during early 

S phase to induce errors in the subsequent mitosis. This finding was further supported 

by using HCT116 cells with increased CDK1 activity (expressing CDK1-AF) where 

inhibition of CDK1 or CDC7 only during early S phase, but not in late S phase, G2 or 

at G2/M rescued the mitotic defects (Fig. 6d,e). Finally, we increased CDK1 activity in 

a cell cycle stage dependent manner by inhibiting the WEE1 kinase, a negative 

regulator of CDK1 47. WEE1 inhibition was previously shown to induce dormant origin 

firing in a CDK1-dependent manner 39,48. Significantly, WEE1 inhibition led to an 

increase in mitotic microtubule growth rates and to an induction of lagging 

chromosomes only when applied during a two-hour time window in early S phase, but 

not in late S phase, G2 or at G2/M (Fig. 6f,g). Thus, dormant origin firing, specifically 

during early S phase and either triggered upon mild replication stress or upon ATR 

inhibition or CDK1 activation, is sufficient to cause mitotic defects leading to whole 

chromosome missegregation and W-CIN. 

 

Dormant origin firing is a trigger for W-CIN in chromosomally unstable cancer 
cells  
Chromosomally unstable, aneuploid colorectal cancer cells (W-CIN+ cells) are 

characterized by increased mitotic microtubule growth rates, increased incidence of 

lagging chromosomes and by mild replication stress 10,13,16,17. We asked whether 

dormant origin firing represents a trigger for W-CIN in these cancer cells. To this end, 

we performed DNA combing analysis using three different W-CIN+ cell lines in the 

presence or absence of CDC7 inhibition. In line with previous work 16,17, we found that 

the W-CIN+ cells showed decreased replication fork progression when compared to 

chromosomally stable HCT116 cells, which was largely unaffected by CDC7 inhibition 

(Fig. 7a). Moreover, all W-CIN+ cell lines showed increased dormant origin firing 

reflected by decreased inter-origin distances that was suppressed upon CDC7 

inhibition (Fig. 7b), indicating that CDC7 inhibition can be used to discriminate between 

slow fork progression and increased origin firing in W-CIN+ cancer cells. As shown 
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before 10,13,17, W-CIN+ cancer cells exhibit increased mitotic microtubule growth rates 

that cause the generation of lagging chromosomes (Fig. 7c,d). Importantly, both, 

abnormal microtubule growth rates and the generation of lagging chromosomes were 

suppressed upon restoration of proper origin firing after CDC7 inhibition (Fig. 7c,d) 

indicating that increased origin firing, but not slowed replication fork progression acts 

as a trigger for subsequent mitotic errors. It is of note that we recently showed that 

perpetual chromosome missegregation in W-CIN+ cells is suppressed upon CDK1 

inhibition 13, which is in line with our results presented here showing that CDK1 

unleashed upon ATR inhibition increased origin firing (Fig. 5). To further support our 

findings, we partially depleted either CDC7 or different components of the CMG 

helicase (GINS1, CDC45 and MCM2), all of which are well-known to influence dormant 

origin firing 33,49, in W-CIN+ cells (Fig. S6) and analyzed microtubule growth rates and 

chromosome segregation in mitosis. Similar to CDC7 or CDK1 inhibition, siRNA-

mediated partial knockdown of CDC7, GINS1, CDC45 or MCM2 restored normal 

mitotic microtubule polymerization rates and chromosome segregation in all three W-

CIN+ cell lines (Fig. 7e,f). Thus, dormant origin firing in chromosomally unstable cancer 

cells suffering from mild replication stress acts as a trigger for subsequent mitotic 

chromosome missegregation and chromosomal instability. 

 
Discussion 
 
This study revealed that increased replication origin firing can act as a so far 

unrecognized trigger for mitotic chromosome missegregation and the induction of 

whole chromosome instability (W-CIN) in human cancer cells. Origin firing-induced W-

CIN involves an induction of abnormally increased microtubule growth rates in mitosis, 

which is known to cause W-CIN 10,15,17. Induction of origin firing occurs in different 

scenarios: (i) upon overexpression of potentially oncogenic origin firing genes causing 

dormant origin firing associated with W-CIN in human cancer specimens, (ii) 

experimentally, by using the DNA polymerase inhibitor aphidicolin, which is known to 

induce mild replication stress and dormant origin firing, (iii) upon inhibition of the ATR-

RIF1 axis known to negatively regulate dormant origin firing during an unperturbed S 

phase 30,38, and (iv) in W-CIN+ cancer cells known to exhibit endogenous mild 
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replication stress 16,17. In all cases, we found that increased origin firing, but not 

replication stress per se, is sufficient to induce mitotic chromosome missegregation 

and W-CIN. 

Origin firing requires the licensing of origins in G1 phase and is initiated at the 

beginning of S phase by CDK- and CDC7-mediated phosphorylation and assembly of 

the CDC45-MCM-GINS (CMG) helicase complex 49. In human cells, there is a large 

excess of licensed over fired origins. During an unperturbed DNA replication most 

origins remain dormant, but during replication stress dormant origins can fire and this 

is thought to represent a compensatory mechanism to rescue RS 30,46. Our DNA 

combing results support this view and showed that even mild RS, which is not sufficient 

to activate the ATR-dependent checkpoint 17, induces dormant origin firing. 

Importantly, CIN+ cancer cells not only show slowed replication fork progression, but 

are also characterized by dormant origin firing. The causal link between replication 

stress and increased dormant origin firing is well established. In fact, partial depletion 

of MCM2-7 complexes, which only impairs dormant origin firing during replication 

stress, but not normal DNA replication timing, results in an induction of markers for 

under-replicated DNA including DNA damage, mitotic DNA synthesis, micronuclei 

formation and formation of 53BP1 nuclear bodies 31,33. Therefore, it was concluded that 

dormant origin firing is beneficial for cells, rescues replication stress and possibly, 

suppresses chromosomal instability 30. However, our data presented here clearly 

indicate that dormant origin firing can contribute to chromosomal instability by 

triggering mitotic errors.  

It is currently not well understood how dormant origin firing is initiated during replication 

stress. Possibly, licensed dormant origins are passively removed during unperturbed 

DNA replication. Consequently, a subset of dormant origins might not be removed 

during RS due to the slowly progressing forks and are allowed to fire 30,46. On the other 

hand, it has been demonstrated that inhibition of ATR, resulting in activation of CDK1 

and abrogation of the RIF1-PP1 phosphatase complex in S phase, is sufficient to 

induce dormant origin firing in the absence of replication stress 34,37-39. This suggests 

that a non-checkpoint pool of ATR that is active during an unperturbed S phase can 

limit origin firing. Our results support this model and showed that ATR inhibition, CDK1 

activation or loss of RIF1 results in increased origin firing and leads to subsequent 
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mitotic dysfunction and chromosome missegregation in an origin firing dependent 

manner.  

The intriguing link between increased origin firing and increased mitotic microtubule 

growth rats, which is responsible for chromosome missegregation in mitosis, is 

currently not understood. One can speculate that unscheduled origin firing might 

activate yet unknown signaling pathways leading to deregulation of microtubule 

associated proteins. In fact, the processive microtubule polymerase ch-TOG might be 

a relevant target since it has been demonstrated that its overexpression, observed in 

various cancers 50,51, is sufficient to increase microtubule growth rates and to induce 

whole chromosome missegregation 10,52. In addition, other microtubule plus end 

binding proteins with functions in microtubule plus-tip assembly 53 might also be subject 

to functional modulation in response to increased origin firing in S phase. 

Comprehensive proteomic approaches could provide important clues on microtubule 

associated proteins that might be deregulated specifically after increased origin firing.  

Intriguingly, our cell cycle dependent analysis revealed that modulation of origin firing 

specifically during early S phase, but not in late S phase or G2 is required to mediate 

the subsequent mitotic errors and W-CIN. Thus, there is a time window of origin firing 

during early S phase, which is of particular importance for chromosomal instability. It 

is well known that DNA replication has a complex and distinct spatio-temporal 

organization 54. Late replicating domains often show low origin densities, which might 

contribute to their under-replication in response to replication stress. In fact, these 

regions were identified as common fragile sites (CFSs) , which are prone to fragility 

and represent common breakpoints in cancer cells 54,55. In contrast, the recently 

discovered early-replicating fragile sites (ERFS) are located in early replicating 

chromosome domains and contain highly expressed genes and a higher origin density 
56. These early replicating chromosome domains seem to be highly cancer relevant. 

More than 50% of all translocations in B-cell lymphomas were found to be associated 

with ERFSs 56. Our results now indicate that mitotic errors are more likely to result from 

increased origin firing in early S phase, i.e. in early replicating domains. Whether this 

is directly linked to ERFSs or whether transcription-replication conflicts, which might 

be more prevalent upon increased origin firing in early replicating domains 57 remains 

to be shown. Overall, these new results might suggest mechanistic links between S-



 

  

 170 

CIN affecting early replicating chromosome domains and W-CIN affecting whole 

chromosomes. 

It is well known that cancer cells, in particular W-CIN+ cells, suffer from mild replication 

stress, which can be caused by various means including DNA damage, nucleotide or 

replication factor shortage and oncogene expression 4,6,16,17,58. The latter might be of 

particular relevance in cancer. For instance, overexpression of CCNE1 (encoding for 

cyclin E) or MYC has not only been linked to RS, but, interestingly, also to increased 

origin firing 58. The additionally fired origins were associated with collapse of replication 

forks leading to DNA damage, thereby linking oncogene-induced origin firing to 

chromosomal rearrangements and thus, to S-CIN 22. Intriguingly, both, ERFSs and 

oncogene-induced origins map to highly transcribed chromosomal domains 

suggesting a possible role of transcription-replication conflicts in CIN 57. Interestingly, 

previous studies also demonstrated that high expression of oncogenes like CCNE1 or 

MYC can also interfere with proper chromosome segregation in mitosis, but the 

underlying mechanisms remained unclear 19,21,59,60. Based on our work presented here, 

it seems plausible that oncogenes affect mitosis and induce W-CIN through their role 

in inducing origin firing. 

In addition to the classical oncogenes, our systematic pan-cancer analysis identified 

origin firing genes itself as putative oncogenes that increase origin firing and induce 

mitotic errors. We found that GINS1, CDC45, MCMs and others are frequently 

upregulated in various human cancer types and their high expression correlate 

significantly with W-CIN. Similar to mitotic genes that are known to influence mitotic 

chromosome segregation directly (e.g. AURKA, TPX2 located on chromosome 20q; 
42,61) we found that high expression of origin firing genes like GINS1 were associated 

with copy number gains across many different cancer types indicating that 

amplification of origin firing genes is frequent in human cancer. Importantly, we showed 

that overexpression of GINS1 or CDC45 alone is sufficient to trigger dormant origin 

firing without inducing replication stress per se, i.e. without altering replication fork 

velocity. This specific induction of origin firing was nevertheless sufficient to cause 

mitotic chromosome missegregation, aneuploidy and W-CIN demonstrating that origin 

firing, but not slowed replication kinetics is responsible for mitotic dysfunction and W-

CIN. Since W-CIN has been linked to tumor progression, tumor aggressiveness and 
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therapy resistance 1,2, it is not surprising that high expression of GINS1 or CDC45 was 

found to be associated with poor prognosis in different tumor types supporting putative 

oncogenic functions of genes involved in origin firing 62,63.  

 

Material and methods  
 
Cell culture 
HCT116, HT29, SW480, and SW620 cells were obtained from ATCC (USA). Cells 

were cultivated in RPMI1640 medium (PAN-Biotech GmbH, Germany) supplemented 

with 10 % fetal bovine serum (FBS; Corning Inc., USA), 100 units/ml penicillin, and 

100 μg/ml streptomycin (Anprotec, Germany). HCT116 + CDK1-AF and the 

corresponding control cells13 were grown in medium with 300 µg/ml G418 (Santa Cruz, 

USA). All cells were grown in a humidified atmosphere at 37 °C and 5 % CO2. 

 
Plasmid and siRNA transfections 
For EB3-GFP tracking experiments, cells were transfected with 10 µg pEGFP-EB3 

(kindly provided by Linda Wordeman, Seattle, WA, USA) using a GenePulser Xcell 

(Bio-Rad Laboratories, USA) at 500 µF and 300 V (HCT116, SW620), or 950 µF and 

220 V (SW480, HT29). Cells were transfected with siRNAs (60 pmol; Sigma-Aldrich, 

Germany) using ScreenFect®siRNA (ScreenFect GmbH, Germany) or Lipofectamine 

RNAiMAX (Thermo Fisher Scientific, USA) according to the manufacturer protocols. 

The used siRNA sequences are listed below. Further experiments were performed 

48 hrs after transfection and Western blotting was used to confirm transfection 

efficiency.  

LUCIFERASE (LUC): 5’-CUUACGCUGAGUACUUCGAUU-3’; 

CDC45: 5’-UUCAUCCAGGCUCUGGACAGC-3’; 

CDC7: 5’-AAGCUCAGCAGGAAAGGUG-3’; 

GINS1: 5’-AAAGAUCUCUUGCUACUUAdTdT-3’; 

MCM2: 5’GGAGCUCAUUGGAGAUGGCAUGGAA-3’; 

RIF1: 5’-AAGAGCAUCUCAGGGUUUGCUdTdT-3’ 

 
Generation of stable cell lines 
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For the generation of HCT116-derived cell lines stably expressing CDC45 or GINS1, 

HCT116 cells were transfected with 0.75 µg or 1.5 µg mCherry-CDC45 (kindly 

provided by Helmut Pospiech, FLI, Jena, Germany 64) and 1.5 µg or 2.0 µg pCMV6-

Myc-FLAG-GINS1 (OriGene Technologies, Inc., USA), respectively, using 

METAFECTENE (Biontex, Germany) according to the manufacturer instructions. 

Several single cell clones were grown in medium supplemented with 300 µg/ml G418 

(Santa Cruz, USA) and selected for further analysis. 

 
Cell treatments 
To restore proper microtubule polymerization rates, cells were grown in the presence 

of 0.2 nM Taxol (Sigma-Aldrich, Germany) as shown before10,12. The inhibitors ETP-

46464 (1.0 µM; Selleck Chemicals, USA), MK-1775 (75 nM; Selleck Chemicals, USA), 

RO-3306 (1.0 µM; Santa Cruz, USA), and XL-413 (0.5-1.0 µM; Tocris Bioscience, UK) 

were used to inhibit ATR, WEE1, CDK1, and CDC7 kinases, respectively. All inhibitors 

were titrated to ensure that cell cycle progression was not affected. Cells were treated 

with 100 nM aphidicolin (Santa Cruz, USA) to induce mild replication stress as 

described before 17. Corresponding volumes of DMSO or H2O were used as controls. 

 
Analysis of microtubule polymerization rates 
EB3-GFP tracking experiments were performed to determine microtubule 

polymerization rates10,65. 48 hrs after transfection with pEGFP-EB3, cells were treated 

with 2.0 µM Dimethylenastron (DME; Calbiochem, USA) for 1-2 hrs to accumulate cells 

in prometaphase10. To visualize microtubule plus tips, live cell microscopy was 

performed using a DeltaVision Elite microscope (GE Healthcare, UK) equipped with a 

PCO Edge sCMOS camera (PCO, Germany) and the softWoRx® 6.0 Software Suite 

(GE Healthcare, USA). Mitotic cells were monitored for 30 seconds in total, and images 

were taken every 2 seconds. During image acquisition, cells were incubated at 37 °C 

and 5 % CO2. The softWoRx® 6.0 Software Suite (GE Healthcare, USA) was used for 

image deconvolution and analysis. Average microtubule growth rates were calculated 

from 20 microtubules per cell. 

 
Quantification of anaphase cells exhibiting lagging chromosomes  
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Cells were synchronized in anaphase by a double thymidine block followed by a 

release for 8.5-9.5 hrs 13. Cells were fixed with 2 % paraformaldehyde/PBS for 

5 minutes and then with ice-cold 100 % methanol for 5 minutes at -20 °C. To visualize 

microtubules, kinetochores, and the DNA, cells were stained with anti-α-tubulin (1:700, 

B-5-1-2, Santa Cruz, USA, cat no sc-23948), anti-CENP-C (1:1000, MBL International 

Corporation, USA, cat no PD030) and secondary antibodies conjugated to Alexa-

Fluor488 (1:1000, Thermo Fisher Scientific, USA, cat no A-11029) and Alexa-Fluor594 

(1:1000, Thermo Fisher Scientific, USA, cat no A-11076), and Hoechst33342 (1:15000 

in PBS, Thermo Fisher Scientific, USA). To quantify cells exhibiting lagging 

chromosomes, 100 anaphase cells were analyzed in each experiment using a Leica 

DMI6000B fluorescence microscope (Leica, Germany) equipped with a Leica DFC360 

FX camera (Leica, Germany) and the Leica LAS AF software (Leica, Germany). Only 

chromosomes, which were stained with both Hoechst33342 and anti-CENP-C and 

were clearly separated from the DNA localized at the spindle poles, were considered 

as lagging chromosomes.  

 
Detection of W-CIN 
To assess time-dependent W-CIN, we analyzed the generation of aneuploidy in single 

cell clones that were grown for 30 generations in culture. Cells were subjected to 

chromosome counting analysis from metaphase spreads as described 10,13. Briefly, 

cells were treated for 4 hrs with 2.0 µM of the Eg5 inhibitor Dimethylenanstron (DME) 

for 4 hrs to accumulate cells in mitosis. Cells were harvested and resuspended in 

hypotonic solution (60 % ddH2O + 40 % RPMI6140 (PAN-Biotech GmbH, Germany)). 

After 15 minutes of incubation at room temperature, cells were fixed with ice-cold 75 % 

methanol + 25 % acetic acid. After fixation, cells were resuspended in 100 % acetic 

acid and dropped onto pre-cooled wet glass slides. After drying, cells were stained with 

Giemsa solution (Sigma-Aldrich, Germany). The chromosome number of 50 mitotic 

cells was quantified using a Zeiss Axioscope FS microscope (Zeiss, Germany) 

equipped with a Hamamatsu digital camera C4742-95 (Hamamatsu Photonics, Japan) 

and the Hokawo Launcher 2.1 software (Hamamatsu Photonics, Japan). 

 
DNA combing assays 
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DNA combing assays were performed to determine DNA replication fork progression 

rates and inter-origin distances. Asynchronously growing cells were pre-treated with 

indicated inhibitors (aphidicolin, ETP-46464, RO-3306, XL-413) for 1 h followed by 

inhibitor incubation together with 100 μM 5-chloro-2ʹ-deoxyuridine (CldU; Sigma-

Aldrich, Germany) and, subsequently, with 100 µM 5-iodo-2ʹ-deoxyuridine (IdU; 

Sigma-Aldrich, Germany) for 30 min each. Cells were harvested and processed using 

the FiberPrep DNA extraction kit (Genomic Vision, France). Isolated DNA was 

immobilized on engraved vinyl silane treated cover slips (Genomic Vision, France) 

using the Molecular Combing System (Genomic Vision, France). Subsequently, 

samples were stained with the following antibodies: anti-BrdU (for CldU detection; 

1:10, BU1/75 (ICR1), Abcam, UK, cat no ab6326), anti-BrdU (for IdU detection; 1:10, 

B44, BD Biosciences, USA, cat no 347580), anti-ssDNA (1:5, DSHB, USA, cat no 

autoanti-ssDNA), secondary antibodies conjugated to Cy5 (1:25, Abcam, UK, cat no 

ab6565), Cy3.5 (1:25, Abcam, UK, cat no ab6946), and BV480 (1:25, BD Biosciences, 

USA, cat no 564877). Images were acquired by Genomic Vision’s EasyScan service 

and samples were analyzed with the FiberStudio web application (Genomic Vision, 

France). To determine replication fork progression rates, at least 300 labeled 

unidirectional DNA tracks were analyzed per sample. To analyze inter-origin 

distances, the distance between two neighboring origins on the same DNA strand was 

measured. At least 45 inter-origin distances were analyzed per sample.  

 
Western blotting 
Cells were lysed in lysis buffer (50 mM Tris-HCl, pH 7.4, 150 mM NaCl, 5 mM EDTA, 

5 mM EGTA, 1 % (v/v) NP-40, 0.1 % (w/v) SDS, 0.1 % (w/v) sodium deoxycholate, 

phosphatase inhibitor cocktail (25 mM β-glycerophosphate, 50 mM NaF, 5 mM 

Na2MoO4, 0.2 mM Na3VO4, 5 mM EDTA, 0.5 µM microcystin), protease inhibitor 

cocktail (Roche, Switzerland)). After separation on SDS polyacrylamide gels (7 %, 

11 %, or 13 %), proteins were blotted onto nitrocellulose membranes. The following 

antibodies were used in the indicated dilutions: anti-α-tubulin (1:1000, B-5-1-2, Santa 

Cruz, USA, cat no sc-23948), anti-β-actin (1:10000, AC-15, Sigma-Aldrich, Germany, 

cat no A5441), anti-CDC45 (1:1000, D7G6, Cell Signaling Technology, USA, cat no 

#11881S), anti-CDC7 (1:1000, EPR20337, Abcam, UK, cat no ab229187), anti-MCM2 
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(1:5000, D7G11, Cell Signaling Technology, USA, cat no #3619S), anti-PSF1 

(1:10000, EPR13359, Abcam, UK, cat no ab181112), anti-RIF1 (1:1000, D2F2M, Cell 

Signaling Technology, USA, cat no #95558), secondary antibodies conjugated to 

horseradish peroxidase (1:10000, Jackson ImmunoResearch Laboratories, Inc., USA, 

cat no 115-035-146, 111-035-144). Proteins were detected by enhanced 

chemiluminescence. 

 
TCGA molecular and ploidy data 
Copy number segment data, gene expression profiles and the ploidy status called by 

the ABSOLUTE algorithm 66 of TCGA primary tumors across 32 cancer types were 

downloaded from the pan cancer atlas 67. Analyzed cancer types included: 

adrenocortical carcinoma (ACC), bladder urothelial carcinoma (BLCA), breast invasive 

carcinoma (BRCA), cervical and endocervical cancers (CESC), cholangiocarcinoma 

(CHOL), colon adenocarcinoma (COAD), lymphoid neoplasm diffuse large B-cell 

lymphoma (DLBC), esophageal carcinoma (ESCA), glioblastoma multiforme (GBM), 

head and neck squamous cell carcinoma (HNSC), kidney chromophobe (KICH), 

kidney cancer (KIPAN), kidney renal clear cell carcinoma (KIRC), kidney renal papillary 

cell carcinoma (KIRP), acute myeloid leukemia (LAML), brain lower grade glioma 

(LGG), liver hepatocellular carcinoma (LIHC), lung adenocarcinoma (LUAD), lung 

squamous cell carcinoma (LUSC), ovarian serous cystadenocarcinoma (OV), 

pancreatic adenocarcinoma (PAAD), pheochromocytoma and paraganglioma (PCPG), 

prostate adenocarcinoma (PRAD), rectum adenocarcinoma (READ), sarcoma 

(SARC), skin cutaneous melanoma (SKCM), stomach adenocarcinoma (STAD), 

testicular germ cell tumors (TGCT), thyroid carcinoma (THCA), thymoma (THYM), 

uterine corpus endometrial carcinoma (UCEC), uterine carcinosarcoma (UCS) and 

uveal melanoma (UVM). A total of 9573 tumor samples, for which copy number 

segment data, gene expression profiles and the ploidy status data were available, were 

used for the analysis. The predicted proliferation rates were collected from 43. 

Quantifying W-CIN 

Copy number and ploidy status were used to compute the weighted genome integrity 

index (WGII) score for each tumor sample. The WGII score is defined as the average 
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percentage of changed genome relative to the sample ploidy over 22 autosomal 

chromosomes and ranges from zero to one 16.  

Chromosome instability and gene expression association analysis 

We first performed gene wise max-min normalization in each cancer type to transform 

gene expression values to the range between zero. To categorize the tumor samples 

of a given cancer type as either low or high WGII (W-CIN), we used a k-means based 

discretization method  implemented in the R package arules 68. To account for cancer 

type specific effects, we used a meta analysis method implemented in the R package 

metafor 69. To estimate the meta-mean difference in gene expression between both 

WGII groups we used the escalc and rma functions in metafor with the setting 

measure=“MD” and method=“FE”. Standard FDR estimates were computed to correct 

the p-values for multiple testing. Partial correlation coefficients were computed based 

on the Spearman rank correlation coefficients.  

 

Chromosome instability and copy number association analysis 

The association between chromosome instability and copy number variations (CNVs) 

were analyzed as for gene expression analysis, replacing gene expression with copy 

number. 

Gene set enrichment analysis 

We used a manually curated list of origin firing genes (MCM2, MCM3, MCM4, MCM5, 

MCM6, MCM7, CDC7, DBF4, GINS1, POLD1, POLD2, POLD3, POLE, PCNA, GINS2, 

GINS3, GINS4, CDC45, CDK1, CCNE1, CCNE2, CDK2, CCNA1, CCNA2, WDHD1, 

RECQL4, C15orf42, TOPBP1) and KEGG replication factors 

(https://www.genome.jp/kegg/) as gene sets to perform gene set enrichment analysis 

(GSEA) 70. All genes were ranked according to their Spearman correlation between 

expression and WGII and the replication gene or origin firing gene sets were tested for 

significance enriched at the top of this ranked list.  

 
Statistical analysis 
The GraphPad Prism 5.0 software (GraphPad Software, USA) was used for statistical 

analysis. Mean values and standard deviation (SD) were calculated. Unpaired two-

tailed t-tests (SD ≠ 0) or one-sample t-tests (SD = 0) were applied to analyze statistical 
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significance. p-values were indicated as: ns (not significant): p≥0.05, *: p<0.05, **: 

p<0.01, ***: p<0.001, ****: p<0.0001.  
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Figure Legends 
 
Figure 1: Positive association of genes involved in DNA replication origin firing 
with whole chromosome instability in human cancer specimens. 
(a) Association of gene expression and W-CIN in human cancer samples. The volcano 

plot shows the mean difference in normalized gene expression in tumor samples with 

high versus low WGII scores as a proxy measure for W-CIN. The WGII mean 

differences are adjusted for cancer type specific effects in the 32 different tumor types 

included in the pan-cancer analysis and the p-values are adjusted for multiple testing. 

(b) Gene set enrichment analysis for WGII-scores and genes involved in DNA 

replication. The analysis was performed using a gene set from KEGG annotated for 

DNA replication. The significance for the normalized enrichment score (NES) was 

evaluated by a permutation test and the pink bars indicate the position of DNA 

replication genes. (c) Gene set enrichment analysis for WGII-scores and genes 

associated with DNA replication origin firing. The analysis was performed using a set 
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of manually curated origin firing factors as described in Material and Methods. The 

significance for the normalized enrichment score (NES) was assessed by a 

permutation test and the pink bars indicate the position of the origin firing genes. (d) 
GINS1 gene expression is positively correlated with WGII scores in multiple cancer 

types, independent of the proliferation rate. The partial correlation coefficient between 

GINS1 gene expression with WGII is shown, when the estimated proliferation rate is 

kept constant. (e) CDC45 gene expression is positively correlated with WGII scores in 

multiple cancer types, independent of the proliferation rate as shown in (c). 

 
Figure 2: GINS1 overexpression increase replication origin firing without 
affecting replication fork progression. 
(a) Generation of chromosomally stable HCT116 cells with stable GINS1 

overexpression. A representative Western blot shows the expression of endogenous 

and overexpressed Myc-FLAG-tagged GINS1 in three independent HCT116-derived 

single cell clones. Single cell clones transfected with empty vector serve as a control. 

α-tubulin was used as loading control. Star indicates an unspecific protein band. (b) 
Scheme illustrating DNA combing to determine replication fork progression and inter-

origin distances as a measure for origin firing activity. Cells are pulse-labelled with 

100 μM 5-chloro-2ʹ-deoxyuridine (CldU) and 100 µM 5-iodo-2ʹ-deoxyuridine (IdU) for 

30 min each. DNA combing and subsequent detection of the newly synthesized DNA 

stretches allows the calculation of DNA replication fork speed and inter-origin distance. 

(c) Determination of replication fork progression rates in cells with or without GINS1 

overexpression and additional CDC7 inhibition. The indicated cell lines were pre-

treated with 1 µM CDC7 inhibitor XL-413 (CDC7i) or DMSO as a control for 1 h before 

pulse-labelling with nucleoside analogues. Scatter dot plots show values for fork 

progression rates (mean ± SD, t-test). (d) Determination of origin firing frequency in 

cells with or without GINS1 overexpression and additional CDC7 inhibition. Scatter dot 

plots show values for inter-origin distances (mean ± SD, t-test).  

 

Figure 3: Overexpression of GINS1 results in increased microtubule 
polymerization rates, chromosome missegregation and W-CIN. 
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(a) Determination of mitotic microtubule growth rates in cells with or without 

overexpression of GINS1 and in the presence or absence of CDC7 inhibition or Taxol 

treatment. The indicated single cell clones were treated with 1 µM of the CDC7 inhibitor 

XL-413 (CDC7i), or with 0.2 nM Taxol for 16 h and microtubule growth rates were 

determined in mitotic cells. Scatter dot plots show average microtubule growth rates 

(20 microtubules/cell, n=30 mitotic cells, mean ± SD, t-test). (b) Quantification of 

anaphase cells showing lagging chromosomes upon GINS1 overexpression. The 

indicated cell clones were treated as in (a) and the proportion of cells with lagging 

chromosomes was determined. Representative images of anaphase cells with or 

without lagging chromosomes (white arrows) are shown (scale bar: 10 µm). The bar 

graph shows the quantification of cells with lagging chromosomes (n≥300 anaphase 

cells from three to five independent experiments, mean ± SD, t-test). (c) Scheme 

illustrating the generation of single cell clones for karyotype analyses as a measure for 

W-CIN. Representative images of chromosome spreads with a normal and an aberrant 

karyotype are shown and chromosomes were counted from single cells (scale bar: 

5 µm). (d) Determination of the proportion of GINS1 overexpressing cells showing 

aneuploidy. The indicated single cell clones were grown for 30 generations in the 

presence of DMSO, CDC7i or Taxol. The chromosome numbers per cell were 

determined from metaphase spreads. The bar graph shows the proportion of cells with 

a karyotype deviating from the modal (45 chromosomes in HCT116 cells; n=50 

metaphase spreads, t-test). 

 
Figure 4: ATR-CDK1-regulated dormant origin firing causes mitotic chromosome 
missegregation. 
(a) Schematic illustrating the regulation of origin firing by ATR-CDK1 signaling. In 

unperturbed cells, ATR signaling limits CDK1 activity, which allows the balanced 

activity of the kinase CDC7 and the phosphatase complex RIF1-PP1. Upon ATR 

inhibition CDK1 activity increases and causes dissociation of the RIF1-PP1 complex 

resulting in CDC7-dependent origin firing (based on: Moiseeva et al., 2019c). (b) 
Determination of mitotic microtubule growth rates upon ATR inhibition-induced origin 

firing. HCT116 cells were treated with 1 µM ATR inhibitor ETP-46464 (ATRi) in 

combination with DMSO, 1 µM RO-3306 (CDK1i), 1 µM XL-413 (CDC7i), or 0.2 nM 
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Taxol for 16 h. Scatter dot plots show average microtubule growth rates per cell 

(20 microtubules/cell, n=30 mitotic cells, mean ± SD, t-test). (c) Quantification of 

anaphase cells with lagging chromosomes after ATR inhibition-induced origin firing. 

Cells were treated as in (b) and the bar graph shows the proportion of anaphase cells 

with lagging chromosomes (n=300 anaphase cells, mean ± SD, t-test). (d) 
Measurements of mitotic microtubule growth rates in cells with or without expression 

of constitutive active CDK1. HCT116 cells stably expressing CDK1-AF were treated 

with CDK1i or CDC7i and scatter dot plots show average mitotic microtubule growth 

rates (20 microtubules/cell, n=30 mitotic cells, mean ± SD, t-test). (e) Quantification of 

anaphase cells with lagging chromosomes upon increased CDK1 activity and CDK1i 

or CDC7i treatment. Cells were treated as in (d) the incidence of lagging chromosomes 

in anaphase cells was determined (n=300 anaphase cells, mean ± SD, t-test). (f) 
siRNA-mediated downregulation of RIF1. HCT116 cells were transfected with siRNAs 

targeting LUCIFERASE (LUC) or RIF1. After 48 h, western blotting confirmed 

knockdown efficiency. α-tubulin levels were detected as loading control. (g) 
Measurements of mitotic microtubule growth rates in cells with or without 

downregulation of RIF1 and treatment with CDK1i, CDC7i or Taxol. After siRNA 

transfection cells were treated with CDK1i, CDC7i or Taxol for 16 h and microtubule 

growth rates were measured. Scatter dot-plots show average microtubule growth rates 

per cell (20 microtubules/cell, n=30 mitotic cells, mean ± SD, t-test). (h) Quantification 

of anaphase cells with lagging chromosomes after downregulation of RIF1 and 

treatment with CDK1i, CDC7i or Taxol. Cells were treated as in (g) and bar graphs 

show the proportion of anaphase cells with lagging chromosomes (n=300 anaphase 

cells, mean ± SD, t-test). 

 
Figure 5: Replication stress-induced dormant origin firing causes mitotic 
chromosome missegregation. 
(a) Measurements of replication fork progression rates in chromosomally stable 

HCT116 cells upon mild replication stress and treatment with CDK1 or CDC7 inhibitors. 
Cells were treated with 100 nM aphidicolin to induce mild replication stress and 

additionally with DMSO, 1 µM RO-3306 (CDK1i) or 1 µM XL-413 (CDC7i) for 1 h. 

Subsequently, cells were subjected to DNA combing analysis and replication fork 
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progression rates were determined (mean ± SD, t-test). (b) Measurements of inter-

origin distances as a measure for origin firing frequencies. Cells were treated as in (a) 

and inter-origin distances were determined (mean ± SD, t-test). (c) Determination of 

mitotic microtubule growth rates upon mild replication stress and treatment with CDK1i 

or CDC7i. HCT116 cells were treated with 100 nM aphidicolin and CDK1i, CDC7i, or 

0.2 nM Taxol for 16 hrs and microtubule growth rates were measured in living mitotic 

cells. Scatter dot plots show average microtubule growth rates per cell (20 

microtubules/cell, n=30 mitotic cells, mean ± SD, t-test). (d) Quantification of anaphase 

cells showing lagging chromosomes after induction of mild replication stress and 

treatment with CDK1i, CDC7i or Taxol. Cells were treated as in (c) and the bar graph 

shows the proportion of cells with lagging chromosomes (n=300 anaphase cells, mean 

± SD, t-test). 
 
 
Figure 6: Activation of dormant origin firing specifically during early S phase 
triggers mitotic errors. 
(a) Depiction of cell cycle dependent treatment windows. Cells were treated at specific 

time points during the cell cycle and the effects were evaluated during the subsequent 

mitosis. (b) Measurements of mitotic microtubule growth rates in HCT116 cells with S 

phase-specific ATR inhibition (1.0 µM ETP-46464, ATRi) and additional CDK1 inhibitor 

(1.0 µM RO-3306, CDK1i) or CDC7 inhibitor (1.0 µM XL413, CDC7i) treatment during 

the indicated time windows. All drugs were washed-out after 2 h treatment and 

microtubule growth rates were measured in mitosis. Scatter dot-plots show average 

microtubule growth rates per cell (20 microtubules/cell, n=30 mitotic cells, mean ± SD, 

t-test). (c) Quantification of anaphase cells with lagging chromosomes after cell cycle 

specific drug treatments as used in (b). The proportion of anaphase cells with lagging 

chromosomes was determined (n=300 anaphase cells, mean ± SD, t-test). (d) 
Measurements of mitotic microtubule growth rates in cells with elevated CDK1 activity 

(CDK1-AF) and treatment with CDK1i or CDC7i during the indicated time windows. 

Scatter dot plots show average microtubule growth rates per cell (20 microtubules/cell, 

n=30 mitotic cells, mean ± SD, t-test). (e) Quantification of anaphase cells with lagging 

chromosomes using CDK1-AF expressing cells with or without cell cycle specific 
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CDK1i and CDC7i treatment as used in (d). The proportion of anaphase cells with 

lagging chromosomes was determined (n=300 anaphase cells, mean ± SD, t-test). (f) 
Measurements of mitotic microtubule growth rates in cells treated with 75 nM of the 

WEE1 inhibitor MK-1775 (WEE1i) for 2 hrs during the indicated cell cycle phases. 

Scatter dot-plots show average microtubule growth rates per cell (20 microtubules/cell, 

n=30 mitotic cells, mean ± SD, t-test). (g) Quantification of anaphase cells with lagging 

chromosomes after cell cycle specific WEE1i treatment as used in (f). The proportion 

of anaphase cells with lagging chromosomes was determined (n=300 anaphase cells, 

mean ± SD, t-test). 

 
Figure 7: Dormant origin firing is a trigger for W-CIN in colorectal cancer cells. 
(a) Measurements of replication fork progression rates in different W-CIN+ colorectal 

cancer cell lines in the presence or absence of CDC7i. The indicated cell lines were 

treated with CDC7i for 2 h and subjected to DNA combing analysis and replication fork 

progression rates were determined (mean ± SD, t-test). (b) Measurements of inter-

origin distances as a measure for origin firing frequencies. The different cell lines were 

treated as in (a) and inter-origin distances were determined (mean ± SD, t-test). (c) 
Measurements of mitotic microtubule growth rates in different CIN+ cells treated with 

CDC7i. The indicated colorectal cancer cell lines were treated with CDC7i for 16 h and 

microtubule growth rates were determined in mitotic cells. Scatter dot plots show 

average microtubule growth rates per cell (20 microtubules/cell, n=30 mitotic cells, 

mean ± SD, t-test). (d) Proportion of W-CIN+ cells with lagging chromosomes after 

CDC7i treatment. The indicated cell lines were treated as in (c) and the proportion of 

anaphase cells with lagging chromosomes was determined (n=300 anaphase cells, 

mean ± SD, t-test). (e) Measurements of mitotic microtubule growth rates in W-CIN+ 

cells after downregulation of CDC7 or CMG components. The indicated cancer cell 

lines were transfected with siRNAs targeting CDC7, CDC45, GINS1, or MCM2. 

LUCIFERASE (LUC) siRNA was sued a control. 48 hrs after transfection microtubule 

growth rates were determined in mitotic cells. Scatter dot plots show average 

microtubule growth rates per cell (20 microtubules/cell, n=30 mitotic cells, mean ± SD, 

t-test). (f) Proportion of W-CIN+ cells with lagging chromosomes after downregulation 

of CMG components. The indicated cell lines were transfected as in (e) and the 
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proportion of anaphase cells with lagging chromosomes was determined (n=300 

anaphase cells, mean ± SD, t-test). 
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a

c d

10

15

20

25

n=30 n=30

16.4 
m/min

16.6
m/min

n=30

19.5
m/min

n=30

16.2
m/min

****
****

DMSO

 C
DC7i

 
 Tax

ol

DMSO

****
****

n=30

16.6
m/min

 
CDK1i

m
ic

ro
tu

bu
le

 p
ol

ym
er

is
at

io
n 

ra
te

 
(

m
/m

in
)

0

2

4

6

8

10

CDC7i

 Tax
ol 

DMSO
DMSO

**
***
**

pr
op

or
tio

n 
of

 a
na

ph
as

e 
ce

lls
 w

ith
 la

gg
in

g 
ch

ro
m

os
om

es
 (%

)

 
CDK1i

**

0

1

2

3

****

n=762 n=658 n=623 n=611

D
M

SO

D
M

SO

   
C

D
K

1i

 
C

D
C

7i

  Aphidicolin

ns
ns

fo
rk

 p
ro

gr
es

si
on

 ra
te

 (k
b/

m
in

)

1.02
kb/min

0.64
kb/min

0.63
kb/min

0.63
kb/min

0

100

200

300

400
500

600
n=125 n=104 n=100 n=93

****

****
****

D
SO

D
SO

1.
M

   60
-

O
R

1.
M

 
XL

3

in
te

r-
or

ig
in

 d
is

ta
nc

e 
(k

b)

133.9 kb 81.8 kb 123.1 kb 132.4 kb

b

C
D

K
1i

C
D

C
7i

D
M

SO

D
M

SO
  Aphidicolin

  Aphidicolin   Aphidicolin



 

  

 195 

10

15

20

25

10

15

20

25

Figure 6

a

 CDC7i

DMSO
DMSO

ea
rly

 S
G2/M

ea
rly

 S
G2/M

 CDK1i

****
****
ns****
ns

m
ic

ro
tu

bu
le

 p
ol

ym
er

is
at

io
n 

ra
te

 
(

m
/m

in
)

0

2

4

6

8

10

ea
rly

 S
G2/M

DMSO
DMSO

CDC7i
ea

rly
 S

G2/M

CDK1i

ns

ns

*
*

*

pr
op

or
tio

n 
of

 a
na

ph
as

e 
ce

lls
 w

ith
 la

gg
in

g 
ch

ro
m

os
om

es
 (%

)

ATRi (early S) ATRi (early S)

late S
(2-4 h)

G2
(4-6 h)

G2/M
(6-8 h)

M

G1

G2

S

early S
(0-2 h)

M

G1

G2

S

b c

ed

 CDK1i

HCT116 + CDK1-AFHCT11
6  +  ve

cto
r  

+ 
DMSO

ea
rly

 S
lat

e S G2
G2/M

DMSO

n=30

16.5 
m/min

n=30

19.4
m/min

n=30

16.5 
m/min

n=30

19.1
m/min

n=30

19.1
m/min

n=30

18.9
m/min

n=30

16.7
m/min

n=30

19.2
m/min

****
****

****
ns

m
ic

ro
tu

bu
le

 p
ol

ym
er

is
at

io
n 

ra
te

 
(

m
/m

in
)

ea
rly

 S
G2/M

 CDC7i

ns

ns

**

0

2

4

6

8

10

 CDK1i

ns
ns

***
**

HCT116 + CDK1-AF
HCT11

6 +
 ve

cto
r

+ 
DMSO

DMSO
ea

rly
 S

lat
e  S G2

G2/M

ns

ns

**

pr
op

or
tio

n 
of

 a
na

ph
as

e 
ce

lls
 w

ith
 la

gg
in

g 
ch

ro
m

os
om

es
 (%

)

G2/M
ea

rly
 S

CDC7i

f g

DMSO

ov
ern

igh
t

ea
rly

 S
lat

e S G2
G2/M

n=30

16.7 
m/min

n=30

19.2
m/min

n=30

19.0 
m/min

n=30

16.9
m/min

n=30

16.6
m/min

n=30

16.4
m/min

WEE1i  

****
ns
ns**

m
ic

ro
tu

bu
le

 p
ol

ym
er

is
at

io
n 

ra
te

 
(

m
/m

in
)

DMSO

ov
ern

igh
t

ea
rly

 S
lat

e S G2
G2/M

0

2

4

6

8

10

  WEE1i

ns
ns
ns

***
***

pr
op

or
tio

n 
of

 a
na

ph
as

e 
ce

lls
 w

ith
 la

gg
in

g 
ch

ro
m

os
om

es
 (%

)

10

15

20

25

n=30 n=30

16.4 
m/min

16.5
m/min

n=30

19.2
m/min

n=30

19.1 
m/min

n=30

16.4
m/min

n=30

19.1
m/min

****



 

  

 196 

 

100

200

300
340

400 n=52 n=43 n=113 n=103 n=104 n=103 n=108 n=105

in
te

r-o
rig

in
 d

is
ta

nc
e 

(k
b)

0

1

2

3

fo
rk

 p
ro

gr
es

si
on

 ra
te

 (k
b/

m
in

)

Figure 7

b

d

e

c

a

0

2

4

6

8

10

HCT116 SW480 SW620 HT29
MIN/MSI W-CIN

+- +- +- +-

ns

** * **
pr

op
or

tio
n 

of
 a

na
ph

as
e 

ce
lls

 w
ith

 la
gg

in
g 

ch
ro

m
os

om
es

 (%
)

10

15

20

25

16.6
m/min

16.2
m/min

n=30 n=30

19.1
m/min

19.2
m/min

n=30 n=30

16.4
m/min

n=30

+
HCT116 SW480 SW620 HT29
MIN/MSI W-CIN

 CDC7i

16.5
m/min

n=30

19.8
m/min

n=30

16.9
m/min

n=30

- - + - + - +

* **** ********

m
ic

ro
tu

bu
le

 p
ol

ym
er

is
at

io
n 

ra
te

 
(

m
/m

in
)

 CDC7i

10

15

20

25

16.3
m/min

16.7
m/min

16.2
m/min

n=30 n=30 n=30

16.3
m/min

19.7
m/min

n=30 n=30

16.9
m/min

n=30

16.8
m/min

n=30

16.6
m/min

16.8
m/min

n=30 n=30

16.4
m/min

n=30

SW480 SW620 HT29

W-CIN

19.7
m/min

n=30

16.5
m/min

n=30

16.9
m/min

19.8
m/min

n=30 n=30

16.9
m/min

n=30

ns

LU
C
CD
C7

CD
C4
5

GI
NS
1

MC
M2siRNA:

*
ns
ns

LU
C
CD
C7

CD
C4
5

GI
NS
1

MC
M2 LU

C
CD
C7

CD
C4
5

GI
NS
1

MC
M2 LU

C
CD
C7

CD
C4
5

GI
NS
1

MC
M2

HCT116

MIN/MSI

****
****
****
****

****
****
****
****

****
****
****
****

16.6
m/min

n=30

16.3
m/min

n=30

16.7
m/min

n=30

16.4
m/min

n=30

16.6
m/min

n=30m
ic

ro
tu

bu
le

 p
ol

ym
er

is
at

io
n 

ra
te

 
(

m
/m

in
)

0

2

4

6

8

10

12

HCT116 SW480 SW620 HT29

MIN/MSI W-CIN

LU
C
CD
C7

CD
C4
5

GI
NS
1

MC
M2siRNA: LU

C
CD
C7

CD
C4
5

GI
NS
1

MC
M2 LU

C
CD
C7

CD
C4
5

GI
NS
1

MC
M2 LU

C
CD
C7

CD
C4
5

GI
NS
1

MC
M2

ns
ns
ns
ns

**

**
*

**

**
**

***
***

***

pr
op

or
tio

n 
of

 a
na

ph
as

e 
ce

lls
 w

ith
 la

gg
in

g 
ch

ro
m

os
om

es
 (%

)

** **
***

n=103 n=95 n=113 n=103

D
M

SO

MIN/MSI
HCT116

n=104 n=103 n=108

****
136.6 kb 150.8 kb 71.3 kb 91.5 kb 76.0 kb 107.1 kb 88.7 kb

D
M

SO

D
M

SO

D
M

SO

X
3

SW480 SW620 HT29
W-CIN

n=105
121.7 kb

****ns ****

f

MIN/MSI W-CIN

ns

n=628 n=625 n=639 n=611

D
M

SO

C
D

C
7i

HCT116

n=614 n=625 n=621

****
1.08 

kb/min
1.16 

kb/min
0.54

kb/min
0.59

kb/min
0.59

kb/min
0.61

kb/min
0.71

kb/min

D
M

SO

D
M

SO

D
M

SO

SW480 SW620 HT29

n=604

0.72
kb/min

**** *

C
D

C
7i

C
D

C
7i

C
D

C
7i

C
D

C
7i

C
D

C
7i

C
D

C
7i

C
D

C
7i


