
Structure and Mechanics of

Membrane-bound Vimentin Filaments

and Networks under Strain

DISSERTATION

for the award of the degree

Doctor rerum naturalium

of the Georg-August-Universität Göttingen

within the doctoral program Chemistry

of the Georg-August University School of Science (GAUSS)

submitted by

Sarmini Nageswaran
born in Seesen

Göttingen 2022





Members of the Thesis Committee

Prof. Dr. Claudia Steinem

Institute for Organic and Biomoleculare Chemistry

Georg-August University Göttingen

& Max-Planck Institute for Dynamics and Self-Organization Göttingen

Prof. Dr. Sarah Köster

Institute for X-Ray Physics

Georg-August University Göttingen

Members of the Examination Board

First referee: Prof. Dr. Claudia Steinem

Institute for Organic and Biomoleculare Chemistry, Georg-August University Göttingen

& Max-Planck Institute for Dynamics and Self-Organization Göttingen

Second referee: Prof. Dr. Sarah Köster

Institute for X-Ray Physics, Georg-August University Göttingen

Further Members of the Examination Board

Prof. Dr. Burkhard Geil

Institute for Physical Chemistry, Georg-August University Göttingen

Prof. Dr. Timo Betz

Third Institute of Physics - Biophysics, Georg-August University Göttingen

Prof. Dr. Bert de Groot

Max Planck Institute for Multidisciplinary Sciences

Prof. Dr. Kai Tittmann

Deptartment of Molecular Enzymology, Georg-August University Göttingen

& Max-Planck Institute for Multidisciplinary Sciences Göttingen

Date of Oral Examination: 29th August 2022





"Science [...] never solves one problem,

without creating ten more!"

-GEORGE B. SHAW





To my friends and family.





Contents

List of Figures v

List of Tables ix

1 Introduction 1

1.1 The Eukaryotic Cell . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 1

1.2 The Biological Membrane . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 2

1.2.1 Structure of Biological Membranes . . . . . . . . . . . . . . . . . . . 2

1.2.2 Mechanics of Biological Membranes . . . . . . . . . . . . . . . . . . . 3

1.3 The Cytoskeleton . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 4

1.4 Intermediate Filaments as Main Determinant of Cell Architecture and

Mechanics . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 6

1.4.1 Structure of Intermediate Filaments . . . . . . . . . . . . . . . . . . . 6

1.4.1.1 The Secondary Structure of all Intermediate Filaments . . 7

1.4.1.2 Assembly of Intermediate Filaments . . . . . . . . . . . . . 8

1.4.2 Mechanical Properties of Intermediate Filaments . . . . . . . . . . . 9

1.5 Vimentin Intermediate Filaments . . . . . . . . . . . . . . . . . . . . . . . . 10

1.5.1 Structural Organization of Vimentin Intermediate Filaments . . . . 10

1.5.2 Mechanical Properties of Vimentin Intermediate Filaments . . . . . 11

1.5.3 In vitro Vimentin Filaments and Networks . . . . . . . . . . . . . . . 12

2 Scope 15

3 Materials and Methods 17

3.1 Materials . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 17

3.1.1 Polydimethylsiloxane . . . . . . . . . . . . . . . . . . . . . . . . . . . 17

3.1.2 Uniaxial Motorized Stretching Device . . . . . . . . . . . . . . . . . . 20

3.1.3 Lipids . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 21

3.1.4 Fluorophores . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 22

3.1.5 Beads . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23

3.1.6 Vimentin Intermediate Filament . . . . . . . . . . . . . . . . . . . . . 24

i



Contents

3.2 Preparative Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 26

3.2.1 Preparation of Polydimethylsiloxane Chambers . . . . . . . . . . . . 26

3.2.2 Preparation of Small Unilamellar Vesicles . . . . . . . . . . . . . . . . 27

3.2.3 Preparation of Vimentin Intermediate Filaments . . . . . . . . . . . 28

3.2.3.1 Labeling of Vimentin Monomers with ATTO647N and Bi-

otin Maleimide . . . . . . . . . . . . . . . . . . . . . . . . . . 28

3.2.3.2 Dialysis of Vimentin into Low Salt Buffer . . . . . . . . . . . 29

3.2.3.3 Assembly of Vimentin Tetramers . . . . . . . . . . . . . . . 29

3.3 Biosensing Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 31

3.3.1 UV/vis Spectroscopy . . . . . . . . . . . . . . . . . . . . . . . . . . . . 31

3.4 Biophysical Methods . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 33

3.4.1 Confocal Laser Scanning Microscopy . . . . . . . . . . . . . . . . . . 33

3.4.1.1 Airyscan Microscopy . . . . . . . . . . . . . . . . . . . . . . . 35

3.4.1.2 Fluorescence Recovery After Photobleaching . . . . . . . . 37

3.4.2 Atomic Force Microscopy . . . . . . . . . . . . . . . . . . . . . . . . . 41

3.4.2.1 Force Distance Curves . . . . . . . . . . . . . . . . . . . . . . 42

3.4.2.2 Quantitative Imaging Mode . . . . . . . . . . . . . . . . . . . 44

3.5 Data Evaluation and Processing . . . . . . . . . . . . . . . . . . . . . . . . . 47

3.5.1 Beads Evaluation . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 47

3.5.2 Digital Image Correlation . . . . . . . . . . . . . . . . . . . . . . . . . 48

3.5.3 Determination of Contour and Apparent Persistence Lengths . . . . 51

3.5.4 Theoretical Strain Displacement . . . . . . . . . . . . . . . . . . . . . 52

3.5.5 Segmentation of Vimentin Intermediate Filaments . . . . . . . . . . 53

3.5.6 Pixel-wise Height Distribution . . . . . . . . . . . . . . . . . . . . . . 54

4 Results 57

4.1 Characteristics of Uniaxial Stretching . . . . . . . . . . . . . . . . . . . . . . 58

4.2 Supported Lipid Bilayer under Strain . . . . . . . . . . . . . . . . . . . . . . 62

4.2.1 Sliding and Sticky Membranes: A Study by Varying the Plasma

Exposure . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 62

4.2.2 Supported Lipid Bilayer under Strain Using Lipid Reservoir . . . . . 67

4.3 Supported Membrane-bound Vimentin Intermediate Filaments under

Strain . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 70

4.3.1 Stretching of Membrane-bound Vimentin Intermediate Filaments

Dependent on the Stretching Speed . . . . . . . . . . . . . . . . . . . 70

4.3.2 Stretching of Membrane-bound VIFs Dependent on the Pinning

Point Density . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 72

4.3.3 Reorientation of Membrane-bound VIFs during Stretching . . . . . 75

4.4 Membrane-bound Vimentin Intermediate Filament Networks under Strain 78

ii



Contents

4.4.1 Structure of Membrane-bound VIF Networks . . . . . . . . . . . . . 78

4.4.2 Orientational Changes of Membrane-bound VIF Networks under

Strain . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 80

4.5 Influence of Vimentin Intermediate Filaments and Networks on Lipid

Bilayer . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 82

5 Discussion 87

5.1 Anisotropic Stretching . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 88

5.2 Lipid Bilayers under Strain . . . . . . . . . . . . . . . . . . . . . . . . . . . . 91

5.2.1 Diffusive Reorganization of Lipids in the Lipid Bilayer . . . . . . . . 91

5.2.2 Excess of Membrane Area . . . . . . . . . . . . . . . . . . . . . . . . . 92

5.3 Vimentin Intermediate Filaments under Strain . . . . . . . . . . . . . . . . 96

5.3.1 Properties and Interactions of the Membrane-bound VIF Networks 96

5.3.2 Mechanical Response of VIF Networks to External Strain . . . . . . . 97

5.3.3 Mechanical and Entropic Contributions of Single VIFs to VIF Net-

works upon Stretching . . . . . . . . . . . . . . . . . . . . . . . . . . . 98

5.4 Comparison to IF Networks in Cells . . . . . . . . . . . . . . . . . . . . . . . 104

6 Summary and Outlook 109

Bibliography 111

A Appendix I

A.1 Amino Acid Sequence of the Cysteine Mutant of Vimentin Monomer . . . I

A.2 List of Symbols and Abbreviation . . . . . . . . . . . . . . . . . . . . . . . . . II

A.3 List of Chemicals and Consumables . . . . . . . . . . . . . . . . . . . . . . .VIII

A.4 List of Devices and Softwares . . . . . . . . . . . . . . . . . . . . . . . . . . . IX

iii





List of Figures

1.1 Schematic drawing of an eukaryotic cell. . . . . . . . . . . . . . . . . . . . . 1

1.2 Schematic drawing of a biological membrane. . . . . . . . . . . . . . . . . . 3

1.3 Schematic drawing of the cytoskeleton in a cell. . . . . . . . . . . . . . . . . 4

1.4 Schematic representation of the rim-and-spoke organization of interme-

diate filaments. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 7

1.5 Schematic illustration of the hierarchical assembly of intermediate filaments 9

1.6 Schematic representation of vimentin dimer and tetramer. . . . . . . . . . 11

3.1 Chemical structure of the elastomer polydimethylsiloxane. . . . . . . . . . 17

3.2 Hydrosilylation reaction scheme. . . . . . . . . . . . . . . . . . . . . . . . . . 18

3.3 Detailed hydrosilylation mechanism proposed by CHALK and HARROD. . . 19

3.4 Oxygen plasma treatment of the polydimethylsiloxane surface. . . . . . . . 20

3.5 Motorized uniaxial stretching device for lateral stretching of the membrane-

bound vimentin intermediate filaments on PDMS. . . . . . . . . . . . . . . 20

3.6 Basic structure of lipids used to prepare solid-supported membranes on

PDMS. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 21

3.7 Structural scaffold of the fluorophores used to label the vesicles and vi-

mentin protein. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 23

3.8 Example fluoroscence micrograph of the blue beads (4 µm) . . . . . . . . . 24

3.9 Mechanism of the MICHAEL-addition reaction. . . . . . . . . . . . . . . . . 25

3.10 Schematic drawing of the polydimethylsiloxane chamber used in this work. 26

3.11 Principle of confocal laser scanning microscopy. . . . . . . . . . . . . . . . 35

3.12 Principle of airyscan microscopy. . . . . . . . . . . . . . . . . . . . . . . . . . 36

3.13 Principle of fluorescence recovery after photobleaching (FRAP) to measure

lateral diffusion of fluorescently labeled molecules. . . . . . . . . . . . . . . 38

3.14 Principle of the atmoic force microscopy (AFM). . . . . . . . . . . . . . . . . 42

3.15 Schematic representation of a typical force distance (FD) curve. . . . . . . 44

3.16 Schematic illustration of the quantitative imaging mode. . . . . . . . . . . 45

3.17 Electromicrographs of the cantilever used in this work. . . . . . . . . . . . . 46

3.18 Detection of beads (4 µm) by cellpose. . . . . . . . . . . . . . . . . . . . . . . 47

v



List of Figures

3.19 Steps of a digital image correlation (DIC) algorithm. . . . . . . . . . . . . . 48

3.20 Scheme to find the initial guess. . . . . . . . . . . . . . . . . . . . . . . . . . 50

3.21 Determination of the apparent persistence lengths of membrane-bound

vimentin intermediate filaments based on Easyworm. . . . . . . . . . . . . 52

3.22 Segmentation of the filaments in the unstretched and stretched states. . . 53

3.23 Basic steps of the analysis of the pixel-wise height distribution of vimentin

intermediate filament networks attached to the lipid bilayer. . . . . . . . . 55

4.1 In vitro experimental system. . . . . . . . . . . . . . . . . . . . . . . . . . . . 57

4.2 Characteristic of uniaxial stretching. . . . . . . . . . . . . . . . . . . . . . . . 59

4.3 Confocal fluorescence micrographs of the small beads. . . . . . . . . . . . 60

4.4 Characteristics of uniaxial stretching using small bead size. . . . . . . . . . 61

4.5 Sticky lipid bilayer under strain. . . . . . . . . . . . . . . . . . . . . . . . . . 66

4.6 Behavior of polymethylsiloxane-supported lipid bilayers in the presence

of lipid reservoir. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 68

4.7 Supported lipid bilayers under strain in the presence of lipid reservoir. . . 69

4.8 Stretching of membrane-bound vimentin intermediate filaments (VIFs). . 71

4.9 Stretching of membrane-bound vimentin intermediate filaments (VIFs)

connected by labeled neutravidin. . . . . . . . . . . . . . . . . . . . . . . . . 73

4.10 The strain of membrane-bound vimentin intermediate filaments in de-

pendence of the biotin concentration within the filaments. . . . . . . . . . 74

4.11 Theoretical displacements of contour of exemplary filaments by applying

strain. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 75

4.12 Persistence and contour lengths of membrane-bound vimentin interme-

diate filaments. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 76

4.13 Analysis of the reorientation of membrane-bound vimentin intermediate

filaments upon stretching. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 77

4.14 Structure of membrane-bound vimentin intermediate filament networks. 79

4.15 Orientation analysis of membrane-bound vimentin intermediate filament

networks under strain. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 80

4.16 Lipid bilayer vs lipid bilayer with VIFs vs lipid bilayer with vimentin inter-

mediate filament networks. . . . . . . . . . . . . . . . . . . . . . . . . . . . . 82

4.17 Relaxation of strained lipid bilayer. . . . . . . . . . . . . . . . . . . . . . . . . 83

4.18 Diffusion coefficient and mobile fraction determined by performing fluo-

rescence recovery after photobleaching experiments. . . . . . . . . . . . . . 84

5.1 Different Strain Definitions. . . . . . . . . . . . . . . . . . . . . . . . . . . . . 89

5.2 Proposed fusion mechanism. . . . . . . . . . . . . . . . . . . . . . . . . . . . 94

5.3 Force-Strain curves of membrane-bound vimentin intermediate filaments.100

vi



List of Figures

5.4 Reorientation of vimentin intermediate filaments by diffusive reorganiza-

tion of lipids. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 101

5.5 Contribution of vimentin intermediate filaments to VIF network. . . . . . 103

5.6 Membrane-bound vimentin intermediate filaments networks under strain.106

vii





List of Tables

3.1 Lipid composition for preparation of lipid bilayers. . . . . . . . . . . . . . . 27

3.2 Composition of vimentin buffer used in this work. . . . . . . . . . . . . . . 27

3.3 Composition of labeling buffer and storage buffer used in this work. . . . . 28

3.4 Composition of dialysis buffer and dilution buffer used in this work. . . . . 29

3.5 Composition of assembly buffer used in this work. . . . . . . . . . . . . . . 30

3.6 User settings for the microscopy to study the membrane-bound vimentin

filaments and networks under strain. . . . . . . . . . . . . . . . . . . . . . . 37

3.7 User settings for the microscopy to study the mobility of the membrane. . 41

4.1 Confocal fluorescence micrographs of lipid bilayers on polymethylsilox-

ane treated with different plasma conditions in the unstretched and stretched

states. . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . . 63

4.2 Mean diffusion coefficients and mobile fractions determined on different

systems by fluorescence recovery after photobleaching experiments. . . . 85

ix





Abstract. The shape and mechanical properties of eukaryotic cells are determined by

the cytoskeleton, composed of actin filaments, microtubules and intermediate filaments

(IFs). Among these, IFs are considered to be the main determinants of cell stiffness and

strength. The reason for this is that they can withstand much larger deformations than

the other two filament classes. Previous studies have revealed a rim-and-spoke arrange-

ment of IFs, suggesting that they are involved not only in the mechanical stability of the

cytoplasm but also of the plasma membrane. Therefore, the organization of IFs at the

plasma membrane and their influence on the mechanical properties of cells under a

variety of strains are of great interest.

To mimic the rim arrangement at the plasma membrane under strain, the aim of this

work was the development of an in vitro model system, with focus on the membrane-

bound vimentin intermediate filaments (VIFs) that allows for uniaxial stretching. To

investigate the rim arrangement, an elastic solid support, namely polydimethylsiloxane

(PDMS), was used to enable lateral stretching of the composite system due to its molec-

ular flexibility. The hydrophobic PDMS with embedded fluorescent beads was oxidized

to render the surface hydrophilic, and by spreading small unilamellar vesicles (SUVs), a

lipid bilayer was formed. The assembled VIFs coupled to ATTO647N and biotin were

linked to the biotin-decorated lipid bilayer via a neutravidin linker. A lipid reservoir in

the form of SUVs was added to provide the system with excess lipid material. Stretching

of this composite system was achieved by a uniaxial motor-driven stretching device.

Performing stretching of individual membrane-bound VIFs revealed mechanical and

entropic stretching. The former means that elongation of the filament’s contour length

upon stretching occurs, while for the latter pulling out the thermal fluctuations is

observed. If the strain rate and pinning point density were increased, mechanical

stretching rather than entropic stretching was increasingly observed. Additionally, the

underlying lipid bilayer contributed to the reorientation of VIFs by diffusive reorga-

nization or affected the strain transmission due to sliding and rupturing. The found

properties of single membrane-bound VIFs might contribute to the mechanical re-

sponse of membrane-bound VIF networks. Even though filaments in the networks

mainly responded with entropic stretching, so far, there has been no access if mechan-

ical stretching occurs or not. However, it can be speculated that the applied strains

might be too low to observe mechanical stretching. In summary, an artificial model

system was established that opens up a pathway to study the structural and mechanical

properties of cytoskeletal components under strain in order to imitate the cell cortex in

nature.

xi





1 Introduction

1.1 The Eukaryotic Cell

The smallest basic structural and functional element of all organisms are cells. In terms

of their properties and internal structure, they are divided into two classes: prokary-

otic and eukaryotic cells. The former has no internal membranes, while the latter is

equipped with unilamellar membranes that protect its internal organelles from external

environmental influences. This compartmentalization provides well-defined areas for

different activities and functions within the cell, making the structure more complex. [1]

The maintenance and formation of different intracellular compartments, cell-to-cell

communication, exocytosis, and endocytosis play important roles in cells. Major or-

ganelles embedded in the cytoplasm include the nucleus, which houses the DNA, and

its surrounding endoplasmic reticulum for protein production, the Golgi apparatus for

protein sorting, and the mitochondria as the cell’s energy producers (cf. Fig. 1.1). [1,2] In

addition, the structural stability of the cell, intracytoplasmic migration, and whole-cell

migration are enabled by the cytoskeleton, consisting of actin filaments, microtubules,

and intermediate filaments. [1,3]

Fig. 1.1: Schematic drawing of a eukaryotic cell. It consists of a plasma membrane surrounding
the cytoplasm, in which major organelles are embedded: nucleus, endoplasmic reticulum, Golgi
apparatus, and the mitochondria. Moreover, microtubules, actin, and intermediate filaments
ensure stability, transport, and migration. Inspired by ALBERTS et al.. [2]
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1.2 The Biological Membrane

1.2 The Biological Membrane

1.2.1 Structure of Biological Membranes

The basis for the formation of a living organism was the formation of biological mem-

branes, which gives them an individual character by separating the cell interior from the

external environment. [4,5] They are mainly composed of hundreds of different lipids,

steroids, and proteins, although with different composition in the outer and inner

leaflets. [3,5–7] Lipid bilayers with a thickness of about 5-10 nm [6–8] are the common

structure of all cell membranes influenced by phase separation. [9] The plasma mem-

brane is the most crucial membrane types, maintaining the internal environment of

the cell and playing an essential role in intercellular communication. [10] Peripheral,

and integral membrane proteins are responsible for various functions, such as commu-

nication, transport, and signal transduction. [3,8] According to SINGER and NICOLSON,

biological membranes can be described as a "fluid mosaic" in which the individual

lipid and protein molecules can move. [11,12] The extended version of this model is the

so-called lipid rafts, which were developed on the basis of lateral heterogeneity and lipid

segregation. [13,14] Rafts play an important role in cellular functions as they are small,

heterogeneous, and highly dynamic domains. [13–15]

Membrane lipids belong to the family of large lipids, which have an amphiphilic char-

acter with a hydrophilic head group and a hydrophobic fatty acid chain. Depending

on their molecular geometry, they spontaneously form micelles, vesicles, or bilayers

in an aqueous environment. By forming vesicles or bilayers, the lipid molecules align

themselves in such a way that the hydrophilic head groups face the water and form

an interface (hydrophobic effect). On the other hand, the non-polar fatty acid chains

interact with each other by displacing the water. [2,6] Although the hydrophilic head

groups exhibit repulsive interactions, the coherence of the biological membrane is

provided by hydrophobic interactions and noncovalent COULOMB and VAN DER WAALS

interactions between the fatty acid chains. Phospholipids, which make up the bulk,

glycolipids (mainly glycosphingolipids), and neutral lipids such as cholesterol form the

main components of biological membranes. [3,6,10,11] A schematic drawing of a plasma

membrane is presented in Fig. 1.2.

2



Introduction

Fig. 1.2: Schematic drawing of a biological membrane. It consists predominantly of a phos-
pholipid bilayer. The hydrophilic head groups are faced towards the aqueous compartments,
whereas the hydrophobic acyl chains are enclosed in the interior of the bilayer. Peripheral and
integral proteins allow for communication and transport. Adapted from MARTINAC et al.. [16]

To study the properties of biological membranes, a variety of well-defined artificial

membrane systems (e.g., vesicles and solid supported membranes) have been estab-

lished in recent years. While lipid vesicles can be formed in aqueous solutions, solid

supported membranes, by contrast, require solid support, a widely used model system

that provides exceptional stability of formed bilayers.

1.2.2 Mechanics of Biological Membranes

In addition to forming a barrier between the cell interior and its environment, biological

membranes mediate the cell’s response to extracellular and intracellular mechanical

forces. [17,18] Many biological processes, including growth, differentiation, exocytosis,

and endocytosis, result in large deformations of the membrane itself by altering cell

shape and structural integrity. [19] Because of its inelasticity when the plasma membrane

is exposed to external stress, it responds by supplying lipid material to counteract the

stress, leading to an area expansion. One process that contributes to area expansion

is exocytosis by the fusion of vesicles into the plasma membrane to resist stress. [20,21]

Mechanical properties of plasma membranes, which are essential in biological systems,

include: YOUNG’s modulus, bending rigidity, shear modulus, and viscosity. For example,

membranes have a remarkably low shear modulus (4-10·10−3 Nm−1) due to the fluidity

of lipids, a high elastic modulus as a result of the inelastic property of bilayers, and

a bending stiffness (10−19 Nm) influenced by protein-membrane and cytoskeleton-

membrane interactions. [16,22]

3



1.3 The Cytoskeleton

1.3 The Cytoskeleton

Metazoan cells are highly complex and well organized to fulfill a variety of specialized

functions that a disorganized unit of similar diversity can not perform. [23] They are able

to change and maintain their shape during movement, growth, and cell division (e.g.,

meiosis and mitosis). [24,25] As they are constantly exposed to external stresses, they have

the outstanding ability to withstand mechanical forces and maintain their shape. [2]

The molecular machinery responsible for cell shape and mechanics providing structure

and organization is a complex, intertwined network system of filamentous polymers

with regulatory proteins. It possesses high mobility and flexibility with viscoelastic

behavior. [24,26] This cytoskeleton (cf. Fig. 1.3) consists of three main subsystems with

specific functions in the cell - microtubules (MTs), actin filaments (AFs), and a group of

polymers grouped as intermediate filaments (IFs). [2,24,25]

Fig. 1.3: Schematic drawing of the cytoskeleton in a cell with its structural components. This
highly intertwined and dynamic network structure consists of microtubules, actin filaments,
and intermediate filaments that have specific structural and mechanical functions in the cell.
Adapted and modified from HUBER et al.. [24]
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MTs enable directed transport of cargo through the cell via motor proteins, such as

kinesin and dynein, and act as mechanical elements that can withstand pressure and

compression. [2,26] They are the stiffest of all three cytoskeletal components, with a per-

sistence length of more than 1 mm. [24,25] Dynamic instabilities caused by growth and

shrinkage lead to rapid reorganization. In comparison, AFs, known as major contribu-

tors to cellular strength and cell shape during mitosis, have a persistence length of about

10 µm, making this polymer less stiff than microtubules. [2,25] However, the involvement

of cross-links allows for the formation of highly organized, rigid structures, such as

isotropic, bundled, or branched networks. [25] Depending on their localization, they

form stress fibers, branched networks decorated with myosin II motors in the cell cortex,

and protrusions such as bundled filopodia and lamellipodia. [26] Similar to MTs, AFs

act as pathways for motor proteins (e.g., myosin proteins) due to their polarity, which

plays a key role in their organization. [25] In contrast to highly conserved MTs and AFs,

IFs are known for their diversity and are, moreover, the softest with a persistence length

of a few µm. Because of their flexibility, they are thought to dominate the mechanical

response of the cell to large deformations as they can resist tensile forces better than

compressive forces. [2,24–27] Some cell types, e.g., airway epithelial cells, can form IFs

in response to mechanical stress to resist shear stress. [25] Unlike MTs and AFs, IFs are

incapable of transporting molecular motors due to their non-polar nature. [24,25]

All three cytoskeletal components have been found to interact directly by cross-linking,

indirectly through biochemical signaling and gene regulation, and through non-specific

steric interactions. For example, cross-talk can occur between MTs and IFs in the cell

interior through cross-linking, direct physical contact, and molecular motors; between

AFs and IFs at the periphery of an IF network via cross-linkers, direct binding, and

motor proteins, and between MTs and AFs in the cell periphery through cross-links and

AF- and MT-based motors. [24] When a cell with two present cytoskeletal components,

i.e., with an interpenetrating network (e.g., AFs and IFs) is stretched, IFs appear to be

load bearing [28], and thus protect the other network formed by AFs from rupturing. In

contrast, AFs preferentially disassemble and fluidize. [29] The significant extensibility

and stretchability of IFs allow them to serve as ’stress absorbers’ and ’safety belts’. [30–32]

Compared to the other two filament components, IFs have not yet been adequately stud-

ied, although they are believed to be an important factor in cell stiffness and strength.

However, their exceptional flexibility and mechanical stability are attracting increasing

attention. [30–37]
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1.4 Intermediate Filaments as Main Determinant of Cell
Architecture and Mechanics

The human genome is enriched with 70 different IFs, which form one of the 100 most

prominent gene families. [27,38] Their distinct expression during embryogenesis implies

cell and tissue specificity with unique functions. [38–40] Thus, keratin IFs are expressed in

epithelial cells, whereas vimentin IFs are expressed in mesenchymal, endothelial, and

hematopoietic cells. IFs, such as desmin, synemin, and sycoilin, are mainly produced

by myoblasts in muscle cells. Neuronal cells and nuclei mainly contain IFs constructed

ofα-internexin and neurofilament triplet proteins, and lamins, respectively. [39,40] Based

on their structural similarities, IFs are classified into five different functional groups. The

largest group of IFs is comprised of acidic (type I) and basic keratin (type II). Vimentin,

desmin, and peripherin belong to type III IFs, which can form homopolymers. Type IV

IFs include neurofilaments and α-internexin. The last group, type V IFs is predomi-

nated by lamins. In addition, some proteins have been discovered that can explicitly be

categorized in the IF family based on their structure but cannot be classified into any

of the categories mentioned earlier. Examples include two eye lens-specific proteins,

nestin, phakinin, and filensin. [27,38,41–43]

Mutations in IF genes are associated with a variety of genetic diseases. Many features

have been found to be responsible for their relevance to disease, including their dy-

namic properties, their involvement in cytoskeletal crosstalk, and their roles in signaling,

mechanical stabilization, and motility. Mutagenic diseases associated with IF include

epidermolysis bullosa simplex (keratin), dominant cataract (vimentin), and PARKINSON

disease (neurofilament). [43–45]

1.4.1 Structure of Intermediate Filaments

In cells, IFs are organized in a rim-and-spoke arrangement adopted by QUINLAN et al..

They proposed that on the one hand, cytoplasmic IFs form radial spokes connecting

cell-cell contact sites (i.e., desmosomes) to the nucleus, while on the other hand, the

circumferential rim runs parallel to the plasma membrane interconnecting desmo-

somal cell-cell junctions. [39] An illustration of the rim-and-spoke arrangement of an

IF network is shown in Fig.1.4, of which the latter was suggested to contribute to the

mechanical stability of the plasma membrane. Linker proteins that connect IFs to

desmosomes include desmoplakins and plakoglobin. Their involvement results in an

adaptive tension-spoke network that allows for the maintenance of the mechanical

equilibrium. Consequently, force changes at the plasma membrane are sensed and
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transmitted to the nuclear compartment through a direct physical contact mediated by

IFs. The distribution of radial spokes and circumferential rim varies depending on the

cell type and function. In most of the cells, such as epithelial cells, radial spoke organi-

zation is common, while in other cell types, the circumferential rim is predominant. [39]

Fig. 1.4: Schematic representation of the rim-and-spoke organization of intermediate filaments
(IFs). The cytoplasmic IF network consists of two distinct components: One forms the common
radial spoke (blueish-green) that connects desmosomes (green) to the nucleus and contributes
to nuclear stability. The other forms the circumferential rim (blue) near the plasma membrane
(brown) that connects desmosomes via specific linker proteins. The rim contributes to the
mechanical stability of the plasma membrane. Adapted from QUINLAN et al.. [39]

1.4.1.1 The Secondary Structure of all Intermediate Filaments

All IFs have a characteristic molecular blueprint of the secondary structure, which has a

tripartite structure. They consist of a central α-helical rod domain (usually 45 nm [40,42])

flanked by unstructured, non-helical N- and C-terminal domains at the head and tail

domains, respectively. [40–43,46–48] The amino acid (aa) sequence within the central rod

domain is arranged in heptad repeats with the periodicity of seven residues in the forms

of (abcdefg)n. Positions a and d are turned out to be preferentially hydrophobic residues,

such as leucine, methionine, or valine. This periodicity is interrupted by three linker

domains L1, L12, and L2, which divide the structure into four α-helical segments, coil

1A, 1B, 2A, and coil 2B). [40–43,46,48] The number of amino acids in each helix is largely

identical in all IFs, with coil 1A having 35 aa, coil 2A 19 aa, and coil 2B 115 aa, but the

number of amino acids in coil 1B is IF-specific. [40,41,43] Another conserved feature is

a discontinuity in the middle of segment 2B, which is an insertion of four additional

residues into a continuous heptad repeat ("stutter"). [40,48]
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1.4.1.2 Assembly of Intermediate Filaments

Compared to the other two globular components of the cytoskeleton, IFs are self-

assembling subsystems that do not require auxiliary proteins or factors such as adeno-

sine triphosphate (ATP). [2,41,42,46,49] The basic building blocks of hierarchical IF self-

assembly are polar, left-handed coiled-coil dimers formed by parallel and axially reg-

istered association of two single monomeric IF polypeptide chains. [41,42,46,49] Electro-

microscopic studies revealed that the coil has a spacing of about 14 nm. Most IFs are

able to form functional homodimers (e.g., vimentin), while other IFs are not able to

form functional homodimers but heterodimers (e.g., keratin). [43,50] Under low-salt and

physiological conditions, antiparallel, half-staggered 62 nm long A11 tetramers [41,51–53]

are assembled, which is the smallest soluble oligomer found in cells. This antiparallel

association of polar coiled-coil dimers leads to a non-polar arrangement of tetramers

with C-terminal pendant tail domains. [41,48,49,54] The first phase include the lateral as-

sociation of antiparallel tetramers leading to the formation of unit-length filaments

(ULFs). These rod-shaped structures have an average length of about 60 nm and a

diameter of 16-17 nm. [41,48,49,55] The number of dimers within a ULF can vary between

IF, but generally consists of a central core of 32 coil 1 domains flanked by two segments

of 16 coil 2 domains each. [53] The subsequent longitudinal annealing of the individual

ULFs across coil 2 is a slow elongation phase in which short filaments are formed and

further extended by an end-to-end association of these filaments. [40,41,49,56–58] In the

third phase, radial compression of the filament diameter by 20% to 40% occurs, resulting

in a matured, highly periodic filament of ∼11 nm. [40,41,49,59] The diameter can vary from

IF to IF and within one IF filament. [53,60,61] An overview of the three main stages of the

assembly of IFs is illustrated in Fig. 1.5. In vivo, IFs continuously exchange between

depolymerized IF subunits and fully polymerized IF proteins induced by phosphoryla-

tion, [62] which is achieved by reduced ionic strength in vitro. [63]

The role of the non-helical, unstructured head and tail domains in IF assembly has

been widely discussed, and studies show no significant effects on IF assembly in vitro.

However, the head domain has a major effect on IF structure during assembly [43,64–66],

resulting in the formation of filaments containing fewer ULFs than usually observed

or the formation of linear arrays of dimers or tetramers. In most of the IFs, the head

domain appears to regulate lateral and end-to-end assembly, whereas the tail domain is

involved in the control of lateral interactions. [43]
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Fig. 1.5: Schematic illustration of the hierarchical assembly of intermediate filaments (IFs). The
first phase is the formation of 60 nm long unit-length filaments (ULFs) by a lateral assembly
of 62 nm long tetrameric subunits. In the second phase, the formed ULFs and short filaments
are annealed longitudinally. Further elongation leads to mature µm long filaments. In the third
phase, the IFs with a diameter of about 16 nm condense radially to a diameter of about 11 nm.
Adapted from HERMANNet al.. [40]

1.4.2 Mechanical Properties of Intermediate Filaments

The mechanical properties of a cell are determined by the three components of the

cytoskeleton. [24,35,67] However, these properties vary depending on the cell type, more

precisely on the cytoskeletal subsystem involved and the external forces. [24] In contrast

to AFs and MTs, IFs are thought to dominate cell mechanics at larger deformations

because their flexibility allows them to withstand high stresses, tensile and compressive

forces in cells. [24,67] At the level of a single filament, they can be stretched 2.6 to 3.5

times their original length, i.e., 260-350 %, without rupturing. [24,30,31,68–71] In compar-

ison, AFs and MTs tend to break at relatively low strains of less than 50 %. [24] These

differences reflect the properties of the whole network: IF networks tend to be soft at

low strains but can withstand much larger strains at large deformations, resulting in

strain stiffening. [24,35] Therefore, IFs are essential in cells and tissues that are exposed

to high stress and strain. [31,68,72] All IFs are mainly involved in the organization of cell

organelles and mechano-transduction. IFs, such as lamins, maintain nuclear shape, and

the increased stiffness of lamins protects the nucleus from deformation. Other IFs, such

as keratin, vimentin, and desmin, increase mechanical integrity, regulate intracellular

cell mechanics by stabilizing intracellular organelles by forming protective cages [72–77],

and contribute to the stiffness of the cell cortex. [72]
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1.5 Vimentin Intermediate Filaments

1.5.1 Structural Organization of Vimentin Intermediate Fil-
aments

Vimentin intermediate filaments (VIFs) belong to the type III IFs that are very abun-

dant in mesenchymal and endothelial cells. [39,40,78] Recent studies have led to a better

knowledge of the structure of VIFs through atom-specific models of conserved seg-

ments. However, the exact organization of subunits within filaments remains not fully

understood. [48,79–83] A vimentin monomer has a molecular weight of 57kDa and is 466

aa long, which consists of a central α-helical rod domain containing 310 aa, of which

70 aa are acidic, and 46 aa are basic. The coil 1 motif, which is the N-terminal part

of the rod domain, is arranged in heptads, with every first and fourth residue being

apolar. Its C-terminal part, the coil 2 motif, is organized in an 11-residue long repeats,

with every first, fourth, and eighth residue being hydrophobic. The head domain is a

102 aa long sequence containing 12 arginine residues, making the head domain overall

basic, while the tail domain comprises a 54 aa long sequence. [78] The periodic pattern

of α-helical heptads and hendecads in the central rod domain enables the formation

of coiled-coil homodimers by parallel alignment of the central coil 1 domains of two

different vimentin filaments, as revealed by its crystallographic structure (cf. Fig. 1.6).

Coil 1A and the subsequent linker domain are important for assembling the dimers

into nonpolar tetramers of a length of 62 nm. [51–53] This is because the lysine residue

of coil 1A at position 139 and the positively charged linker of one dimer interact with

the negatively charged C-terminus of coil 1B of the other dimer. The two glutamic

acid residues at position 191 of each filament are in a close neighborhood. [78,79] Sub-

sequently, eight tetramers assemble laterally to form ULFs with a central core of 32

coil 1 domains and two segments of 16 coil-2 domains. The vimentin ULFs have a

diameter of 16 nm with a length of 62 nm. [53] They anneal longitudinally across the

coil-2 domains, resulting in molecular restructuring within each ULF. The interweaving

of the overhanging ends of the ULFs within a matured filament results in a repetition

of the structure every 43 nm. [84] The formation of short, mature filaments consisting

of at least 2 ULFs is achieved by radial compaction, yielding the formation of vimentin

filaments with a diameter of ∼10 nm. [48,53,78,85] Thus, VIFs constructed from amino

acid sequences with multiple coiled-coil domains are stabilized and linked by ionic and

hydrophobic interactions. [78–80]
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Fig. 1.6: Schematic representation of vimentin dimer and tetramer. The coiled-coil dimers are
formed by parallel alignment of the central coil 1 domains (pink, orange, and green, top). Two
dimers assemble into tetramers in such a way that the coil 1A (pink) with the positively charged
linker (orange) of one dimer interacts with the negatively charged C-terminus of coil 1B (green)
of the other dimer (bottom). Adapted and modified from DANIELSSON et al.. [78]

1.5.2 Mechanical Properties of Vimentin Intermediate Fila-
ments

Previous studies in literature have shown that it is challenging to gain insights into the

contributions of vimentin to cell mechanics, as different methods indicate that the

results of vimentin perturbation are not consistent, e.g., studies by ECKES et al., WANG

et al. and GUO et al.. [78,86–90] Nevertheless, studies have generally revealed that VIFs

have multiple functions in cells. They have non-mechanical functions, such as GTPase

signal transduction during wound healing, lipogenesis, sterol processing, promotion of

nerve repair, and mediation of virus entry into host cells. Mechanical properties include

cell mechanics, contractility, and protection of the nucleus during cell migration. [91]

VIFs are usually connected to the nucleus via the linker proteins plectin or nephrin-

3 [92] and form a cage-like network surrounding the nucleus, which is important for

the transfer of mechanical forces from the cell cortex to the nuclear envelope. Studies

in which the cell cortex was pulled demonstrated a deformation of the nucleus in the

direction of stretch. The transfer of mechanical forces to the nucleus at small and large

deformations occurs through VIFs. [77] During cell migration, the nucleus is subjected to

extreme stresses that result in structural damage to the nucleus by e.g., localized loss of

the nuclear envelope integrity. Recently, researchers have reported that vimentin acts

as a protector to keep the nucleus from rupturing. [77,93–96]

VIFs provide cells with a strain stiffening, rubbery, hyperelastic network that deter-
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mines cell strength, extensibility, elasticity, and toughness. [88,89,94–96] Due to their high

extensibility, VIFs maintain the elasticity of the cytoplasm under repeated stress. They

improve cellular mechanical strength and toughness by slowing down viscoelastic relax-

ation, which reduces the risk of cell damage. [95] The cellular mechanical forces that VIFs

are also able to resist are compressive and tensile forces associated with cell motility and

shear forces generated by fluid flow at the surface of blood and airways. VIFs respond to

shear forces with a rapid deformation of the networks, which implies a redistribution of

intracellular forces. At low stress, they are adequately soft to allow deformation of the

cells without the cytoplasm becoming excessively rigid or brittle. Under extreme stress,

where AFs and MTs rupture, they respond by strain stiffening, preventing excessive

deformation and further apoptosis, indicating the important role of VIFs in cell integrity,

shape, and migration. [77,95] To the extent that VIFs contribute to cytoplasmic stiffness,

they do not contribute significantly to cortical stiffness because the cytoplasm is much

softer. [88,89,97]

1.5.3 In vitro Vimentin Filaments and Networks

The complexity of a cell makes it difficult to understand the contribution of VIFs to

the overall cell mechanics because of the interaction of all three components of the

cytoskeleton as well as motor and linker proteins. Thus, in vitro studies have been

performed to separate them from AFs and MTs. [77] The stability of all IFs, including

VIFs, to mechanical forces is attributed to the electrostatic interactions and hydrogen

bonding between subunits within a filament, with interactions not only within the α-

helical rod domain but also between N-terminus and α-helical coils. [48] In vitro strain

experiments on individual VIFs using optical tweezers revealed a linear increase in force

with increasing strain up to 10 %. With further increases in strain, the force remained

constant, indicating a softening where a transition from the α-helix to the β-sheet oc-

curs via random coils, followed by an increase in force, indicating a stiffening at strains

above 50 %. Atomic force microscopy (AFM) experiments yielded similar results, but

stiffening occurs at strains above 350 %, and the VIFs rupture when a force of 8 nN is

applied. [30] This high extensibility has been observed in various experiments. [30,31,69–71]

AFM experiments, in which vimentin dimers were pulled with a cantilever, showed

that the response to strain was comparable to the one of the whole filament, demon-

strating the relevance of the dimers as a reactor for mechanical forces. The transition

from the α-helix to the β-sheet via random coils results in elongation of the contour

length, with the amino acids still hydrogen-bonded, leading to large strains, as shown

by wide-angle X-ray scattering (WAXS), RAMAN spectroscopy, and molecular dynamics

simulations. [37,68,98–100] MONTE-CARLO simulations of extension and retraction curves
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for vimentin reveal irreversibility of the β-sheet formation. [31,71] The YOUNG's modulus

derived from the elongation experiments of vimentin dimers is in good agreement with

the those determined for the elongation of the whole filament. This result indicates that

the filament responds to strain at small deformations by distributing the forces among

all dimers. [77] The stretching response is also accompanied by sliding, which was shown

by further in vitro experiments. [31,55,101,102]

The mechanical properties of the reconstituted in vitro VIF networks are commonly

shown by rheological experiments. [33,34,103] By measuring the shear modulus at defor-

mation with a constant strain and subsequent application of a small oscillating strain,

it was found that vimentin networks exhibit lower shear modulus at low strains, but

show an increase in shear modulus with increasing strain, indicating strain stiffening,

consistent with the role in cell integrity. By sharp contrast, actin networks exhibit the

highest stiffness, fluidizing at strains above 20 %. [33] Further in vitro measurements

revealed non-linear mechanical properties of reconstituted VIF networks with sup-

pressed, transient [103–106], and permanent cross-linkers, with the peak modulus and

breaking stress higher for permanent cross-linkers than for networks without cross-

linkers, resulting in a higher network flow. The non-linear mechanical response is due to

plastic deformation and entropic stiffening of a filament segment between cross-linkers,

with the rheological response dominated by inelastic fluidization at a slow loading rate

and mainly by entropic stiffening at a high loading rate. [33,35,36,104,105,107] Structural

studies of vimentin networks using fluorescence and electron microscopy revealed

different morphologies within a network, e.g., parallel alignment of two filaments due

to electrostatic interactions leading to bundling and thus increased stiffness. [108–110]
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2 Scope

The cytoskeleton of mammalian cells forms a complex, interwoven network of a variety

of interacting filamentous and regulatory proteins. One major group of cytoskeletal

components are intermediate filaments (IFs). They show incredible functions in cells,

providing cells with shape, strength, and mechanical stability, particularly at large de-

formations. On the single filament level, IFs can be stretched remarkably 260-350 %.

Previous studies on the composition of IFs proposed a rim-and-spoke arrangement,

suggesting that IFs are not only involved in the mechanical stability of the cytoplasm to

protect the nucleus but also act directly at the plasma membrane, thereby contributing

to its mechanical stability.

This work aims at investigating the structure and mechanics of vimentin intermediate

filaments (VIFs) attached to a lipid bilayer to mimic the part of the rim-and-spoke

arrangement at the plasma membrane. Due to the complexity of cellular systems,

a minimal artificial model system will be established by pursuing a bottom-up ap-

proach. Therefore, VIFs bound to the lipid bilayer via biotin-neutravidin linkages will

be prepared on elastic hydrophilic polydimethylsiloxane (PDMS) equipped with fluo-

rescent beads as optical tracers. This composite system will be laterally stretched by

a uniaxial stretching device. With this system in hand, the mechanical response of

membrane-bound VIFs and VIF networks to external strains will be studied by confocal

laser scanning microscopy and atomic force microscopy. First, the lipid bilayer on

PDMS will be characterized to find the optimal condition for sticky lipid bilayers, which

are required for stretching the membrane and filaments. Since a lipid bilayer can only

be stretched 4-6 % without rupturing and significantly higher strains are necessary for

vimentin stretching, lipid bilayers will be studied under strain in the presence of a lipid

reservoir in the form of small unilamellar vesicles (SUVs). Once succeeded, the VIFs will

be linked to the lipid bilayer using neutravidin. A uniaxial stretching will be applied,

and the stretch-induced changes of membrane-bound VIFs in the presence of SUVs will

be studied. Increasing the concentration of VIFs leads to network formation. The main

goal is to address the question of how a uniaxial stretch alters the behavior of single

VIFs and VIF networks attached to the bilayer and vice versa.
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3.1 Materials

3.1.1 Polydimethylsiloxane

Polydimethylsiloxane (PDMS) (cf. Fig. 3.1), a silicone-based synthetic organic elastomer,

is one of the most widely used polymers in biological and medical science because it

offers advantages such as rapid processing, cost efficiency, chemical inertness, and

optical transparency. [111–113] Due to its non-toxicity, cells can be easily cultured on it,

and implants made of PDMS are well tolerated in vivo cells. [113] It is most commonly

applied in microfluidics and soft lithography. [111–113] In this study, PDMS is used as a

solid support for the preparation of an artificial model system.

Fig. 3.1: Chemical structure of the elastomer polydimethylsiloxane.

PDMS consists of an inorganic siloxane backbone with organic methyl group attached

to it. [112] Its flexibility at the molecular level due to flexible siloxane bonds gives PDMS

mechanical properties without any mechanical failures (e.g., bendability and stretcha-

bility). [111]

PDMS (Dow, Sylgard 184) was purchased from Farnell GmbH (Oberhaching, Ger-

many) and supplied as a two-part kit: pre-polymer and curing agent. The pre-polymer

is composed of dimethyl vinyl-terminated dimethylsiloxane (>60%), tetra(trimethyl

siloxy)silane (1.0-5.0%) as well as dimethyl vinylated and trimethylated silica (30-60%).

The curing agent contains dimethyl methyl hydrogen siloxane (40-70%), dimethyl vinyl-

terminated dimethyl siloxane (15-40%), tetramethyl tetravinyl cyclotetrasiloxane (1.0-

5.0%) as well as dimethyl vinylated and trimethylated silica (10-30%). [114] Furthermore,
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a catalyst, usually a platinum (Pt) species, such as KARSTED’s catalyst, is supplemented

in the curing agent, which accelerates the cross-linking process during the elastomer

formation. [112,114]

Cross-linking occurs via a hydrosilylation mechanism, [111,114] in which a pre-polymer

component (e.g., dimethyl vinyl-terminated dimethyl siloxane or tetramethyl tetravinyl

cyclotetrasiloxane) reacts with a component in the curing agent (e.g., dimethyl methyl

hydrogensiloxane) in the presence of the Pt catalyst (cf. Fig. 3.2). [114]

Fig. 3.2: Hydrosilylation reaction scheme. Polydimethylsiloxane is formed through a reaction of
a pre-polymer component (e.g., dimethylvinyl-terminated dimethylsiloxane) with a component
in the curing agent (e.g., dimethyl methyhydrogensiloxane). This reaction is catalyzed by an
active platinum-catalyst. [111,114]

Fig. 3.3 shows an illustration of the detailed mechanism of platinum-catalyzed hydrosi-

lylation proposed by CHALK and HARROD. [114,115] The first step is the reduction of an

octahedral Pt(IV) species to the active catalyst, consisting of a square-planar Pt(II)

species. This active Pt-catalyst coordinates to dimethyl vinyl-terminated dimethylsilox-

ane, resulting in the species A. Through an oxidative addition process of a dimethyl

methyl hydrogensiloxane (HSiR3) to species A, the intermediate B is formed, in which

the Pt(II) is oxidized to Pt(IV) by cleavage of a Si-H bond to give species C. There is

an equilibrium between the species B and the species C. After addition of SiR3 to the

species B/C, the product is obtained by reductive elimination. [114,115]
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Fig. 3.3: Detailed hydrosilylation mechanism proposed by CHALK and HARROD. First, an octa-
hedral Pt(IV) species is reduced to a square-planar Pt(II) species that coordinates the alkene to
form the species A. In the next step, oxidative addition is carried out by adding HSiR3 to give the
species B, which is in equilibrium with the species C. After addition of SiR3, the product (cf. 3.1)
is obtained by a reductive elimination process. [114]

An important point to consider when selecting a suitable material is surface chemistry.

PDMS is hydrophobic in an unmodified state, making it difficult to work with biological

samples in aqueous solutions. Surface treatment with plasma oxidation renders the

surface hydrophilic because of the silanol groups, which are formed during plasma treat-

ment. [113] DELMAN et al. proposed a mechanism for the ultraviolet radiation-induced

surface treatment with oxygen plasma (cf. Fig. 3.4). [116] However, the hydrophilicity

of PDMS is stable for only 30 min before it changes back to hydrophobicity. [113] ROTH

et al. found by contact angle measurements that the recovery of hydrophobicity can

be controlled by the conditions used for plasma treatment. The higher the plasma

power and treatment time, the higher the driving force for the return to its original

hydrophobicity after a certain storage time. [117]
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Fig. 3.4: Oxygen plasma treatment of the polydimethylsiloxane surface. This mechanism was
proposed by DELMAN et al. in 1969. The methyl groups are oxidized by oxygen which is induced
by ultraviolet radiation. [116]

3.1.2 Uniaxial Motorized Stretching Device

In order to stretch the PDMS-supported membrane-bound vimentin intermediate fila-

ment (VIF) system laterally, a uniaxial motorized stretching device was used (Fig. 3.5).

The stretching device with the pre-stretching device was designed by DR. JONATHAN

BODENSCHATZ (Institute for Physical Chemistry, Georg-August University Göttingen).

The stretching device allows a maximum motor position (mp) of 10 mm without rup-

turing the PDMS chamber. The pre-stretching device with the fixed PDMS chamber

is mounted on the stretching device. For atomic force microscopic measurements,

an insert was constructed to close the hole in the center of the stretching device. To

damp external vibrations, viscous glycerol was placed on the insert on which the PDMS

chamber is placed.

Fig. 3.5: Motorized uniaxial stretching device for lateral stretching of the membrane-bound
vimentin intermediate filaments on PDMS. The stretching device allows a maximum motor
position (mp) of 10 mm without tearing the substrate. The pre-stretching device with the PDMS
chamber is mounted on the stretching device. For atomic force microscopic measurements, an
insert was built to close the hole in the middle of the stretching device. A glycerol bed is placed
between the PDMS chamber and the insert to dampen external vibrations.

For further details concerning the design of the stretching device, read the dissertation

of JONATHAN BODENSCHATZ. [118]
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3.1.3 Lipids

Lipids are essential components of the plasma membrane, and in this study they are

used to prepare artificial membranes on a solid support, PDMS. The prepared mem-

brane consisted of 1-palmitoyl-2-oleoyl-sn-glycero-3-phospho-choline (POPC) and

1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(bi-otinyl cap) (DOPE biotin cap).

All lipids were purchased from Avanti Polar Lipids (Alabaster, USA).

The matrix lipid POPC (cf. Fig. 3.6 A) is present in a large amount in this system and has

no significant effect on protein attachment. It does not provide any charge. The basic

element is glycerol, built up with a phosphatidylcholine as the head group (position sn 3)

and esterified with a palmitic acid (16:0) at position sn 1 and an oleic acid (18:1, cis-Δ9)

at position sn 2.

DOPE-biotin-cap (cf. Fig. 3.6 B) is a receptor lipid whose head group, the phospho-

ethanolamine (position sn-3), is biotinylated and serves as a protein-binding lipid via a

linker molecule neutravidin harboring four non-covalent binding sites for biotin. The

positions sn 1 and sn 2 of the glycerol backbone of DOPE-biotin-cap are substituted

with two oleic acids.

Fig. 3.6: Basic structure of lipids used to prepare solid-supported membranes on polydimethyl-
siloxane. (A) Schematic scaffold of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC)
used as a matrix lipid. (B) Structural scaffold of the receptor lipid 1,2-dioleoyl-sn-glycero-3-
phosphoethanol-amine-N-(cap biotinyl) (DOPE-biotin-cap), which has a high affinity for the
linker neutravidin.
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3.1.4 Fluorophores

The purpose of using fluorophores is to visualize biological samples by means of flu-

orescence microscopy. Since the majority of these samples are not auto-fluorescent,

the fluorophores must be implemented. In this project, the lipid-coupled fluorophore

ATTO488 DOPE and the maleimide-coupled fluorophore ATTO647N maleimide con-

jugate were used, which were purchased from the company Atto-tec GmbH (Siegen,

Germany).

ATTO488-DOPE (cf. Fig. 3.7 A) is a fluorophore that is bound to the DOPE. It is ex-

cited at λabs = 500 nm and the detection occurs at λem = 520 nm. It was used to label the

small unilamellar vesicles (SUVs) that form the lipid bilayer by a spreading process and

serve as a lipid reservoir. Due to its lower photostability, this fluorophore is suitable for

experiments that require bleaching, such as determining the diffusion coefficient with

fluorescence recovery after photobleaching (FRAP). ATTO657-DOPE (cf. Fig. 3.7 B) is a

DOPE-coupled fluorophore that was used to label SUVs to form a lipid bilayer on PDMS.

ATTO647-DOPE was primarily involved in experiments to study pure lipid bilayers

under strain. It is excited at λabs = 647 nm and the detection occurs at λem = 667 nm.

ATTO647N-maleimide (cf. Fig. 3.7 C), a dye conjugated with a maleimide, has its

excitation wavelength at λabs = 646 nm and emission wavelength at λem = 664 nm. It

was employed to label vimentin monomers via MICHAEL addition (cf. Fig. 3.9). Due to

its photostability, it is suitable for stepwise stretching experiments to visualize vimentin

filaments over a certain period.
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Fig. 3.7: Structural scaffold of the fluorophores used to label the vesicles and vimentin protein
to visualize them by fluorescence microscopy. (A) Structure of ATTO488-DOPE incorporated
into the small unilamellar vesicle to produce a lipid bilayer and to use them as a lipid reservoir.
(B) Structure of ATTO647-DOPE integrated into the small unilamellar vesicle to produce a lipid
bilayer for studies of pure lipid bilayers. (C) Structural framework of ATTO647N-maleimide
conjugate used to label vimentin monomers by MICHAEL addition (cf. Fig. 3.9, chapter 3.1.6).

3.1.5 Beads

Fluorescent beads (blue, 4 µm) were placed between two PDMS films as an optical

tracker during uniaxial stretching of membrane-bound VIFs or VIF networks on elastic

PDMS support. The silica beads (cf. Fig.3.8) are excited at 354 nm, and detection occurs

at 450 nm. The beads (PSi P4.0) are from AttendBio Research (Barcelona, Spain).
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Fig. 3.8: Example fluoroscence micrograph of the blue beads (4 µm) embedded between two
polydimethylsiloxane films of 100 µm thickness. They are used as optical tracker.

3.1.6 Vimentin Intermediate Filament

To study the structure and mechanical properties of VIFs under strain, the human vi-

mentin mutant vimentin-C328NGGC was used within the scope of this work, in which

the cysteine at the position 328 was replaced by asparagine. Two glycines and one cys-

teine were added at the C-terminal domain. The addition of a cysteine at the C-terminal

end allows for labeling with the desired maleimide conjugate (ATTO647N or biotin)

via a MICHAEL-addition. The labeling does not interfere with the assembly mecha-

nism, which proceeds hierarchically in the presence of monovalent ions from vimentin

monomers via tetramers and unit-length filaments to mature full-length filaments. [30]

MICHAEL-addition, particularly the thiol-maleimide reaction, has gained much atten-

tion in bioconjugation chemistry. The general mechanism is shown in Fig 3.9. Initial

deprotonation of the thiol group of the cysteine to form a nucleophilic thiolate anion,

achieved by pH and a highly polar organic solvent, is followed by nucleophilic addition

of the thiolate to the π-bond of the maleimide function of the fluorophore, forming an

enolate. The desired fluorescently labeled species were obtained through keto-enol

tautomerism. [119,120]

The vimentin mutant monomers were kindly provided by SUSANNE BAUCH with the

group of PROF. DR. SARAH KÖSTER (Institute for X-ray Physics, Georg-August-University

Göttingen).
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Fig. 3.9: Mechanism of the MICHAEL-addition reaction. The thiol group of the cysteine is
deprotonated in the presence of a highly polar organic solvent. By conjugate addition, the
thiolate group is added to the β-position of the maleimide function, forming an enolate.
Keto-enol tautomerism leads to the main product, the ATTO647N or biotin-labeled vimentin
monomer. [119,120]
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3.2 Preparative Methods

3.2.1 Preparation of Polydimethylsiloxane Chambers

To stretch the membrane-bound VIFs or VIF networks, an elastic support was needed.

Therefore, a PDMS chamber consisting of a thin film (2 cm x 2 cm x 200 µm) and a thick

frame (5.5 cm x 2.5 cm x 0.5 cm) was made (cf. Fig. 3.10).

Fig. 3.10: Schematic drawing of the polydimethylsiloxane (PDMS) chamber used in this
work. It consists of a thin PDMS sheet (2 cm x 2 cm x 200 µm) and a thick PDMS frame
(5.5 cm x 2.5 cm x 0.5 cm).

To prepare the PDMS frame for the PDMS chamber, a mixture of base and curing agent

(20:1 w/w) was degassed under vacuum for 30 min, followed by polymerization at 70◦C

for 1.5 h in an acrylic mold.

The thin PDMS film was prepared by mixing the base and curing agent at a weight

ratio of 10:1 (w/w). This mixture was first degassed in an ultrasonicator for 5 min

(45 kHz, degassing, 40 %) and then further degassed under vacuum for 25 min. After

degassing, the mixture was uniformly spread on a silicon wafer coated with octafluo-

rocyclobutane using a Spin Coat G3P-8 (Specialty Coating Systems, Indianapolis, USA)

(800 rpm, ramp time: 10 s, dwell time: 30 s). The coated silicon wafer was polymerized at

70°C for 45 min to form the first thin film of PDMS. Fluorescent silica beads (blue, 4 µm)

were deposited on the polymerized PDMS film (100 µm). For this purpose, the beads’

suspension (7 µL) was dissolved in ultrapure water (1000 µL). Ultrasonic treatment

was necessary to avoid aggregation. After application and spin coating, the remaining

water was removed, followed by coating with a second PDMS film (100 µm) prepared

analogously to the first thin film. Before polymerization of the second film at 70°C for

45 min, the PDMS frames were placed on the coated wafer with the beads in the center

of the frame.

Due to its hydrophobic character, the PDMS surface had to be oxidized to become

hydrophilic. Therefore, it was treated with oxygen plasma (100 %, 0.4 mbar, 20 %, 20 s)
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bymeans of a Plasma Cleaning Device (Sauerstoffplasma Diener Electronic, Ebhausen,

Germany).

3.2.2 Preparation of Small Unilamellar Vesicles

SUVs, typically 100 nm in diameter, were used to prepare a lipid bilayer on hydrophilic

PDMS. They were obtained by sonification.

The required lipid stock solutions (10-20 mg/mL) and the determination of the exact con-

centrations by LANGMUIR-BLODGETT trough were kindly performed by JUTTA GERBER-

NOLTE (Institute for Organic and Biomolecular Chemistry, Georg-August-University

Göttingen). The desired lipids dissolved in chloroform were combined in a test tube

containing chloroform. The lipid compositions are given in Tab. 3.1. The lipid mixture

was dispersed under nitrogen flow for 15 minutes and dried in vacuo for at least 3.5 h.

The obtained thin lipid film was stored at 4◦C until use.

Tab. 3.1: Lipid composition for the preparation of lipid bilayers on a solid support and use as a
lipid reservoir. The lipid films used to apply a lipid bilayer contain biotinylated DOPE, the others
do not.

POPC DOPE biotinyl cap ATTO488 1/ATTO647-DOPE 2

Bilayer 96 mol% 3 mol% 1 mol%
Lipid Reservoir 99 mol% - 1 mol%
1 for stretching experiments of membrane-bound VIFs, 2 for stretching experiments of lpid bilayer.

The prepared lipid films were hydrated with degassed vimentin buffer (500 µL, cf.

Tab. 3.2). After 30 min incubation, they were mechanically shaken three times for

30 s with a rest period of 5 min. Finally, SUVs were formed by sonication (2 x 15 min,

4 cycles, 55-60 %) with an ultrasonic device (Bandelin, Berlin, Germany).

Tab. 3.2: Composition of vimentin buffer used in this work.

Composition Concentration

NaH2PO4 (PB A) 2 mM

Na2HPO4 (PB B) 2 mM

KCl 100 mM

pH 7.5
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3.2.3 Preparation of Vimentin Intermediate Filaments

3.2.3.1 Labeling of Vimentin Monomers with ATTO647N and Biotin
Maleimide

To visualize VIFs by fluorescence microscopy, the respective monomers were labeled

with ATTO647N-maleimide. Biotinylation of the vimentin monomers was necessary

to bind them to the membrane, which was also biotinylated, via neutravidin. Labeling

with both was achieved by MICHAEL addition.

For this purpose, two different buffers were needed, one as a labeling buffer and one as

a storage buffer (cf. Tab. 3.3).

Tab. 3.3: Composition of labeling buffer and storage buffer used in this work. The storage buffer
is a low-salt buffer with a high concentration of urea to allow the protein to dissolve in aqueous
solutions.

Labeling Buffer Storage Buffer

NaH2PO4 (PB A, 50 mM) NaH2PO4 (PB A, 2 mM)
Na2HPO4 (PB B, 50 mM) Na2HPO4 (PB B, 2 mM)

Urea (5 M) Urea (8 M)

pH 7.0 pH 7.5

Prior to the labeling procedure, vimentin monomers (approx. 1 mg/mL, 1 mL per label)

dissolved in storage buffer were dialyzed against labeling buffer overnight at 4°C in a

dialysis tube (50 kDa cutoff). Bio Gel P-30 media (3 g, Bio-Rad Laboratories, Hercules,

USA) were hydrated overnight in labeling buffer (54 mL) to separate small from big

beads.

The concentration of dialyzed vimentin solution was adjusted to 1 mg/ml. To this

solution, a 20-fold excess of the corresponding maleimide conjugate in DMSO (20 µL,

10 mM) was added portionwise and mechanically shaken for 30 s, with an incubation

time of 5 min, followed by incubation for 2 h under light exclusion. Afterwards, a L-

cysteine solution was added (100 µL, 1 M) to bind free maleimide conjugates, succeeded

by incubation maintained for 1 h. The reaction mixture was purified by size exclusion

chromatography on a column filled with Bio Gel P-30 media for ATTO647N labeling

(d = 1 cm, l = 30 cm) and on a Sephadex column (GE healthcare PD mini Trap G.25,

GE Healthcare Bio-Sciences AB, Uppala, Spain) in the case of biotin labeling. After

pre-equilibration, the corresponding protein conjugate was eluted and collected in

fractions (the first colored zone in the case of dye labeling). The purified labeled vi-
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mentin monomer fractions were analyzed by UV/vis spectroscopy at λprotein = 280 nm

and λdye = 650 nm, or λbiotin = 350 nm on a Nanodrop (Nanodrop2000c, Thermo Fisher

Scientific, Dreieich, Germany). Fractions with a concentration > 0.10 mg/ml were pooled

and were combined in a dialysis tube (50 kDa MWCO) in the storage buffer overnight at

4◦C. After dialysis, the concentration of the sample was determined, and the labeled

protein was aliquoted and stored at -80◦C until use.

3.2.3.2 Dialysis of Vimentin into Low Salt Buffer

Since vimentin monomers were dissolved in 8 M urea, they were brought into low urea

buffer by stepwise dialysis to form higher-ordered structures as the tetramer for vi-

mentin. In order to work under physiological conditions, the salt concentration was

also lowered by the stepwise dialysis. The required buffers are listed in Tab. 3.4.

Tab. 3.4: Composition of dialysis buffer and dilution buffer used in this work. The dilution
buffer is used to dilute the urea concentration in the dialysis buffer.

Dialysis Buffer Dilution Buffer

NaH2PO4 (PB A) 20 mM 2 mM

NaH2PO4 (PB B) 20 mM 2 mM

Urea 6 M -

pH 7.5

The unlabeled vimentin monomers, ATTO647N labeled, and biotinylated monomers

were thawed at 37°C to avoid false folding. After defrosting, they were mixed in a dialysis

tube (50 kDa MWCO) to ensure that the final concentration of the mixture contained

10 % ATTO647N labeled monomers and 5 % biotinylated monomers. The dialysis tube

was dialyzed against the dialysis buffer (cf. Tab. 3.4) for 30 min at room temperature.

By stepwise dialysis, the urea concentration was decreased to 4 M, 2 M, 1 M, 0 M using

the dilution buffer (cf. Tab. 3.4), and incubating for 30 min after each dilution step. The

last dialysis step into dilution buffer was carried out overnight at 4°C. Subsequently,

the concentration of the formed vimentin tetramers was adjusted to about 0.4 mg/mL

by UV/vis spectroscopy at λprotein = 280 nm on a Nanodrop (Nanodrop2000c, Thermo

Fisher Scientific, Dreieich, Germany) using the dilution buffer, and stored protected

from light at 4◦C until use.

3.2.3.3 Assembly of Vimentin Tetramers

The assembly of vimentin tetramers into matured filaments was initiated by the use

of monovalent ions and did not require the addition of adenosine triphosphate (ATP).
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There are two ways to assemble tetramers into filaments, one is by dialysis, and the

other is by kick-start assembly. In this study, kick-start assembly was performed.

Vimentin tetramers obtained by dialysis, the concentration of which was adjusted

to 0.4 mg/ml, were diluted 1:1 with assembly buffer containing KCl (cf. Tab. 3.5) and

assembled at 37◦C for 90 min.

Tab. 3.5: Composition of assembly buffer used in this work. It contains KCl, which initiates the
hierarchical assembly process into mature vimentin filaments.

Composition Concentration

NaH2PO4 (PB A) 2 mM

Na2HPO4 (PB B) 2 mM

KCl 200 mM

pH 7.5
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3.3 Biosensing Methods

3.3.1 UV/vis Spectroscopy

Optical spectroscopy, such as UV/vis spectroscopy, is based on the absorption of light

by matter in the ultraviolet (UV) and visible (vis) light regions. [121] The sample is excited,

and electrons from the highest occupied molecular orbital (HOMO) are transferred

to the lowest unoccupied molecular orbital (LUMO). The smaller the HOMO-LUMO

energy gap, the longer the absorbed wavelength. [122]

Proteins show an absorption maximum at λprotein = 280 nm caused by π−π∗ transitions

of amino acids containing conjugated π-bonds, such as tryptophan (Trp), tyrosine

(Tyr), and cysteine disulfide (Cys SS) bonds. For this reason, the determination of

protein concentration can be easily accomplished by absorbance measurements at

λprotein = 280 nm. According to LAMBERT-BEER’s law, the absorbance (A280) is deter-

mined by the following equation (cf. Eq. 3.1). [123]

A280 =− log
I

I0
= ε280 · cprotein ·d (3.1)

The absorbance is proportional to the quotient of the intensity of light before (I0) and

after (I ) passing through the protein solution with a concentration (cprotein) and a cer-

tain optical path length (d). The extinction coefficient (ε) is specific for each protein

and can be calculated by linear combination of the numbers of individual amino acid

residues (nxcf. Eq. 3.2) [122,123]

ε= 5500 ·nTrp +1490 ·nTyr +125 ·nCysSS (3.2)

The extinction coefficients of Trp, Tyr and CysSS are 5500, 1490 and 125 L·mol-1·cm-1,

respectively. The accuracy is found as ± 5 %. [123]

Since the proteins are fluorescently labeled, the concentration of labeled proteins is

determined using absorbance measurements by considering the absorption (Amax,dye)

31



3.3 Biosensing Methods

of the respective fluorophore (cf. Eq. 3.3).

cprotein = A280 − Amax, dye · f

ε280
(3.3)

The factor f takes into account that the absorption of the fluorophore at the absorption

maximum of the protein is equal to the ratio of absorption of the dye at this wavelength

to its absorption at the maximum of the dye at long wavelengths. [124] In the case of

the fluorophore used in this work (ATTO647N), the correction factor is given by the

manufacturer as f = 0.03. [125] The key parameter is the knowledge of the degree of label

(DOL), which is important for accuracy, reproducibility, and comparison of labeling

performance. [124] It is essentially the average number of fluorophores bound to the

protein and is calculated using Eq. 3.4.

DOL = cdye

cprotein
= Amax,dye ·ε280

(A280 − Amax,dye · f ) ·εd ye
·100 (3.4)

The extinction coefficient of the dye (εdye), ATTO647N, is given by the manufacturer

as εdye = 1.5·105 L·mol-1·cm-1. [125] For biotin labeling, there was no suitable kit to de-

termine the label density since it is difficult to detect biotin due to the overlap of its

intrinsic absorbance with that of proteins. Assays have been developed to shift the

absorption wavelength (e.g. HABA assay, HUANG assay), but these assays need rapid

readout, high throughput, wash-free, and sensitivity. [126] Therefore, it could only be

assumed that the DOL was 100 %.

In this work, to determine the protein concentration of unlabeled, fluorescently labeled,

as well as biotin-labeled vimentin monomers, UV/vis measurements were performed us-

ing a Nanodrop (Nanodrop2000c, Thermo Fisher Scientific, Dreieich, Germany), which is

capable of measuring small volumes. The molecular weight of vimentin with 56.67 kDa

and an extinction coefficient of 24240 L·mol-1·cm-1 were used for these measurements.
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3.4 Biophysical Methods

3.4.1 Confocal Laser Scanning Microscopy

Fluorescence microscopy is one of the most widely used light microscopy techniques.

It is a non-invasive technique and has high selectivity. Fluorescence imaging has be-

come an important mainstay of microscopy in biological research involving dyes that

emit light within nanoseconds of absorbing light of a dye-specific wavelength. This

phenomenon is called fluorescence. Usually, the emitted wavelength is longer than the

absorbed wavelength. This so-called STOKES shift of emittance and absorbance makes

the fluorescence microscope a powerful tool by allowing a separation. [127]

An even more powerful innovative tool for viewing microscopic structures in 3D with

improved contrast, resolution, diffraction, and signal-to-noise ratio (SNR) is Confocal

Laser Scanning Microscopy (CLSM). The basic concept of scanning the illumination and

scanning the detection was first described and patented by MINSKY. [128] The method

(cf. Fig. 3.11 A) is based on illumination with a diffraction-limited spot created by

converting the collected plane wave into a converging spherical wave in the objective

through the lens, which focuses the light at the "waist" of an hourglass-shaped laser

beam that contains all its energy in a collected coherent plane wave. The image is

divided into pixels, and each pixel is scanned by two oscillating mirrors that direct the

laser beam towards and away from the object. One mirror illuminates and captures the

fast axis while the other scans the slow axis until the entire image of the xy-plane (2D

image) is recorded. The focal plane can be maintained to obtain time series, and for 3D

imaging, the focus can be shifted along the z-axis. A dichroic mirror and an emission

filter separate the emission wavelength from the excitation wavelength by reflecting the

latter. [129] Since the light cone does not completely illuminate the object of interest due

to diffraction, it results in a much larger point source surrounded by diffraction rings

with decreasing intensity from the center to the outer rings (cf. Fig. 3.11 B). This pattern

is called a point spread function (PSF). [129,130] The PSF depends on the emitted wave-

length and the numerical aperture (NA) of the objective. Small PSFs are produced by

shorter wavelengths and higher NA lenses. [130] Only scanning of the illumination is not

sufficient to remove out-of focus light generated by scattering. Thus, a pinhole is placed

in front of the detector to ensure the illumination point and the pinhole are focused

on the same point simultaneously. [129] Small pinholes (e.g. ≤ 1 Airy Unit (AU)) result

in a PSF with a compact shape leading to improved resolution and contrast, however

at the same time, the number of photons passing through can be reduced leading to

reduced detection efficiency. Large pinholes (e.g. > 1 AU) increase the size of the PSFs
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and reveal diffraction rings in the out-of focus planes. [130] The appropriate size of the

pinhole, based on experimental and theoretical approaches, is approximately the size

of the projected diffraction-limited spot (1.22 · λ/NA). To counter the slow acquisition

time in sequential imaging, a photomultiplier (PMT) serves as a fast-response detector

that detects weak signals. However, the efficiency of photons detected by the pinhole is

10% or less. As the scanning speed increases, the quality of the image decreases as the

number of photons detected decreases. [129]

An important feature that makes CLSM more powerful than wide-field microscopy

is resolution, which is defined as the ability to distinguish two closely spaced spots as

two clearly defined individual points. Thus, two spots must be at least as close as the

distance between the center of the PSF and the first destructive interference band (cf.

Fig. 3.11 C).The RAYLEIGH criterion can be used to calculate the resolution, which is

given in Eq. 3.5 and 3.6. [130]

Rl ater al =
0.51 ·λexc

N A
(3.5)

Raxi al =
0.88 ·λexc

n −
p

n2 −N A2
(3.6)

The resolution is proportional to the excitation wavelength λexc. n is the refractive index

of the medium, and NA is the numerical aperture of the lens in the objective. In prac-

tice, resolving power can be determined from the full width at half maximum (FWHM)

of a 3D PSF of low-resolution fluorescent microspheres. [130] Compared to wide-field

microscopes, CLSM achieves 1.4 times better resolution because the PSF is narrower (cf.

Fig. 3.11 D). [129]

In recent decades, numerous microscopes such as Airyscan Microscopy, Total Internal

Reflection Fluorescence (TIRF), or Stimulated Emission Depletion (STED) have been

developed to improve resolution further and allow imaging of structures below ABBE

limit ( λ
2·N A ).
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Fig. 3.11: (A) Principle of confocal laser scanning microscopy (CLSM). Light from the laser is
reflected through the objective on the dichroic mirror onto the sample in the focal plane. This
emits fluorescence that passes through the dichroic mirror, followed by a moving mirror system,
and through a pinhole before reaching the detector. [129] (B) The point spread function (PSF).
The light distribution near the confocal spot with rings of progressively lower light intensity.
The diffraction rings and dark areas are caused by constructive and destructive interference
of diffracted light, respectively. PSF in the xy plane (left); PSF in the yz plane (right). [130] (C)
Schematic drawing of the diffraction pattern. The resolving power by RAYLEIGH criterion is
defined as the distance from the center of the PSF to the first destructive interference band that
resolves it. [130] (D) Plot of an intensity profile of the PSF of conventional and CLSM. The PSF of
the CLSM is narrower than that of the conventional microscope, resulting in 1.4 times better
resolution. [129]

3.4.1.1 Airyscan Microscopy

Airyscan microscopy is a technology introduced in 2014 which offers advantages com-

pared to classical CLSMs by increasing spatial resolution and signal-to-noise ratio while

maintaining the optical sectioning capability of a CLSM. [131] This was achieved by com-

bining confocal imaging with a 0.2 AU pinhole setting, deconvolution based on the

WIENER filter, and the principle of pixel reassignment. [132] The pinhole-detector design

of a traditional CLSM was optimized and replaced with an Airyscan detector containing

a hexagonally packed detector array, typically a gallium arsenide phosphide photomulti-

35



3.4 Biophysical Methods

plier (GaAsP-PMT), which consists of 32 detector elements, each serving as an individual

pinhole of 0.2 AU size. Thus, the total detector area is equivalent to 1.25 AU (cf. Fig. 3.12).

Fig. 3.12: Principle of Airyscan Microscopy. (A) The schematic representation of the beam path
of the Airyscan microscope compared to CLSM. In airyscan mode, the pinhole-detector design
is replaced by an airyscan detector. (B) The airyscan detector consists of 32 individual detector
elements, each of which has a pinhole aperture of 0.2 AU, resulting in a total detector size of
1.25 AU. [131,133] Adapted from FRITZSCHE et al. [132]

Scanning the central pixel results in a spatial resolution of the reconstructed image that

is similar to images obtained with a conventional CLSM with a 0.2 AU pinhole setting,

but the overall sensitivity of the system is comparable to confocal images obtained

with a 1.25 AU pinhole setting. [131,132] A 1.7-fold increase in spatial resolution (lateral:

140 nm, axial: 400 nm) and a 4-8-fold increase in SNR compared to conventional CLSMs

is achieved by SHEPPARD’s pixel reassignment followed by a linear deconvolution step

based on a WIENER filter during image reconstruction. [131,133,134]

Experimental procedure

In this work, membrane-bound VIFs and VIF networks labeled with 10 % ATTO647N and

5 % biotin maleimide were studied. The composite system was imaged in the prepared

PDMS chamber, in which blue beads were embedded with various motor positions.

For this purpose, the PDMS chamber was hydrophilized with 100 % oxygen plasma

according to chapter 3.2.1. The preparation of SUVs is described in chapter 3.2.2. The

obtained ATTO488 labeled vesicles containing biotinylated lipids (500 µL) were placed

on the hydrophilized PDMS surface and incubated for 15 min. To get rid of excess

vesicles, the solution was rinsed 20 times. A neutravidin solution in vimentin buffer

(cf. Tab. 3.2) was prepared at a concentration of 1 mg/mL, and 200 µL was added to the
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prepared lipid bilayer to bind the biotin headgroup of DOPE. After 90 min incubation,

a 30-fold wash step was performed. VIFs (400 µL for filament studies and 800 µL for

network studies) constructed according to chapter 3.2.3.3 were added after dilution

(1:10 or 1:20 for filament studies and 1:1.25 for network studies) and rinsed 10 times

after 90 min incubation. The final step was the addition of SUVs that did not contain

biotinylated DOPE and incubation for 1.0 h.

To image the composite system, a LSM 880 (Carl Zeiss Microscopy GmbH, Oberkochen,

Germany) with an airyscan detector equipped with a 40x water immersion objective

(W Plan-Apochromat, NA = 1.0, Carl Zeiss Microscopy GmbH, Oberkochen, Germany).

The settings used are given in Tab. 3.6. CLSM images of the beads, vimentin filaments

and networks were acquired for each motor position. Airyscan mode was used for

the vimentin filaments and networks. In the case of the membrane, CLSM images

were acquired before adding the lipid reservoir. When a motor position of 10 mm was

reached, the excess lipid reservoir was removed by rinsing 25-30 times, and an image

was acquired after removal.

Tab. 3.6: User settings for the microscopy to study the membrane-bound vimentin filaments
and networks under strain.

Beads Membrane Vimentin

Fluorophore 405 488 647N
Laser Diode 405-30 Argon HeNe633

Laser Power 2% 2% 2%
Resolution 1024 x 1024 256 x 256 256 x 256
Scan time 3.3 s 10.1 s 10.1 s
Bit Depth 16 bit 16 bit 16 bit

3.4.1.2 Fluorescence Recovery After Photobleaching

One factor that affects the quality of the fluorescence image is bleaching. Bleaching is a

process in which the triplet state of the fluorophore interacts with molecular oxygen

by transferring its energy to the ground state of oxygen. The reactive singlet oxygen

can participate in chemical reactions with organic molecules, such as the fluorophore,

resulting in the destruction of the fluorescence ability. [127] However, fluorescence recov-

ery after photobleaching (FRAP) takes advantage of this bleaching phenomenon.

FRAP is a powerful and widely used method based on fluorescence microscopy to

obtain information about the dynamics of fluorescently labeled molecules (e.g., lipids

or proteins) at the submicrometer scale. [135] It is specifically used to determine a coeffi-
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cient of diffusion processes by providing quantitative approaches. [6] Non-directional

diffusion is defined as a mass transport of specific molecules that occurs in the absence

of external forces. [135]

The general principle is that fluorescent molecules are irreversibly bleached using

a short pulse of high-intensity light, leading to a decrease in fluorescence intensity

in the region of interest (ROI). Depending on the lateral mobility of the fluorescently

labeled molecules, the fluorescence intensity is regenerated as fluorescently labeled

molecules diffuse into the ROI and bleached molecules out. Over time, the bleached

ROI recovers because the fluorescence intensity increases (cf. Fig. 3.13). This process

occurs at a specific rate, which depends on the mobility of the molecules. [6,135]

Fig. 3.13: Principle of fluorescence recovery after photobleaching (FRAP) to measure lateral dif-
fusion of fluorescently labeled molecules. Black circles are unlabeled molecules, while green cir-
cles represent fluorescently labeled molecules. White circles are assigned to bleached molecules.
Fluorescence intensity is homogeneously distributed at the beginning of a FRAP experiment
(red frame). Irradiation of the region of interest (ROI) with an intense laser pulse destroys fluo-
rescently labeled molecules without damaging the molecule itself (blue frame). Lateral diffusion
leads to the regeneration of fluorescence intensity (green frame). The red and green lines in the
FRAP curve show the fluorescence intensity before and after bleaching, respectively. [6,135]

To evaluate FRAP experiments, the concept of AXELROD et al. is used, in which two-

dimensional diffusion of fluorophores is homogeneously distributed in the membrane.

This concept was further optimized by SOUMPASIS et al. and KANG et al.. It is assumed

that bleaching is an irreversible first-order process that depends on the efficiency and

intensity profile of the laser and the extinction coefficient of the fluorophores. The

distribution of fluorescence intensity in the ROI is described by a GAUSSIAN profile.

The raw fluorescence intensity (Fraw(k)) obtained from FRAP experiments has to be
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corrected by background fluorescence intensity (Fbk(t)) and photofading (Ffade(k)) (cf.

Eq. 3.7) followed by a normalization to the prebleach intensity. [136]

Fcor r (t ) = Fraw(k)−Fbk

Ffade(k)−Fbk
(3.7)

The first approach to determine the diffusion coefficient by AXELROD et al. based on the

second law of FICK is given in Eq. 3.8. [137]

Dn = r 2
n

4 ·τ1/2
(3.8)

The nominal bleaching radius is the radius of the set bleaching laser. In this approach,

diffusion during photobleaching is neglected. However, since diffusion does occur

when performing FRAP experiments in a confocal setup, using the nominal radius of

the bleach spot is not accurate, resulting in an underestimation of the diffusion coeffi-

cient. Therefore, a more accurate method is to use the effective radius (reff). KANG et

al. defined the effective radius as the radius of the postbleach profile at the height of

0.86 with its depth of K. Thus, the transformed equation for the diffusion coefficient is

shown in Eq. 3.9. [136]

Deff =
r 2

n + r 2
eff

8 ·τ1/2
(3.9)

However, for reff ≈ rn, Deff is approximately equivalent to Dn, which equals the equation

of AXELROD and SOUMPASIS.

Considering the above-mentioned equations (cf. Eqs. 3.8 and 3.9), the diffusion co-

efficients also depend on the half-life of recovery (τ1/2), which is basically the time it

takes a bleach spot to recover halfway between the original and saturated fluorescence

intensity. [136] It can be easily extracted from the recovery curve of Fcorr(t) by fitting it

according to SOUMPASIS (cf. Eq. 3.10). [138]
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Fcorr(t ) = A ·e
−2τ1/2

t ·
[

I0 · −2τ1/2

t
+ I1 · −2τ1/2

t

]
(3.10)

I0 and I1 describe the modified BESSEL functions of 0th and 1st order, respectively. With

the extracted half-life, the diffusion coefficient can be calculated according to Eq. 3.9.

Furthermore, the mobile ratio (Rm) can be extracted from the recovery curve. The

corresponding equation is given below (cf. Eq. 3.11) with F∞ being the postbleach

steady-state fluorescence intensity, F0 the initial postbleach fluorescence intensity and

Fi the prebleach fluorescence intensity. [137,138]

Rm = F∞−F0

Fi −F0
(3.11)

Experimental Procedure

The ATTO647-labeled lipid bilayer containing an ATTO488-labeled lipid reservoir in so-

lution was studied under strain, aiming to stretch artificial lipid membranes more than

the 4-6 % found in the literature. To this end, a membrane was applied to a hydrophilic

PDMS surface by adding SUVs and incubating for 15 min. After rinsing 20 times, SUVs

were added as lipid reservoirs and incubated for 1 h. CLSM images were acquired with

the same settings as in Tab. 3.6, and FRAP experiments were performed after each motor

position to gain insights into the mobility of the membrane under strain. When a motor

position of 10 mm was reached, excess vesicles in the solution were removed by rinsing

25-30 times. CLSM imaging and FRAP experiments were performed. Tab. 3.7 lists the

setting parameters for FRAP experiments. FRAP experiments were also performed with

VIFs attached to the membrane before and after stretching (cf. Tab. 3.6).
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Tab. 3.7: User settings for the microscopy to study the mobility of the membrane under strain.

Settings

Fluorophore 488
Laser Argon

Laser Power 2%
Resolution 256 x 256

Scan time per frame ≈ 54 ms
dn 29-31 px

Bleach pulse power 100%
N (frames) 250
Bit Depth 16 bit

3.4.2 Atomic Force Microscopy

Atomic force microscopy (AFM), first invented in 1986 by BINNING, QUATE and GER-

BER [139], was awarded the Nobel prize and represents a major breakthrough in the

history of nanotechnology that opened new possibilities in physics, chemistry, biol-

ogy and medicine. [140]It has become an instrument that can measure microstructural

parameters and decipher intermolecular forces at the nanoscale with atomic resolu-

tion. [141] BINNING et al. revealed a lateral and vertical resolution of 30 Å and less than

1 Å, respectively. [139]

A typical AFM setup is shown in Fig. 3.14, whose core component is a tip attached

to a cantilever spring. The cantilever is mounted to a piezoelectric element. By passing

the tip of the cantilever line-by-line over the sample, the interaction force between

the tip and the sample is detected by monitoring the deflection of the cantilever. The

deflection is measured by reflecting the laser beam from the back of the cantilever via

a mirror onto a position-sensitive photodetector with four quadrants. The feedback

mechanism from the differences in light intensities between the upper (I(A)) and lower

quadrant (I(B)) of the photodiode allows the piezo scanners to control the height and

keep the tip at a constant deflection. [141,142]
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Fig. 3.14: Principle of the atomic force microscopy (AFM). While the sample is scanned with
the tip of the cantilever, the deflection of the cantilever is detected by a photodiode with four
quadrants. This is achieved by a laser beam reflecting off the back of the cantilever via a mirror.
A feedback mechanism allows the piezo actuator to maintain a constant force or height. [141,142]

Inspired by MEY [143]

Thus, the vertical deflection can be calculated as a function of the intensity changes

between the upper and lower photodiode relative to the total measured intensity (cf.

Eq. 3.12). The lateral deflection can be determined in an analogous way.

Avertical =
I (A)− I (B)

I (A)+ I (B)
(3.12)

3.4.2.1 Force Distance Curves

Force distance (FD) curves can be used to determine the mechanical properties of the

specimen. Here, the deflection, which includes the vertical position of the tip of the

cantilever, is recorded and converted into an FD curve, the goal being to reduce the

overall force of the tip-sample interaction. The force F is obtained by taking the amount

of deflection of the cantilever (ZC) and multiplying it by its spring constant (kC), which

is known as the HOOK’s law (cf. Eq. 3.13. The spring constant depends on the length LC,

the width wC, and the thickness tC of the particular V-shaped cantilever. The YOUNG’s

modulus E must also be considered. [142]

F = kC ·ZC = E ·wC · t 3
C

2 ·L3
C

·ZC (3.13)
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However, theoretical determinations of the cantilever spring constant are often a rough

approximation and simplification since they do consider other geometries than rectan-

gles, materials used, or structural defects. Therefore, HUTTER et al. have proposed an

effective experimental method to determine the spring constant, namely the recording

of a thermal noise spectrum assuming that a cantilever behaves like a harmonic oscilla-

tor with one degree of freedom. [144] The mechanical properties of a cantilever change

with respect to the surrounding medium, so it is necessary to consider the medium

density (ρf), which is the more accurate method of SADER et al., leading to the following

equation (cf. Eq. 3.14). [145]

kC = 0.1906 ·ρf ·w 2
C ·LC ·Q ·Γi(νk) ·w 2

0 (3.14)

The density of the medium, the quality factor Q, the imaginary component of the hydro-

dynamic function Γi(νk) and the resonance frequence of the cantilever w0 are viewed in

Eq. 3.14.

The tip-sample distance D adds the cantilever deflection and the position of the piezo

(ZP) (cf. Eq. 3.15).

DTS = ZP +ZC (3.15)

A FD curve is recorded by moving the cantilever in z direction and maintaining the

xy positions (cf. Fig. 3.14). The signal of the photodiode is captured as a function of

the z-piezo movement. Such a FD curve is shown in Fig. 3.15. As the cantilever tip ap-

proaches the surface (blue), it initially experiences no interaction force. The photodiode

provides a constant signal because no deflection of the cantilever is detected by a laser

beam (I). Near the surface, the increasing attractive interaction forces lead to an effect

called "snap-on" (II), and the tip jumps into contact with the sample (III). When the

cantilever contacts the sample, the signal from the photodiode increases linearly with

the expansion of the piezo until the trigger point is reached (III). When the piezo is

retracted (red), the retraction path (IV) shows the same behavior as the approach path

(III). Adhesive forces cause the scanning probe to stick to the surface, resulting in a so-

called "snap-off" that can be unspecific (V) or specific bindings (VI). Subsequently, the
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photodiode again displays a constant signal. By determining the slope of the FD curve

recorded on hard surfaces, the sensitivity is determined, which relates the deflection of

the cantilever to the measured voltage differences at the photodiode. [143]

Fig. 3.15: Schematic representation of a typical force-distance (FD) curve. When the cantilever
tip approaches the surface (blue), no interaction force acts on the cantilever, and the photodiode
provides a constant signal (I). Near the surface, the increasing attractive interaction forces
lead to a "snap-on" effect (II), and the tip jumps into contact with the sample (III). When the
cantilever has contact with the sample, the signal from the photodiode increases linearly with
the expansion of the piezo (III). When the piezo is retracted (red), the retraction path (IV)
shows similar behavior as the approach path (III). Adhesive forces can be present that cause
the scanning probe to stick to the surface, resulting in a so-called "snap-off". It can be due to
unspecific (V) or specific bindings (VI). Subsequently, the photodiode again displays a constant
signal. [143] Inspired by MUELLER et al. [140]

3.4.2.2 Quantitative Imaging Mode

AFM is a powerful imaging instrument that can visualize samples (e.g., biological sam-

ples) with atomic resolution. The most common imaging modes are contact and dy-

namic modes. The contact mode is one of the first invented imaging modes, which relies

on repulsive interaction forces between the tip and the sample. [140,141] Because the tip

is in close contact, unwanted lateral forces can act on the sample, causing irreversible

damage to the sample. Although the dynamic mode was designed to reduce friction

and lateral forces, it must deal with compression of soft samples and obstacles on sticky

samples because it has no control over vertical forces. [140,146]

New development to eliminate lateral forces and control vertical forces is the Quanti-

tative Imaging (QI) mode. It is a force curve-based imaging mode that measures FD
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curves at each pixel of the image, providing not only topographic information but also

mechanical properties of the sample like elasticity and adhesion with high spatial reso-

lution. The interaction force can be minimized by below 50 pN while imaging. Unlike

regular force mapping, QI mode uses a novel tip movement algorithm that speeds

up scanning (cf. Fig. 3.16). The cantilever is driven with a constant velocity onto the

specimen from a fixed defined height, the z length, while there is no movement in xy

direction. The height of the z piezo element is reduced until a certain deflection or

force of the cantilever is reached. The cantilever is then returned to the initial height.

A height image of the specimen can be calculated from the z piezo heights reached at

each trigger point. Furthermore, elasticity and adhesion images can also be created.

Elasticity images are obtained by fitting the slope of the FD curve with a linear fit, which

is an approximation. Depending on the sample, there are more accurate fitting models,

such as the HERTZ model. [147] For an adhesion pattern, the maximum adhesion force

is calculated by finding the highest adhesion values from the retraction part of an FD

curve. [146]

Fig. 3.16: Schematic illustration of the quantitative imaging (QI) mode. The approach of the
cantilever to the specimen is from a fixed z length following a xy movement, i.e., there is no
movement in the xy direction during the approach, which significantly reduces lateral forces.
Since the set point can be adjusted, there is control over the vertical force. [146]

Experimental Procedure

Membrane-bound VIF networks were imaged in QI mode was performed to gain in-

sights into their structural properties. They were studied under unstretched conditions.

Sample preparation is described in chapter 3.4.1.1 under Experimental Procedure. No

lipid reservoir was used in this case because the system was not stretched laterally.

For this purpose, a JPK Nanowizard 3 and 4 (JPK Instruments, Berlin, Germany) was

used to perform the measurements. After positioning the laser beam on the back side
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of the cantilever, a calibration of the cantilever was performed as described by SADER

et al. [145] by determining a thermal noise considering the medium. This allowed for

the accurate determination of the spring constant of the used cantilever. The can-

tilever and its characteristics are shown in Fig. 3.17. The sensitivity was determined

by plotting an FD curve with a relative set point of 1.0 V and a velocity of 1.0 µm/s.

Adjusting the slope yielded the sensitivity. In QI mode, an image size of 2 µm x 2 µm was

recorded with a set point of 0.3 nN, a z length of 300 nm, and a pixel dwell time of 100 ms.

Fig. 3.17: Electromicrographs of the cantilever used in this work with their specifications. The
triangular cantilever MSNL-10 is used for imaging. [148]
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3.5 Data Evaluation and Processing

3.5.1 Beads Evaluation

The beads (4 µm) embedded in the PDMS sheet (cf. chapter 3.1.5) were analyzed by

tracking them in each stretching step. Therefore, fluorescence micrographs were taken

at each motor position (mp, ∆mp = 1 mm, mpmax = 10 mm) and subsequently aligned

relative to one bead, preferably in the center, the reference bead. The beads were de-

tected with the cell segmentation algorithm cellpose, and the center of mass of each

bead was marked. (cf. Fig. 3.18) [149]

Fig. 3.18: Detection of beads (4 µm), which are embedded in the polydimethylsiloxane by using
cellpose. [149] The centers of mass of the individual beads are marked with ’x’ for accurate length
determination. (A) Beads in the unstretched state (mp = 0 mm), and (B) beads in the stretched
state (mp = 10 mm).

A displacement field of each bead was generated by tracking the individual beads in

the recorded fluorescence micrograph at each stretching step. With this in hand, the

distances (LBeads,i) between the reference bead and surrounding beads at different mp

were determined, and by using Eq. 3.16, the resulting strains of beads were calculated.

εBeads =
LBeads, mp −LBeads,0

LBeads,0
(3.16)

Analogously, the longitudinal (εBeads,y y,mp) and lateral strains ( εBeads,xx,mp) were calcu-

lated. The lateral strain considers the y-component, which is defined as the stretching

direction, whereas the longitudinal strain examines the x-component, which is orthog-

onal to the stretching direction. These determined strains were then plotted against

mp.
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3.5.2 Digital Image Correlation

To evaluate small beads, digital image correlation (DIC) was used. DIC is a widely used

technique to study a substrate’s deformation, which is based on an image registration

algorithm for tracking displacements between an undeformed reference image and a

deformed current image. [150,151] It allows for the study of the deformation of a diversity

of materials at different length scales ranging from meters to nanoscale. [152,153] Due to

challenges, the standard DIC required modification, thus, a improved 2D subset based

DIC software package (Ncorr) was developed by BLABER et al.. [154]

In subset-based DIC, the reference image is divided into small regions, i.e., into so-

called subsets (circular groups of points). Then, the linear, first-order transformation

of the coordinates of the points is tracked in the deformed current image. The basic

steps of the DIC algorithm implemented in Ncorr are shown in Fig. 3.19. First, an initial

guess for the displacement is found, which is used as the initial input in the iterative

optimization scheme, followed by the refinement solution, which allows for subset

deformation. [154]

Fig. 3.19: Steps of a digital image correlation (DIC) algorithm, starting with finding an ini-
tial guess for the displacement in the current image. This is the initial input to the iterative
optimization scheme, which refinds solutions that enable subset deformation. [154]

To find the initial guess followed by refinement, two different criteria had to be fulfilled

(cf. Eq. 3.17 and Eq. 3.19). [154]

Ccc =
∑

(i , j )∈S( f (x̃ref,i, ỹref,j)− fm)(g (x̃cur,i, ỹcur,j)− gm)√∑
(i , j )∈S[ f (x̃ref,i, ỹref,j)− fm]2 ∑

(i , j )∈S [g (x̃cur,i, x̃cur,j)− gm]2
(3.17)

Here, x̃r e f ,i and ỹr e f , j are the x and y-coordinates of a deformed reference point,

whereas x̃cur,i and ỹcur, j are the coordinates of current subsets. f and g correspond to
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reference and current gray scale intensity functions at a certain location (x, y), respec-

tively. The mean gray scale values are given by fm and gm (cf. Eq. 3.18). [154]

fm =
∑

(i , j )∈S( f (x̃ref,i, ỹref,j)

n(S)

gm =
∑

(i , j )∈S(g (x̃ref,i, ỹref,j)

n(S)

(3.18)

n(S) is defined as the number of data points in subset S. Horizontal (u, x-direction) and

vertical (v , y-direction) displacements with pixel accuracy are provided by the initial

guess. Refinement of the results with sub-pixel resolution occurs by extracting the

minimum of a correlation criteria (CLS) that correlated to CCC (cf. Eq. 3.19). [154]

CLS =
∑

(i , j )∈S

 f (x̃ref,i, ỹref,j)− fm√∑
(i , j )∈S[ f (x̃ref,i, ỹref,j)− fm]2

− g (x̃ref,i, ỹref,j)− gm√∑
(i , j )∈S[g (x̃ref,i, ỹref,j)− gm]2


2

(3.19)

In the process of finding the initial guess, a reference subset is fully size-padded and

convolved with the current image to obtain the normalized cross-correlation at integer

digits (NCC). By finding the maximum correlation coefficient, the position of the subset

is recreated with respect to the current configuration. Thus, the output image is an array

of correlation coefficients (cf. Fig. 3.20). [154]
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Fig. 3.20: Scheme to find the initial guess. The reference subset (a) is scaled up to full size (b)
and convoluted with the current image (c) to yield the normalized cross-correlation leading to
an output image, which is basically an array of correlation values. The maximum correlation
coefficient is used to recreate the position of the subset. [154]

The strains are obtained by using GREEN-LANGRANIAN strains involving displacement

gradients (cf. Eq. 3.20/3.21). [154] Since in standard DIC, the obtained displacement

gradients are noisy and require smoothening, Ncorr makes use of the strain subwindow

algorithm proposed by PAN et al. [154,155]

Exx = 1

2

(
2
∂u

∂x
+

(
∂u

∂x

)2

+
(
∂v

∂x

)2)
(3.20)

Eyy = 1

2

(
2
∂v

∂y
+

(
∂u

∂y

)2

+
(
∂v

∂y

)2)
(3.21)
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3.5.3 Determination of Contour and Apparent Persistence
Lengths

The determination of the contour and apparent persistence lengths of the membrane-

bound VIFs was based on Easyworm, an open-source software tool developed by LAM-

OUR. [156] By using the ImageJ plugin JFilament, the detected filaments were traced

and the x- and y-coordinates of the filaments were extracted at different applied strain.

These extracted coordinates were used to calculate the contour and apparent persis-

tence lengths. To obtain the contour length (LC), the sum of the distances between two

neighboring coordinates (Lij) was calculated according to the following Eq. 3.22.

LC =
j∑

i=0
Lij (3.22)

The persistence lengths of the filaments were derived from the worm-like chain (WLC)

model for semi-flexible filaments. Considering flexible polymers according to LAMOUR

(cf. Eq. 3.23), the tangent-tangent decay was monitored.

< cosθ(∆s) >= exp

(
−∆s

LP

)
(3.23)

The angle θ is the angle between two segments separated by a contour length of segment

∆s (cf. Fig. 3.21). θ1 defines the angle between two tangents (green-cyan) separated by

∆s, whereas θ1 describes the angle between two other vectors (cyan-blue). They are

distanced by 2 ·∆s. This is propagated until the last possible tangent.
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Fig. 3.21: Determination of the apparent persistence lengths of membrane-bound vimentin
intermediate filaments based on Easyworm by monitoring the decay of tangent-tangent correla-
tions derived from the worm-like chain (WLC) model for semi-flexible polymers. [156] θ1 defines
the angle between two tangents (green-cyan) that are separated by ∆s, whereas θ1 describes
the angle between two vectors (cyan-blue) distanced by 2 ·∆s. This is propagated until the last
possible tangent, i.e., the step size is increased until the end of the filament of interest.

Since LP is unknown and the parameter to be calculated, < cosθ(∆s) > was determined,

as given in Eq. 3.24. Therefore, ∆s was increased stepwise by x.

< cosθ(∆s) >= r (s) · r (s +x ·∆s) (3.24)

Hence, the apparent persistence length of membrane-bound VIFs was obtained (cf.

Eq. 3.25).

LP =− ∆s

ln(< cosθ(∆s) >)
(3.25)

3.5.4 Theoretical Strain Displacement

For theoretical determination of the displacement of the coordinates of individual

filaments upon uniaxial stretch, Eq. 3.26 was used. The coordinates (x, y) are trans-

formed by applying the lateral (εbeads,y y ) and longitudinal strains (εbeads,xx), derived

from the evaluation of the beads. To compare the transformed filament with the actually
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strained filament, the transformed filament was plotted together with the unstrained

and strained filament.

xtheo, mp = x0 ·εbeads,xx +x0

ytheo, mp = y0 ·εbeads,y y + y0

(3.26)

Here, x0 and y0 are the x and y-coordinates in the unstretched state, respectively, used

to obtain the theoretical coordinates (xtheo, mp, ytheo, mp) at different motor positions

(mp).

3.5.5 Segmentation of Vimentin Intermediate Filaments

To analyze the orientation dependence of the membrane-bound VIFs, they were seg-

mented. The segmentation occurs by taking the angle change into account. By going

along a filament, the angle change is considered once it reaches a change greater than 5◦,

the current segment is completed, and a new segment is started. As shown in Fig. 3.22,

an exemplary filament in the unstretched (cyan) and stretched (magenta) is segmented.

Fig. 3.22: Segmentation of the filaments in the unstretched (cyan) and stretched states (ma-
genta) considering the angle change. The dashed line between the filled circles are the found
segments within the filament. The filled circle serves as a marker at which the angle change is
recognized to be higher than 5◦. The number of segments found for unstretched filaments is not
the same as for the filaments in the stretched state.

The black dashed lines between a filled circle show the different identified segments.

A filled circle is placed on the coordinate, where an angle change was recognized to
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be greater than the set angle is recognized. Due to reorientation, straining, and lack of

markers on the filament, the segments found in the strained state differ from the ones

in the unstrained state.

3.5.6 Pixel-wise Height Distribution

In order to extract the height profile of the VIF networks from the obtained atomic

force micrographs, the images were analyzed by the tube filter algorithm. The tube

filter algorithm was developed and kindly provided by PROF. DR. BURKHARD GEIL

(Institute for Physical Chemistry, Georg-August University Göttingen). It is derived from

the HESSIAN image matrix (H(x, y), cf. Eq. 3.27), which represents the 3D superficial

curvature of the input image (I (x, y)).

H(x, y) =
 δ2I

δx2 (x, y) δ2I
δyδx (x, y)

δ2I
δxδy (x, y) δ2I

δy2 (x, y)

 (3.27)

This surface curvature depends on the intensity. The tube-filtered image was obtained

by determining the pixel-wise minimal curvature (cf. Fig. 3.23, step 1). Next, the ob-

tained tube filtered image was thresholded (cf. Fig. 3.23, step 2), which was then served

as a mask for the original image (cf. Fig. 3.23, step 3). This resulted in an output image,

from which the background was removed and only showed the filaments and higher

structures (cf. Fig. 3.23, step 4). Based on their intensities, the values were extracted and

converted into height, finally resulting in a height profile. The individual height profiles

were pooled together and plotted in a histogram.
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Fig. 3.23: Basic steps of the analysis of the pixel-wise height distribution of vimentin intermedi-
ate filament networks attached to the lipid bilayer. The first step is the exposure of the original
image to the tube filter algorithm. Then, the obtained tube filtered image was thresholded
(step 2), which was used as a mask for the original image (step 3). This resulted in an output
image with the removed background showing only the structures of interest.
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4 Results

In cells, intermediate filaments (IFs) are found to bind to the plasma membrane via

desmosomes, indirectly or via other linker systems. [24,39] Therefore, in the course of

this work, vimentin intermediate filaments (VIFs) were studied, particularly concerning

their change in structural properties and mechanical response by applying external

strains. To study that, an in vitro artificial model system was established (cf. Fig. 4.1).

First, artificial membranes composed of POPC:DOPE biotinyl cap:dye (96:3:1, n/n) were

prepared on hydrophilic polydimethylsiloxane (PDMS). VIFs coupled to ATTO647N

(10 wt%) and biotin (5 wt%) were then attached to the biotin-decorated lipid bilayer

via the linker neutravidin. Lateral stretching of membrane-bound VIFs in the presence

of lipid reservoir in the form of small unilamellar vesicles (SUVs, POPC:ATTO488, 99:1,

n/n) was achieved by a uniaxial, motorized stretching device (cf. Fig. 3.5, chapter 3.1.2).

Fig. 4.1: In vitro experimental system. Elastic polydimethylsiloxane (PDMS)) chamber consist-
ing of a PDMS frame with pin holes for the attachment to the stretching device and a PDMS
sheet (thickness: 200 µm) in which fluorescent beads (blue, diameter in 4 µm) are embedded
(left) The biotinylated vimentin intermediate filaments (VIFs) connected to the supported lipid
bilayer (POPC:biotinyl cap-DOPE:dye, 96:3:1, n/n) via biotin-neutravidin-biotin linkages were
prepared on the PDMS sheet. The addition of small unilamellar vesicles, which do not con-
tain biotinylated lipids, to the membrane-bound VIFs serves as a lipid reservoir (right). This
composite system was laterally stretched by a uniaxial stretching device.
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4.1 Characteristics of Uniaxial Stretching

PDMS is a commonly used elastomer in biological science. In this work, PDMS is used

as solid support for preparation and mainly for lateral stretching of the artificial model

system. It is assumed that the applied strain coming from the motor is only an approx-

imation and that the applied strain is not entirely but only partly transferred to the

PDMS. Thus, to better understand the uniaxial stretching and the loss of transmission

strain, the stretching parameters were characterized and defined using the CAUCHY

strain definition (cf. Eq. 3.16 in chapter 3.5.1).

For a stepwise uniaxial stretching of the membrane-bound VIFs, a motorized stretching

device was used, on which a pre-stretching device with a PDMS chamber was mounted

(cf. chapter 3.1.2). Fluorescently labeled beads (blue, 4 µm in diameter) were embedded

in the PDMS sheet as optical trackers, and their local positions were detected by confo-

cal laser scanning microscopy (CLSM) as a function of different motor positions (mp)

(cf. Fig. 4.2 A). From the trajectories of the tracked bead positions, a displacement field

relative to a reference bead was derived, which is characteristic of a uniaxial stretching

device based on PDMS (cf. Fig. 4.2 B). Beads that are located on the cross-hair (x = 0, y or

x, y = 0) move along the axes, either away from the reference bead along the y-axis (lon-

gitudinal) or towards the reference bead along x-axis (lateral), while beads in between

the cross-hairs move in both x- and y-direction. From the displacement field, the longi-

tudinal (y-component) and the lateral strain (x-component) were calculated according

to Eq. 3.16 in chapter 3.5.1 (cf. Fig. 4.2 C). The magnitude of the longitudinal strain

(εbeads,y y ) increased linearly with increased mp, whereas the lateral strain (εbeads,xx)

decreased linearly indicating compression. Upon uniaxial stretch up to mp = 10 nm, a

longitudinal and lateral strain of 35 ± 10 % and -14 ± 4% were found, respectively.
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Fig. 4.2: Characteristic of uniaxial stretching. (A) Confocal fluorescence micrographs of the
beads (blue, 4 µm in diameter) in the unstretched (motor position: mp = 0 mm) and stretched
(mp = 5 mm and mp = 10 mm) states. Stretching direction is the y-axis; scale bars: 10 µm. (B) A
displacement field was obtained by tracking the beads with respect to a reference bead. Beads
positioned on the crosshair moved either away from the reference bead along the y-axis or
towards the reference bead along the x-axis. The other beads located between the crosshair
moved in both x- and y-direction. (C) longitudinal (εbeads,y y ) and lateral strain (εbeads,xx ) were
plotted against the motor position. The magnitude of the longitudinal strain increased linearly
with increasing motor position, while the magnitude of the lateral strain decreased linearly with
increasing motor position. When stretched up to 10 mm, a longitudinal strain of 35 ± 10 % and
a lateral strain of -14 ± 4% were determined (n = 20).

Due to the heterogeneity of the distribution of the beads within the PDMS, showing

areas without any located beads, the obtained results were cross-validated with PDMS

embedding small polystyrol beads (red, 100 nm in diameter,Thermo Fisher Scientific,
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Waltham, USA), which undergoes a uniaxial stretch. Fluorescence micrographs at differ-

ent mp up to mp = 10 mm were recorded. Micrographs at mp = 0 mm and mp = 10 mm

are shown in Fig. 4.3.

Fig. 4.3: Confocal fluorescence micrographs of the polystyrol beads (red, 100 nm in diameter)
in the (A) unstretched (mp = 0 mm) and (B) stretched (mp = 10 nm) states; scale bars: 50 µm.
For better visualization zoom-ins (A1/B1) were shown. The small beads are homogeneously
distributed. Brighter fluorescence was assigned to aggregated or accumulated beads.

The fluorescence images showed homogeneously distributed beads in the whole field

of view. Brighter fluorescence intensities were assigned to aggregated beads. Using

digital image correlation (DIC, cf. chapter 3.5.2) by applying the GREEN-LANGRANGIAN

strains (cf. Eq. 3.20/3.21, chapter 3.5.2), revealed that the magnitude of longitudinal

and lateral strains alter with increased mp: an increased magnitude of longitudinal

strain up to roughly 44% (cf. Fig. 4.4 A) and a decreased magnitude of lateral strain up

to -12% were obtained (cf. Fig. 4.4 B) at mp = 10 mm. Even though smaller beads were

homogeneously distributed within the PDMS, the strain distribution over the sample

appeared heterogeneous. However, since smaller beads gave similar results as with

larger beads, with small deviations, the latter ones were used for further experiments

because they were easier to track when the PDMS chamber was stretched at a higher
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strain rate.

Fig. 4.4: Characteristics of uniaxial stretching using small bead size (100 nm) analyzed by digital
image correlation (DIC). Strain distribution of unstrained (motor position: mp = 0 mm, left), at
mp = 5 mm (center) and at mp = 10 nm (right), which was heterogeneous. The magnitude of the
longitudinal strain (εbeads,y y , A) increased with increasing mp with the maximal longitudinal
strain found as roughly 44%, while the magnitude of the lateral strain (εbeads,xx , B) decreased
with increasing mp, showing a lateral strain of around -12% at mp = 10 mm.
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4.2 Supported Lipid Bilayer under Strain

To decipher the response of a lipid bilayer to external strain, in vitro stretching experi-

ments were performed with a lipid bilayer that was composed of POPC:DOPE biotinyl

cap:ATTO488-DOPE (96:3:1, n/n) on an elastic, hydrophilic PDMS substrate. POPC was

used as it is one of the lipids predominantly contained in biological membranes. [157]

Previous in vitro studies have revealed that a lipid bilayer can only be stretched up to

4-6 % [158–160] and that it exhibits two different behaviors on PDMS when stretched. [161]

4.2.1 Sliding and Sticky Membranes: A Study by Varying
the Plasma Exposure

*Stretching experiments of lipid bilayers on PDMS under strain by varying plasma

settings were carried out by LEA REPENNING as part of her Bachelor thesis.*

STUBBINGTON et al. found that a lipid bilayer on PDMS can either slide over the PDMS

surface without deformation as the substrate undergoes area changes (i.e., sliding mem-

branes), or it becomes fixed so that it closely follows the deformation changes of the

PDMS substrate (i.e., sticky membranes). The behavior, which a membrane shows,

depends on the surface treatment with oxygen plasma. [161] The present work aimed at

sticky lipid bilayers on PDMS supports since, unlike sliding membranes, sticky mem-

branes will be able to transfer strains to the bound vimentin intermediate filaments

for further experiments. Therefore, SUVs prepared, as described in chapter 3.2.2, were

spread on PDMS previously treated with oxygen plasma. To find the optimal conditions

for sticky membranes, plasma settings were varied, and the resulting membranes were

imaged in unstrained and strained situations by means of CLSM. The confocal fluores-

cence micrographs obtained under unstretched and stretched conditions are given in

Tab. 4.1. Depending on the applied plasma settings, sliding or sticky lipid bilayers on

PDMS were formed, showing characteristic behaviors.
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Tab. 4.1: Confocal fluorescence micrographs of lipid bilayers on polymethylsiloxane (PDMS)

treated with different plasma conditions in the unstretched and stretched states. The supported

artificial membranes on PDMS treated with 1 % generator power continued to show homoge-

neously distributed fluorescence intensity in the stretched state as in the unstretched state. In

contrast, supported stretched membranes on PDMS treated with 20 % generator power dis-

played increased defects (almost circular) without any fluorescence intensity. Additionally, the

higher the pressure, the more cracks (linear) appeared orthogonal to the stretching direction;

scale bars: 10 µm.

Plasma Settings Unstrained Strained

0.3 mbar*, 1 %, 10 s*

0.2 mbar, 20 %, 10 s

0.2 mbar, 20 %, 15 s
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Plasma Settings Unstrained Strained

0.2 mbar, 20 %, 20 s

0.3 mbar, 20 %, 10 s

0.3 mbar, 20 %, 15 s

0.3 mbar, 20 %, 20 s
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Plasma Settings Unstrained Strained

0.4 mbar, 20 %, 10 s

0.4 mbar, 20 %, 15 s

0.4 mbar, 20 %, 20 s
∗ variable parameters, when the generation power is 1 %. The lipid bilayer shows the same behavior.

In the unstrained state, all prepared lipid bilayers exhibited homogeneously distributed

fluorescence intensities, while only a few brighter spots indicated the presence of ad-

hered vesicles. However, upon stretching, they showed different behaviors depending

on the applied plasma settings. The supported artificial lipid bilayers on PDMS treated

with 1 % generator power showed homogeneously distributed fluorescence intensity

even in the stretched state, which implies sliding. In contrast, stretched lipid bilayers

on PDMS treated with 20 % generator power showed defects without any fluorescence

intensity, showing stickiness of the lipid bilayer. Their number and size increased with

higher motor position and plasma exposure time. An additional observation is that the

lower the pressure was (0.2 mbar, 0.3 mbar), the more cracks appeared perpendicular to

the stretching direction, which indicates cracks in the oxide layer.
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Considering the results above, in further experiments, a plasma setting with a pressure

of 0.4 mbar, a generator power of 20 %, and a treatment time of 20 s was used to render

the PDMS surface hydrophilic (no cracks, but defects present when stretched). An

exemplary fluorescence micrograph showing a lipid bilayer on plasma-treated PDMS in

unstrained (mp = 0 mm) and strained (mp = 5 mm and mp = 10 mm) states is shown in

Fig. 4.5. The membrane in the unstrained state is planar, and the green fluorescence

intensity is homogeneously distributed (cf. Fig. 4.5 A), while the same supported bilayer

formed defects without fluorescence intensity, whose number and area increased with

increasing motor position (cf. Fig. 4.5 B/C).

Fig. 4.5: Sticky lipid bilayer under strain. Example of confocal fluorescence micrographs show-
ing a lipid bilayer (POPC:DOPE biotin cap: ATTO488, 96:3:1, n/n) on plasma-treated poly-
methylsiloxane (0.4 mbar, 20 %, 20 s) in an unstrained and a strained state. (A) Fluorescence
micrograph of a lipid bilayer in the unstrained state, which was homogeneously distributed in
fluorescence intensity. (B/C) Fluorescence micrographs of the same lipid bilayer in the strained
state (mp = 5 mm, (B) and mp = 10 mm, (C)), which showed defects with increasing motor posi-
tion (mp).(D) The strain of the specific membrane was calculated by determining the distances
between two defects in the direction of strain analogous to Eq. 3.16 (cf. chapter 3.5.1) plotted
against the mp, indicating a linear dependence between the deformation of the membrane and
mp; scale bars: 10 µm.

In Fig. 4.5 D, the strain of the exemplary membrane, calculated by determining the

distances between two defects in the direction of strain analogous to Eq. 3.16 (cf. chap-
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ter 3.5.1), was plotted against the motor positions, which is equivalent to the lateral

strain (εbeads,y y , cf. Fig. 4.2, chapter 4.1) in direction of stretching. The obtained results

indicate a linear dependence between the deformation of the lipid bilayer and the beads.

The appearance of defects and their increased number upon stretching, as well as the

linear correlation between the calculated strains of the membrane (εmembrane) and the

beads in the direction of elongation, indicate that the supported bilayer is sticky on

PDMS under the above-mentioned plasma conditions.

4.2.2 Supported Lipid Bilayer under Strain Using Lipid Reser-
voir

Since this work aims at studying the artificial membrane-bound vimentin system under

high strains (cf. Fig. 4.1, chapter 4), it is necessary to stretch the membrane without

rupturing. As already mentioned, in literature, it has been reported that a lipid bilayer

is inelastic and can only be stretched up to 4-6% without rupturing. [159,160,162] Similar

results were also obtained in this work (cf. chapter 4.2.1). However, cellular plasma

membranes can be stretched well beyond 5% owing to membrane reservoirs. STAYKOVA

et al. demonstrated that lipid bilayers on partly hydrophilic PDMS (sticky) could be

stretched to a certain extent in the presence of SUVs without rupturing. [162] Thus, to

allow the planar lipid bilayer on PDMS to be stretched beyond 4-6% without the forma-

tion of too many defects, a membrane reservoir was provided by the addition of SUVs

to the aqueous phase. By spreading SUVs of POPC:DOPE biotinyl cap: ATTO647-DOPE

(96:3:1, n/n), a lipid bilayer was prepared on PDMS, prior to which the PDMS sheet was

oxidized with oxygen plasma (100% O2, 0.4 mbar, 20 %, 20 s) rendering the surface hy-

drophilic. Successful spreading of the vesicles was verified by fluorescence micrographs

(cf. Fig. 4.6 A, top), which show homogeneously distributed fluorescence intensities.

By means of fluorescence recovery after photobleaching (FRAP) experiments, a diffusion

coefficient and a mobile fraction for an ATTO647-DOPE lipid in the PDMS-supported

lipid bilayer were determined in the presence of a lipid reservoir. Therefore, a region of

interest was bleached, and recovery of fluorescence intensity was recorded. To obtain

the diffusion coefficient, the recovery curve was fitted with the SOUMPASIS fit to acquire

the half-life of recovery (τ1/2). With τ1/2 and the bleach radius in hand, the diffusion

coefficient was determined using Eq. 3.8 (cf. chapter 3.4.1.2). The mobile fraction was

obtained by considering the postbleach steady-state fluorescence intensity, the initial

postbleach fluorescence intensity, and the prebleach fluorescence intensity according to

Eq. 3.11 (cf. chapter 3.4.1.2). The diffusion coefficient and mobile ratio were determined
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as 1.4 ± 0.2 µm2 · s−1 and 91 ± 6 %, respectively (cf. Fig. 4.6 B, unstrained).

Fig. 4.6: Behavior of polymethylsiloxane (PDMS)-supported lipid bilayers composed of
POPC:biotinyl cap DOPE:ATTO647 (96:3:1, n/n) upon uniaxial stretching in the presence of a
lipid reservoir in form of small unilamellar vesicles (POPC:ATTO488-DOPE, 99:1, n/n). (A) Exem-
plary confocal fluorescence micrographs at motor position (mp) = 0 mm (top) and mp = 10 mm
(bottom), scale bars: 5 µm. In the unstretched state (mp = 0 mm), the fluorescence was ho-
mogeneously distributed. However, the PDMS sheet was wrinkled, resulting in a limited focal
plane. Upon stretching up to 10 mm, several small defects were formed that did not show any
fluorescence intensity. (B) Boxplot of the diffusion coefficients and the mobile fraction in the
unstrained and strained state. The central line (red) on each box represents the median, while
the bottom and top edges of the box indicate the 25th and 75th percentiles, respectively. The
whiskers are the data points that are not considered outliers marked with ’+’. By performing
fluorescence recovery after photobleaching, the diffusion coefficient and mobile fraction were
found to decrease from 1.4 ± 0.2 µm2 · s−1 (N = 15) and 91 ± 6 % (N = 15) to 1.0 ± 0.2 µm2 · s−1

(N = 15) and 74 ± 7% (N = 15), respectively, upon stretching owing it to the formed defects.

If the bilayer is stretched in the presence of SUVs (POPC:ATTO488-DOPE, 99:1, n/n) the

fluorescence images of the lipid bilayers (cf. Figs. 4.6 A, bottom/4.7 A) remain rather

homogeneous with some defects that are filled with lipid material originating from

the SUVs (cf. Fig. 4.7 B/C), The diffusion coefficient of the ATTO647-DOPE lipids were

then determined by FRAP experiments to be 1.0 ± 0.2 µm2· s−1 and the mobile fraction

74 ± 7% (cf. Fig. 4.6 B, bottom). Defects are discernable as black spots. Their number

and size of the stretch-induced membrane defects are significantly lower than those
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found in stretched membranes in the absence of SUVs (cf. Fig. 4.5). Further support

that the SUVs serve as a lipid reservoir for the stretched bilayer on PDMS, i.e., that

the SUVs integrate into the membrane is provided by FRAP (cf. Fig. 4.7 D). ATTO488-

DOPE fluorescence is observed after stretching of the bilayer showing the transfer of

ATTO488-DOPE lipids into the planar bilayer. Furthermore, a large fluorescence re-

covery (85 ± 7 %) of the ATTO488-DOPE fluorescence with a diffusion coefficient of

2.2 ± 0.7 µm2· s−1 is observed, thereby indicating a continuous lipid bilayer after stretch-

ing.

Fig. 4.7: Supported lipid bilayers under strain in the presence of lipid reservoir. (A-C) Fluo-
rescence micrographs of a strained lipid bilayer (motor position: mp = 10 mm) composed of
POPC:biotinyl cap-DOPE:ATTO647-DOPE (96:3:1, n/n) on oxidized polymethylsiloxane surface
in the presence of small unilamellar vesicles (SUVs) serving as lipid reservoir (POPC:ATTO488-
DOPE, 99:1, n/n). (A) ATTO647-DOPE fluorescence, (B) ATTO488-DOPE fluorescence and (C)
superposition of (A) and (B) showing that defects (A, black) were filled with lipid material origi-
nating from the SUVs (B, green areas); scale bars: 10 µm. (D) Fluorescence recovery curve after
photobleaching (FRAP) of the ATTO488-DOPE fluorescence. The FRAP curve was fitted accord-
ing to SOUMPASIS (red) to obtain the half-life of recovery, which was then used to determine the
diffusion coefficient. A diffusion coefficient of 2.2 ± 0.7 µm2· s−1 (N = 9) with a mobility fraction
of 85 ± 7 % (N = 9) was obtained.
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4.3 Supported Membrane-bound Vimentin Intermediate Fil-
aments under Strain

4.3.1 Stretching of Membrane-bound Vimentin Intermedi-
ate Filaments Dependent on the Stretching Speed

Supported lipid bilayers, which can be stretched without significantly changing the

integrity of the lipid bilayer, are a prerequisite for analyzing the influence of stretching

on membrane-bound VIFs. First, fluorescently labeled VIFs were attached onto PDMS-

supported lipid bilayers via biotin-neutravidin linkages, and fluorescence micrographs

of the VIFs at different motor positions (mp) of membrane stretching were taken by

CLSM. Micrographs at εbeads = 0 %, εbeads = 2.9 %, εbeads = 6.4 %, and εbeads = 9.6 %

are shown in Fig. 4.8 A1-4/B1-4. The confocal fluorescence micrographs confirmed

the successful attachment of VIFs to the lipid bilayer. Filamentous structures with

high fluorescence intensity and density are clearly visible. An example of a filament is

shown in white. Dotty-like structures could be assigned to filaments directing out of the

membrane plane and tetramers or unit-length filaments (ULFs). During the stepwise

uniaxial stretching procedure (∆mp = 1 mm), the fluorescence density was slightly

reduced due to neighboring ATTO647N-labeled monomers within a filament being

displaced from each other. This was especially observed in Fig. 4.8 B1-4. To visualize the

change of the highlighted filaments under a variety of strain, they were traced by using a

ImageJ plugin JFilament and the extracted coordinates (x, y) were plotted starting from

an origin (0,0) (cf. Fig. 4.8 A5/B5). The membrane-bound VIFs responded to the applied

strain rather with a directional reorientation than undirected thermal fluctuations. They

reoriented by following the PDMS stretching, as described in chapter 4.1; displacement

towards the stretching direction (y-direction) was observed, while in x-direction, the

filaments showed reorientation towards the center along the x-axis. Thus, the mechani-

cal response was influenced by the x- (longitudinal) and y-component (lateral) of the

strain. More precisely, the reorientation occurred depending on the angular orientation

of the segments, which will be described in more detail in chapter 4.3.3.

To investigate the impact of stretching speed on the stretching of membrane-bound

VIFs, either a low stretching speed of v = 20 µm · s−1 or a faster speed of v = 750 µm ·
s−1 was applied. The observation of reorientation was independent of the strain rate

but showed to have an impact on the extent.
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Fig. 4.8: Stretching of membrane-bound vimentin intermediate filaments (VIFs). Lipid compo-
sition: POPC:biotinyl cap-DOPE:ATTO488 (96:3:1, n/n). Biotinylated VIFs (10 wt% ATTO647N,
5wt % biotin) were attached to the lipid bilayer via neutravidin. (A) Fluorescence micrographs
of a series of slow (stretching speed: v = 20 µm · s−1) and (B) of fast (v = 750 µm · s−1) step-
wise stretching of selected membrane-bound VIFs. (A1/B1) Filaments at εbeads = 0 %, (A2/B2)
Filaments at εbeads = 2.9 %, (A3/B3) Filaments at εbeads = 6.4 %, and (A4/B4) Filaments at
εbeads = 9.6 %; scale bars: 5 µm. (A5/B5) The filaments highlighted in (A1-4/B1-4) were plotted
starting from an origin (0,0) to observe the structural change. The filaments showed directional
reorientation; color bars: εbeads = 0−9.6 %. (C1) Strain of VIFs as a function of εbeads at slow
stretching velocity (N = 30) and (C2) at fast stretching velocity (N = 86) indicating a linear depen-
dence with a slope of 0.60 at low stretching speed and a slope of 0.93 at high stretching speed.
The dashed lines are the 95% confidence bounds.

A semiflexible filament under strain is expected to react to stretching with elongation of

its contour length. Thus, the change in the contour length is a well-suited parameter

to study the strain of VIFs. Therefore, by determination of the contour lengths (LC,mp)

of the individual membrane-bound VIFs as a function of the applied strain given as

εbeads, the strain of the VIFs εVIF (εVIF = ∆LC,mp-0/LC,0) was calculated to study whether

the filament itself gets altered upon stretching. The individual contour lengths at

different motor positions were measured by using the coordinates of the traced filament

obtained by JFilament. Therefore, the distances between two neighboring coordinates

were summed up according to Eq. 3.22 (cf. chapter 3.5.3). At low stretching speed
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(v = 20 µm · s−1), a linear behavior of εVIF (εbeads) was found with a slope of 0.60

demonstrating that about 60 % of the applied strain is transmitted to the membrane-

bound VIFs, corresponding to εVIF = 5.4 ± 7.1 % at mp = 10 mm (εbeads = 9.6 %, cf.

Fig. 4.8 C1). Increasing the stretching speed to v = 750 µm · s−1 still resulted in a

linear dependency of εVIF (εbeads), however with a larger slope of 0.93, which clearly

showed that a significantly larger strain of 93 % is transferred to the VIFs, which equals

to εVIF = 9.0 ± 13.3 % at mp = 10 mm (εbeads = 9.6 %, cf. Fig. 4.8 C2).

4.3.2 Stretching of Membrane-bound VIFs Dependent on
the Pinning Point Density

*Stretching experiments of membrane-bound VIFs on PDMS under strain by varying the

biotin concentration within the filaments were carried out by PAULINE ROTH as part of

her Bachelor thesis.*

VIFs are connected to the lipid bilayer via neutravidin. As the biotin monomers within a

VIF are statistically distributed, the hypothesis was investigated, which states that the

response of membrane-bound VIFs depends on the pinning point density, i.e., when

the pinning point density is high, the VIFs would rather experience straining than reori-

entation. To prove this, stretching experiments were performed on membrane-bound

VIFs that were connected via AlexaFluor 350-labeled neutravidin (cf. Fig. 4.9). The idea

was to visualize the number of pinning points within the filaments connected to the

lipid bilayer. To this end, accessibility to a quantitative analysis of the pinning point

density could be realized to prove the aforementioned hypothesis.

However, the results demonstrated that the neutravidin is heterogeneously distributed,

showing aggregated structures as well as filamentous structures (cf. Fig. 4.9 A2). An

overlay of the neutravidin and the VIF fluorescence (cf. Fig. 4.9 A3) clearly confirms

that the filamentous structures of the neutravidin fluorescence arose from the VIFs (cf.

Fig. 4.9 A4). This presumably indicates an excessive neutravidin binding to VIFs, which

possess free biotin monomers. Upon stretching, neutravidin was accumulated in the

formed defects within a lipid bilayer (cf. Fig. 4.9 B), giving further evidence for excessive

neutravidin in the system.
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Fig. 4.9: Stretching of membrane-bound vimentin intermediate filaments (VIFs) connected
by labelled neutravidin. Lipid composition: POPC:biotinyl cap-DOPE:ATTO488 (96:3:1, n/n).
Biotinylated VIFs (10 wt% ATTO647N, 5 wt% biotin) were attached to the lipid bilayer via
neutravidin (AlexaFluor 350). (A/B) Confocal fluorescence micrographs of lipid bilayer (A1/B1),
neutravidin (A2/B2), VIFs (A3/B3), and a superposition (A4/B4) of (A2/B2) and (A3/B3) in
the unstretched (A) and stretched (B) state; scale bars: 5 µm. The alignment of filamentous
structures of neutravidin and VIFs and the accumulation of neutravidin in the defects formed
upon stretching implies excessive neutravidin in the system.

The experiments above did not prove the hypothesis as mentioned earlier due to lack

of resolution, as the pinning points cannot be resolved by CLSM. Therefore, stretching

experiments with different biotin concentrations (5 wt%, 10 wt%, 15 wt%, and 20 wt%)

were performed. Higher biotin concentration within a filament means higher pinning

point density, which in turn means that higher strains should be observed. By mea-

surement of the contour lengths of the individual membrane-bound VIFs as a function

of the applied strain given as εbeads, the obtained strains of VIFs (εVIF) showed that

more strain was transferred to the VIFs when the biotin concentration was increased

(cf. Fig 4.10 A). Experiments with 5 wt% biotin concentration revealed a slope (m) of

0.93 (cf. Figs. 4.10 A1/Fig. 4.8). For a biotin concentration of 10 wt%, a slope of m = 1.43

was obtained, demonstrating a strain transfer of 143 % (cf. Fig. 4.10 A2). Increasing the

biotin concentration to 15 wt% resulted in a slope of m = 1.10, implying that 110 % of

the applied beads strain is transferred to the VIFs (cf. Fig. 4.10 A3). A further increase

led to the transmission of 143 %, as a slope of m = 1.43 was found (cf. Fig. 4.10 A4). The

results showed that increasing the biotin concentration, i.e., increasing the pinning

point density led to larger strains that were transferred to VIFs. However, there was a

discrepancy for VIFs with 15 wt% biotin. The transmission is lower than for those with

10 wt% and 20 wt% biotin, but nonetheless higher than for the ones with 5 wt% biotin.

This observation only partly proves the hypothesis. Plotting the slopes in dependence of

the biotin concentration revealed a curve that might go into saturation at the presented
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high biotin concentrations (cf. Fig 4.10 B). The curve was fitted with an exponential

function (y =−1.3 ·e−0.25·x +1.3). Due to a lack of data points for lower concentrations,

the fit needs to be seen as nothing more than a trend curve.

Fig. 4.10: (A)The strain of membrane-bound vimentin intermediate filaments (VIFs) in depen-
dence of the biotin concentration within the filaments. A1 Strain of VIFs with 5 wt% (N = 86);
(A2) Strain of VIFs with 10 wt% (N = 12); (A3) Strain of VIFs with 15 wt% (N = 12); and (A4)
Strain of VIFs with 20 wt% (N = 12) biotin monomers as a function of εbeads indicating a lin-
ear dependence with a slope of 0.93, 1.43, 1.10, 1.43, respectively. (B) Representation of the
found slope as a function of the biotin concentration. The data gave hints for saturation of
the transmission strain. Therefore, the data points were fitted with an exponential function
(y =−1.3 ·e−0.25·x +1.3), which is only for the purpose to show the trend.
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Qualitative calculations were carried out to understand the deviations, assuming all

points within a VIF are pinned. Applying the lateral and longitudinal strain obtained

by beads tracking (cf. Fig. 4.2, chapter 4.1), the displacement of each coordinate in

a filament was calculated according to Eq. 3.26 in chapter 3.5.4 (cf. Fig. 4.11). A su-

perposition of the calculated contour of the strained VIFs (cf. Fig. 4.11, e.g., magenta,

dashed line) with the actual contour of a strained VIFs (cf. Fig. 4.11, e.g., magenta, solid

line) indicated that, qualitatively, higher pinning point density was present than in the

cases, where no superposition was observed. This clearly demonstrated that, within

one filament, the pinning points were heterogeneously scattered.

Fig. 4.11: Theoretical displacements of the contour of exemplary filaments by applying strain.
The filament in the unstrained state is shown in cyan (solid line), and the strained states
(εVIF = 4.0% and εVIF = 9.6%) are highlighted in purple and magenta (solid line). The theoretical
contours were calculated according to Eq. 3.26 (cf. chapter 3.5.4) and were shown in the same
xy diagram (dashed line). If an overlap of theoretical and actual pinned filament contours was
visible, a high pinning point density could be assumed. An example of a vimentin intermediate
filaments with presumable low pinning point density (left) and with probable high pinning point
density (right).

4.3.3 Reorientation of Membrane-bound VIFs during Stretch-
ing

As shown in Fig. 4.8 A/B, the orientation of the VIFs on the membrane with respect to

the applied longitudinal and lateral strain is pivotal for its reorientation on the mem-

brane. To quantitatively analyze this aspect, a circle was defined for the unstretched

(u) PDMS sheet with radius εxx,u = εyy,u (cf. Fig. 4.13 A, left). Upon stretching (s) the

circle transforms into an ellipse with εbeads,y y for the lateral strain (semi-major axis)

and εbeads,xx for the longitudinal strain (semi-minor axis). The angle of zero strain (AZS)

is defined as the vector pointing to the intersection of the circle and the ellipse and

the y-axis. The AZS defines those orientations of the VIFs on the membrane, where
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the filament part experiences no strain. With this approach, three orientational cases

of membrane-bound VIFs were defined with respect to the stretching direction: (i) if

angles are larger than AZS, compression of the part of the VIFs occurs; (ii) if angles

are smaller than AZS, the part of VIFs is stretched, and (iii) if the angle equals the AZS,

neither compression nor stretching occurs (cf. Fig. 4.13 A, right).

In this work, an average apparent persistence length of the membrane-bound VIFs

was determined as about 0.3±0.04 µm (cf. Fig. 4.12, left). It was calculated according

to LAMOUR based on the Easyworm software tool (cf. chapter 3.5.3). [156] Hence, those

VIFs with an average contour length of 4.3±1.9 µm (cf. Fig. 4.12, right) are not straight

rods on the surface but bind in a "cooked spaghetti-like" manner. Thus, several angles

with respect to the stretching direction were found within one filament.

Fig. 4.12: Persistence and contour lengths of membrane-bound vimentin intermediate fila-
ments plotted as histograms. On average, a contour length of LC = 4.3 ± 1.9 µm (N = 116,
left)and an apparent persistence length of LP = 0.3 ± 0.04 µm (N = 91, right) were determined.
Both showed a right-skewed distributions.

According to the three categories (cf. Fig. 4.13 A, right), the VIFs were segmented as

described in chapter 3.5.5. The number of determined segments either in the unstrained

or strained state were plotted against the angle, which was defined between the orienta-

tion of the segment and the y-axis (stretching direction) (cf. Fig. 4.13 B). The segments

in the unstretched state were not uniformly distributed as expected, showing slightly

more segments in the stretching direction, which is probably a result of the directed

flushing of the filaments onto the membrane surface. When they were stretched, they

were further shifted towards the direction of stretching.

Since the number of the determined segments is independent of the length of the

individual segment and no information is provided about stretching, or compression,

the overall average length of the sum of the segments pointing in the same direction

76



Results

was plotted (cf. Fig. 4.13 C). In the unstrained state, a homogeneous length distribution

around 200 nm was found. Upon uniaxial stretching, all segments aligned in an angle

larger than AZS = 35◦ show slight compression or no change, while all VIF segments

were oriented at an angle less than the AZS experience stretching, which is reflected in

the increased segment length.

Fig. 4.13: Analysis of the reorientation of membrane-bound vimentin intermediate filaments
(VIFs) upon stretching. (A) Schematic drawing showing a section of a polydimethylsiloxane
(PDMS) sheet, represented as a circle that evolves into an ellipse by uniaxial stretching (left). The
angle of zero strain (AZS) is defined between the y-axis and the vector pointing at the intersection
of the circle and ellipse. Schematic drawing of a filament (right) showing the three cases: angles
between 0 and AZS (blue), the AZS ± 1 (red), and angles larger than the AZS (green). (B) Polar
diagram of filament segments as a function of the orientation of VIFs on PDMS-supported
membranes (N = 86). In the strained state (magenta), more segments are shifted towards the
stretching direction than in the unstrained state (cyan). The reduced number of segments is
caused by straightening. (C) Polar diagram showing the distribution of the segments lengths
(LSeg) of the unstrained (cyan) and strained VIFs (magenta) as a function of angle (N = 86),
showing elongation for angles lower than AZS = 35◦ and no elongation for angles higher than
AZS.
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4.4 Membrane-bound Vimentin Intermediate Filament Net-
works under Strain

4.4.1 Structure of Membrane-bound VIF Networks

In the cellular systems, there are no single vimentin intermediate filaments (VIFs) but

rather networks of VIFs. Thus, the question arose about how the VIF network organizes

on a membrane. Fluorescently labeled VIF networks anchored via neutravidin to the

lipid bilayers attached to PDMS were prepared and analyzed with CLSM and atomic

force microscopy (AFM).

A confocal fluorescence micrograph of a VIF network is depicted in Fig. 4.14 A, which

shows a heterogeneous structure composed of different architectures of VIFs on the

membrane. Dependent on the structure and the fluorescence intensity, following archi-

tectures were defined: aggregates (cf. Fig. 4.14 A, green box), bundles (cf. Fig. 4.14 A,

cyan box), networks (cf. Fig. 4.14 A, magenta box), and single filaments (cf. Fig. 4.14 A,

purple box). Bright accumulated or clustered filaments were defined as aggregates,

while brighter structures that appeared as filaments were assigned to bundled filaments.

Less bright entangled filaments were classified as network structures. In less bright and

less dense regions, filaments were identifiable that were not entangled.

To resolve the VIF network structures on the membrane surface in more detail, atomic

force micrographs were taken. As PDMS is an elastic material, which is prone to vibra-

tions, the PDMS chamber was placed on a glycerol bed to reduce external vibrations (cf.

Fig. 3.5, chapter 3.1.2). AFM micrographs (cf. Fig. 4.14 B) clearly resolved the filamen-

tous structures in the VIF network. The pixel-wise height distribution was obtained from

topographic images (cf. Fig. 4.14 C) by applying the tube filter algorithm and threshold-

ing to remove background and subsequently extracting the filament heights pixel by

pixel (cf. Fig. 3.23, chapter 3.5.6). This showed a height distribution maximum height of

10 nm, which agrees with the expected height of single filaments (8-12 nm). [48,85]
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Fig. 4.14: Structure of membrane-bound vimentin intermediate filament (VIF) networks. Lipid
composition: POPC:biotinyl cap-DOPE:ATTO488 (96:3:1, n/n). Biotinylated VIFs (10 wt%
ATTO647N, 5 wt% biotin) were attached to the lipid bilayer via neutravidin. (A) Confocal
fluorescence micrograph of a membrane-bound VIF network. Different morphologies were
found within a VIF network. Aggregated filament structures (green), bundled filaments (cyan),
network structures (magenta), and single filaments (purple); scale bar: 10 µm. (B) Atomic force
micrograph of membrane-bound VIF networks showing resolved filamentous structures; scale
bar: 500 nm. (C) The pixel-wise distribution of the filaments within the networks. A filament
height with maximum probability density was determined as 10 nm (red line) (N = 19).
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4.4.2 Orientational Changes of Membrane-bound VIF Net-
works under Strain

*Stretching experiments of membrane-bound VIF networks on PDMS under strain to

study the orientational changes were carried out by JULIANE HAIPETER as part of her

Bachelor thesis.*

Membrane-bound VIFs have been characterized in terms of their orientation during

stretching. Therefore, the orientation properties of membrane-bound VIF networks and

their differences compared to individual membrane-bound VIFs were carefully studied.

By means of CLSM, membrane-bound VIF network in the unstrained (Fig. 4.15 A) and

strained state (Fig. 4.15 B) were visualized, with the orientation being colored according

to HUE color-coding by making use of a ImageJ plugin OrientationJ. According to HUE

color-coding, different colors are assigned to certain angles, like red corresponds to 0◦.

Fig. 4.15: Orientation analysis of membrane-bound vimentin intermediate filament (VIF) net-
works under strain. Lipid composition: POPC:biotinyl cap-DOPE:ATTO488 (96:3:1, n/n). Biotiny-
lated VIFs (10 wt% ATTO647N, 5 wt% biotin) were attached to the lipid bilayer via neutravidin.
(A) Local orientation of the network encoded in color together with the vector field in the un-
stretched state (εbeads = 0%). (B) Local orientation of the network encoded in color together
with the vector field in the stretched state (εbeads = 9.6%). (C) Distribution of the vector orienta-
tions of an unstretched and stretched membrane-bound VIF network (N = 50). Upon stretching
more vectors are counted toward the stretching direction.

As Fig. 4.15 A/B overlaid with the respective vector fields depicts, in the unstretched

state (εbeads = 0%), the VIFs within the network are mostly oriented in 90◦ (greenish),

changing to an angle range towards 0◦ (yellowish) upon uniaxial stretching. This result
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clearly demonstrates that the entire network is aligned toward the stretching direction.

This finding is supported by the angle analysis (cf. Fig. 4.15 C) generated by the vector

fields considering several pixels (cf. Fig. 4.15 A/B) by using a ImageJ plugin OrientationJ.

In comparison, upon uniaxial stretching, an increased number of vectors are counted in

the stretching direction and a decreased number of vectors orthogonal to the direction of

stretching. The angle of zero strain (AZS) was found as 25◦ (-33◦) and by determining the

intersection between the orientation distribution of unstrained and strained membrane-

bound VIF networks.
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4.5 Influence of Vimentin Intermediate Filaments and Net-
works on Lipid Bilayer

As described in chapter 4.2.2, lipid bilayers on hydrophilic PDMS can be expanded with

a stretching speed of 20 µm · s−1 up to 35 % laterallongitudinal strain when additional

lipid material is present. But VIFs, VIF networks, or even only a higher stretching speed

might change their integrity. Thus, the behavior of supported lipid bilayer at a stretching

speed (750 µm · s−1) and with attached VIFs and VIF networks at the same stretching

speed were studied (cf. Fig.4.16)

Fig. 4.16: (A) Exemplary confocal fluorescence micrographs of unstrained (mp = 0 mm) and
strained (motor position: mp = 10 mm) supported lipid bilayers (A1), with attached vimentin
intermediate filaments (VIFs) (A2), and with bound VIF networks (A3), at high strain rate
(750 µm · s−1). Lipid composition POPC:biotin cap DOPE:ATTO647 (96:3:1, n/n) in case of (A1)
and POPC:biotin cap DOPE:ATTO488 (96:3:1, n/n) in case of (A2) and (A3), scale bars: 5 µm. In
the unstretched state (mp = 0 mm), the fluorescence is homogeneously distributed, however
the polydimethylsiloxane sheet is wavy, resulting in a limited focal plane. Upon stretching up to
10 mm, several defects were formed, that showed no fluorescence. That are even more for lipid
bilayers attached to VIFs and VIF networks.

All lipid bilayers formed on PDMS showed a homogeneous distribution of the fluo-

rescence intensity in the unstrained state at mp = 0 mm (cf. Fig. 4.16 A1-A3, top).

When a lipid bilayer (cf. Fig. 4.16 A1) was stretched with a high stretching speed up to

mp = 10 mm (εbeads = 9.6 %), it could be observed that a few small defects were formed.

However, if VIFs or VIF networks were attached to the lipid bilayers (cf. Fig. 4.16 A2/A3),

the number and size of the defects were significantly increased. The defects within

the lipid bilayers appear darker with no fluorescence. Compared to the circular defect

shape in lipid bilayers without attachment of VIFs or VIF networks, the shape of the

defects in VIF-bound lipid bilayers appears elliptic.
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Due to the increased number of defects in the case of lipid bilayers attached to VIFs or

VIF networks, one could assume the SUVs did not serve as lipid reservoirs at all. How-

ever, proof for SUVs being fused with the planar lipid bilayer was given by relaxation

experiments. They were performed instead of conducting FRAP of the SUV fluorescence

as described in chapter 4.2.2. This method was chosen because the use of three differ-

ent fluorophores limited the choices for labeling the SUVs with a suitable fluorophore

that would exclude cross-talk with the other dyes; ATTO647-labeled DOPE, as used

in chapter 4.2.2, could not be implemented because VIFs are doped with ATTO647N,

and ATTO405 is not suitable for FRAP experiments due to high affinity to bleaching.

Thus, relaxation experiments were the method of choice in this case. After stretching

up to mp = 10 mm, the strain was relieved by compressing the strained PDMS chamber

back to mp = 0 mm. While reducing the membrane area, protrusions are pushed out of

the lipid bilayer with them being adhered to the lipid bilayer or floating around in the

aqueous solution (cf. Fig. 4.17).

Fig. 4.17: Relaxation of strained supported lipid bilayer (POPC:biotin cap DOPE:ATTO488-
DOPE, 96:3:1, n/n) with vimentin filaments from mp = 10 mm (left) to mp = 0 mm (right), scale
bars: 5 µm. Dark spots (left) are defects in the lipid bilayer that close upon relaxation and
protrusions of lipid material are expelled out that can be seen as bright spots (right).

The information, whether the lipid bilayer is continuous or not, was provided by FRAP

experiments. The determined diffusion coefficients and mobile fractions for the indi-

vidual systems are graphically shown in Fig. 4.18, and the mean values with standard

deviation are listed in Tab. 4.2. Independent of the different systems, both the diffusion

constant and the mobile fraction in the unstretched (u) state are higher than in the

stretched (s) state, which was also mentioned before in chapter 4.2.2. The increased

diffusion coefficient for pure lipid bilayer stretched at a higher strain velocity might be
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explainable by low statistics (N = 3).

Fig. 4.18: The diffusion coefficient and mobile fraction determined by performing fluorescence
recovery after photobleaching experiments. They were plotted as a boxplot. The central line
(red) on each box represents the median, while the bottom and top edges of the box indicate the
25th and 75th percentiles, respectively. The whiskers are the data points that are not considered
outliers marked with ’+’. The systems that were studied were the lipid bilayer at low and high
stretching speed (ls, hs), and lipid bilayers attached to vimentin intermediate filaments (VIFs)
and VIF networks. A decrease in both the diffusion coefficient and mobile fraction was observed
when the system was stretched. Lipid bilayers with VIFs showed higher values, while those with
VIF networks showed lower values compared to pure lipid bilayers.

In the unstretched state (u), the PDMS-bound lipid bilayer showed a mean diffusion

coefficient of D = 1.4 ± 0.2 µm2· s−1, while the diffusion coefficient of the supported

lipid bilayer with bound VIFs was higher (D = 1.9 ± 0.5 µm2· s−1) and with attached

VIF networks it exhibited no significant change (D = 1.5 ± 0.1 µm2· s−1). The mobile

fraction was decreased for lipid bilayers with VIF networks, and no significant change

was found for lipid bilayers with VIFs. In comparison, in the stretched state (s), the lipid

bilayer at low stretching speed (ls) diffused with D = 1.0 ± 0.2 µm2· s−1. The mobility of

lipid bilayer at high stretching speed (hs) and with attached VIFs was increased, showing
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the mobility of D = 1.7 ± 0.5 µm2· s−1 and D = 1.5 ± 0.3 µm2· s−1, respectively, while

for bilayers with VIF networks, a diffusion coefficient D = 0.8 ± 0.3 µm2· s−1 was found.

The mobile fraction followed the same trend as in the unstretched state. While lipid

bilayers were stretched with a high stretching speed, they showed a significantly lower

mobile fraction than those stretched at the lower speed. The found values showed that

the mobility of the lipid bilayer is dependent on the applied stretching speed and the

degree of attachment of VIFs.

Tab. 4.2: Mean diffusion coefficients and mobile fractions determined by FRAP experiments.
The systems that were studied were the lipid bilayer at low and high stretching speed (ls, hs)
and lipid bilayers attached to VIFs and VIF networks. A decrease in the diffusion coefficient
and mobile fraction was observed when the system was stretched. Lipid bilayers with VIFs
showed higher values, while those with VIF networks showed lower values compared to pure
lipid bilayers.

N D / µm2· s−1 R / %

Lipid bilayer (1 u) 15 1.4± 0.2 91 ± 6
Lipid bilayer with VIFs (2 u) 37 1.9± 0.5 90 ± 8

Lipid bilayer with VIF networks (3 u) 5 1.5± 0.1 68 ± 4
Lipid bilayer ls (1a s) 15 1.0± 0.2 74 ± 7
Lipid bilayer hs (1b s) 3 1.7± 0.5 53 ± 13

Lipid bilayer with VIFs (2b s) 33 1.5± 0.3 74 ± 8
Lipid bilayer with VIF networks (3b s) 5 0.8± 0.3 41 ± 10
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Several findings in the literature suggest a layer-like arrangement of intermediate fil-

aments (IF) parallel to and in proximity to the plasma membrane. For example, the

very first de novo keratin IF structures that develop in mouse blastocysts during early

embryogenesis are located near desmosomes [163] forming a layer close to the mem-

brane rather than spanning the whole cytoplasm. SCHWARZ et al. hypothesized that

this "IF-cortex" forming a rim of filaments interconnecting the desmosomes in a cir-

cumferential network is part of a rim-and-spoke arrangement of IFs in epithelia. [39]

They attribute a functional role to the subplasmalemmal rim of IFs to any cell in which

plasma membrane support is required, provided these filaments connect directly or

indirectly to the plasma membrane. This hypothesis implies that IFs do not only act

as mechanical regulators in the cytoplasm but also function directly at the plasma

membrane. [39] To investigate the impact of a lipid bilayer on the stretching behavior of

IF, namely vimentin, an in vitro membrane system with attached vimentin filaments

was established that could be laterally stretched (cf. Fig. 4.1, chapter 4) and imaged

by confocal laser scanning microscopy (CLSM) and atomic force microscopy (AFM).

This system allowed the uniaxial stretching of vimentin intermediate filaments (VIFs)

directly attached to the bilayer via biotin-neutravidin linkages to address the questions

of how stretching alters single membrane-bound VIFs and how an entire network of

VIFs attached to the bilayer ("VIF-cortex") is altered upon fast, uniaxial stretching.
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5.1 Anisotropic Stretching

To investigate the mechanical response of membrane-bound VIF networks to exter-

nal uniaxial strain, the artificial model system was prepared on polydimethylsiloxane

(PDMS), which was then stretched uniaxially. In cells, the applied mechanical stress

during cellular processes (e.g., cell migration or mitosis) is mostly anisotropic rather

than isotropic [164], which is simulated by the uniaxial stretch of the PDMS. The obtained

displacement field (cf. Fig. 4.2 B, chapter 4.1) is characteristic for a uniaxial stretcher

with stretching in y-direction, i.e., in the direction parallel to the pulling direction, and

compression in x-direction due to the POISSON’s ratio. [164–166] An average longitudinal

strain (εbeads,y y ) of 35 ± 10 % (4 µm sized beads) was determined by beads tracking (cf.

Fig. 4.2 C, chapter 4.1) and approximately 44 % (100 nm sized beads) was obtained by

Digital Image Correlation (DIC, cf. Fig. 4.4, chapter 4.1), respectively. By using a uniaxial

stretching device with a rectangular PDMS sample of 30 mm in length and 20 mm in

width, AYIDIN et al. tracked the embedded fluorescent beads (5 µm in size) by means

of single-particle tracking. They found a strain of 48 %. The higher strain found by

AYIDIN is, on the one hand, explainable by the design of the PDMS chamber. In this

work, the PDMS chamber consisted of a rectangular sheet (20 mm x 20 mm) that was

supported by a thicker frame (cf. Fig. 3.10, chapter 3.2.1). Thus, the thicker frame would

absorb some strain before it reaches the PDMS sheet, implying higher strain could be

measured when only the sheet was stretched. On the other hand, applying different

strain definitions lead to deviations. AYIDIN et al. applied the GREEN-SAINT-VENANT

definition (εGSV, cf. Eq. 5.1) [165]:

εGSV = 1

2

[(
L

L0

)2

−1

]
(5.1)

with L0 and L being the initial and stretched lengths, respectively.

Thus, the magnitude of the longitudinal strain (εy y ) increases slightly in a non-linear

manner due to the quadratic term. [165] This results in a higher strain than found in

this work using the simple strain definition, the so-called CAUCHY strain definition (cf.

Eq. 3.16, chapter 3.5.1). Inserting exemplary random lengths (L = 1.35 µm, L0 = 1.00 µm)

in the CAUCHY strain definition and Eq. 5.1 give 35 % and 40 %, respectively. This shows

that inserting the same parameters into the two equations above results in different

values, but only with a small deviation (5 %). Considering the experimental data, the

deviation is in the range of the errors (±10 %).
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Since strain is a immeasurable physical parameter, it can be defined in a variety of

ways. STARKOVA et al. have dealt with different strain definitions. In addition to the

already mentioned strain definitions, they reported definitions by ALMANSI (εA) and

SWAINGER (εS) (cf. Eq. 5.2 and Eq. 5.3). [167]

εA = 1

2

[
1−

(
L

L0

)−2]
(5.2)

εS = 1−
(

L

L0

)−1

(5.3)

Independent of the used strain definition, the strains are the same for very small defor-

mations ( L
L0

→ 1). Only for large deformations, the different strain definition deviate (cf.

Fig. 5.1). When dealing with small to moderate deformations, it is reasonable to make

use of the CAUCHY definition, while for large deformations GREEN-SAINT-VENANT and

ALAMANSI are better suited.

Fig. 5.1: Different strain definitions. The different strain functions (εx; x = CAUCHY, GSV, A, S, cf.
Eq 3.16, Eq. 5.1-Eq. 5.3) are plotted against the strain ratio L

L0
. Depending on the strain definition,

different curves are obtained. CAUCHY definition is shown in green, GREEN-SAINT-VENANT

definition in magenta, ALMANSI definition in purple, and SWAINGER defintion is highlighted
in cyan. For very small deformation, all definitions give the same strains, however for large
deformations, they deviate from each other to a certain extent. Adapted from STARKOVA et al. [167]
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Several groups have reported that the strain across the PDMS sample is uniformly dis-

tributed [164–166,168]. This contradicts the heterogeneity in the local strain distribution

found in this work by DIC (cf. Fig. 4.4, chapter 4.1), which is due to the non-uniform

polymerization of the PDMS. However, it could also be due to different scales consid-

ered. A smaller scale, i.e., a higher resolution, could show the heterogeneity as found in

this work. In contrast, larger scales cannot resolve smaller structures leading to homoge-

neous strain distributions noted in the literature, which would also show heterogeneous

distributions when smaller scales are considered.

Summary: In the scope of this work, the uniaxial stretching of PDMS by tracking

beads was characterized. A longitudinal strain of 35 % was achievable by applying

a motor strain of 50 % (mp = 10 mm). The here obtained strain by CAUCHY strain

definition varied from the strains obtained by using, for example, the GREEN-SAINT-

VENANT, which is supposed to be well-suited for uniaxial stretch. [165] Considering

small deformations, nonetheless, it is independent of the choice of the strain defini-

tion. [167] Since no large deformation was applicable in this case, there would be only

small deviations. Thus it was reasonable to use the CAUCHY definition.
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5.2 Lipid Bilayers under Strain

5.2.1 Diffusive Reorganization of Lipids in the Lipid Bilayer

The PDMS support allows the stretching of the artificial "VIF-cortex". Several require-

ments, however, need to be met. According to the results reported by STAYKOVA et al. [161],

the lipid bilayer needs to stick to the PDMS surface, i.e., it must not fully slide on the

surface, to transfer the strain into the membrane. The membrane stickiness is controlled

by the hydrophilization protocol using oxygen plasma (cf. Tab. 4.1, chapter 4.2.1), pro-

viding a heterogeneous density of hydroxyl groups which results in a tightly bound, thin,

and highly structured water layer between the oxide layer of the PDMS surface and the

lipid bilayer. This water layer hampers the movement of lipids across the substrate on a

small scale. [161,169]. Thus, stretching results in defect formation because the membrane

follows the areal changes of the PDMS substrate.

Another important aspect that needs consideration is unwanted crack formation. It

was also reported in several previous studies. [170–172] MAYER et al. reported in their

study that a modification of the PDMS surface using plasma exposure usually creates

cracks as a side-effect, thus proposing another method toward crack-free PDMS. [171]

By contrast, in this work, it was found that crack formation can be simply regulated by

variation of the plasma exposure. (cf. Tab. 4.1, chapter 4.2.1, 0.2 mbar and 0.3 mbar).

The cracks appear orthogonal to the stretching direction when the oxide layer is too

thick, therefore, making it brittle and fragile, which is increased with increasing plasma

treatment time. Increasing the plasma pressure results in quenching of the plasma

leading to a thin elastic oxide layer that does not form cracks upon stretching. This

is a wanted phenomenon since cracks in the oxide layer would manipulate the strain

transfer to the bilayer.

The high roughness of the PDMS compared to glass and silicon substrates yields ir-

regular nano-structuring, which cannot be resolved by fluorescence microscopy. The

nano-structuring is enhanced by plasma treatment of the surface. An increase in sur-

face roughness reduces the mobility of a lipid bilayer, as the mobility is slowed down

in regions with high curvature. [169,173,174] This induces stickiness between the PDMS

surface and lipid bilayer, which would also be reflected in a reduced diffusion coefficient.

Hence, the found diffusion coefficient of the ATTO647-DOPE lipids as 1.4 ± 0.2 µm2· s−1

(cf. Fig. 4.6, chapter 4.2.2) is decreased compared to diffusion coefficients found for sup-

ported bilayers on glass and silicon substrates, which range between 2.0-5.5 µm2· s−1,

using different experimental techniques (e.g., pulsed-field gradient nuclear magnetic
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resonance spectroscopy, fluorescence correlation spectroscopy). [169,175–177] In living

cells (HeLa cells), a molecular diffusion coefficient for lipids in the plasma membrane is

typically more than one order faster than 0.024 ± 0.005 µm2·s−1 [178,179], which means

the molecular diffusion coefficient is at least 0.24 µm2·s−1. This broad range is due

to the complexity of the plasma membrane involving not only lipids but also slower

transmembrane proteins and anchor proteins connecting to the cytoskeleton. Thus,

the molecular diffusion in the plasma membrane depends on its composition. The

diffusion coefficients found in this work are in the range of more than an order of

magnitude higher than 0.024 ± 0.005 µm2·s−1 [179,180], which shows that the diffusion

of solid supported lipids in artificial lipid bilayers is in good agreement with cellular

diffusion. Upon PDMS stretching, the strain is transferred to the bilayer indicated by a

further reduced diffusion coefficient of 1.0 ± 0.2 µm2·s−1 of ATTO647-DOPE (cf. Fig. 4.6,

chapter 4.2.2). Not only the strain in the lipid bilayer reduces the mobility of the lipids,

but also the stretch-induced formation of further nanoscopic defects and enlargement

of the already existing defects are responsible for the reduced mobility. [174,181] This

assumption is supported by the observation that the mobile fraction of ATTO647-DOPE

is reduced after stretching.

The stretched bilayer at a stretching speed of v = 750 µm · s−1 showed an increased

mobility with a diffusion coefficient of D = 1.7 ± 0.5 µm2· s−1 (cf. Tab. 4.2, chapter 4.5). It

has been reported in the literature that the defect formation of a bilayer is a process that

is time-dependent. Thus, it was predicted that high stretching speeds retard the rupture

process, which results in higher rupture tensions. [182,183] Even though it was stated that

the critical areal strain that is required to rupture the bilayers only increases at higher

ranges of the stretching speed (v > 1 m·s−1) [183], the results found by an increase from

v = 20 µm·s−1 to v = 750 µm·s−1 show the contrary. Implying a factor of ∼38, even for

low stretching speeds, significantly affects mobility by reducing nanoscopic defects

due to retarded defect formation. However, the diffusion coefficients in the stretched

situation are higher than in the unstretched state, the reason of which might be the

sudden application of strain with a high velocity. Hence, the lipids could reorganize

with a faster diffusion rate in such a manner that the viscous drag force counteracts

to equilibrate the applied force. [178] Since the small sample size (N = 3) (cf. Tab. 4.2 in

chapter 4.5) was low, the aforementioned reasons are speculations.

5.2.2 Excess of Membrane Area

In literature, it has been reported that lipid bilayers cannot be stretched beyond 4-6 %

without rupturing. [159,160,162] Thus, an additional lipid reservoir had to be provided,
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which was achieved by adding SUVs to the aqueous solution. [162]. The fluorescence im-

ages and fluorescence recovery experiments (cf. Fig. 4.7, chapter 4.2.2) clearly revealed

that the SUVs integrate into the PDMS-supported bilayer upon stretching, hence, signif-

icantly reducing the number of defects in the membrane. According to the results of

STAYKOVA et al., vesicles that adhere to a PDMS-supported membrane burst when a crit-

ical rupture strain is reached, and thus, the vesicles fuse with the lipid bilayer. [162] The

exact fusion mechanism is not known however, based on the observations, several possi-

ble mechanisms can be proposed (cf. Fig. 5.2): (1) fusion, (2) integration of lipids in the

upper leaflet, (3/4) adhered vesicles to bilayer or defect, (5) aggregated lipid material in

the defects, and (6) non-filled defects. For all of the mentioned mechanisms to happen,

the applied strain must exceed the critical rupture strain of the bilayer (εbilayer, rupture). If

the critical vesicle rupture strain (εvesicle, rupture) is reached, it is conceivable that the SUV

lipids are probably preferentially found in the upper leaflet of the bilayer (2) because of

the larger diffusion constants of ATTO488-DOPE (D = 2.2 ± 0.7 µm2· s−1, cf. Fig. 4.7 in

chapter 4.2.2) compared to ATTO647-DOPE diffusion of the spread bilayer on PDMS

in the stretched state (D = 1.0 ± 0.2 µm2· s−1). An integration of lipid material in the

lower leaflet (1) would have reduced the mobility due to stronger interactions between

the head groups of the lipid and the surface. Thus, mechanism (1) could be possible,

but in comparison to mechanism (2), a less likely process based on the found diffusion

coefficient. Another mechanism is that vesicles could adhere or remain adhered to the

lipid bilayer (3) if the rupture strain for vesicle bursting is not reached. Furthermore, if

the surface adhesion energy (Ead.) is insufficient to induce spontaneous vesicle spread-

ing [169], formed defects are instead filled with lipid material that remains in there (5),

and if the defects are of sufficient size, there is a possibility of vesicle adhesion in the

formed defects (4). In case no vesicles are in proximity to the lipid bilayer, the formed

defect remains unfilled (6).

In addition, it can be speculated based on the observation that the diffusion constant

in the stretched state is larger for ATTO488-DOPE (D = 2.2 ± 0.7 µm2· s−1) than for

ATTO647-DOPE (D = 1.0 ± 0.2 µm2· s−1). Differences might be found in the dye itself,

even though it appears to be negligible. Both fluorophores used in this study are hy-

drophilic and do not interact with the hydrophobic core of the bilayer, which would

slow down the mobility. [176,184] The small unilamellar vesicles (SUVs) acting as lipid

reservoirs do not contain biotinylated lipids, and hence, they change the overall lipid

composition upon integrating into the bilayer. Thus, the found differences cannot be

of this nature as the lipid composition is the same after vesicle fusion. Therefore, the

larger diffusion coefficient of ATTO488-DOPE cannot be explained by the used different
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dyes or overall lipid composition, which is the same.

Fig. 5.2: Proposed fusion mechanism. If a lipid bilayer is stretched in the presence of a lipid
reservoir (illustrated as a grey circle), lipids can be integrated into the bilayer when the critical
rupture strain of a vesicle is reached by fusion (1) or integrating lipids in the upper leaflet (2).
If the critical rupture strain is not reached, the vesicles remain adhered to the bilayer (3), or
they can also adhere to the defect (4) if a defect of sufficient size is formed. Insufficient surface
adhesion energy to induce spreading results in the aggregation of lipid material in the formed
defects (5). Defects are formed and are not filled with lipid material if no vesicles are in proximity
(6).

Nonetheless, the lipid bilayer beneath the VIF networks ruptures, even in the presence

of a lipid reservoir (cf. Fig. 4.16, chapter 4.5). This can be attributed to the lack of excess

lipid material because the membrane is shielded by the dense VIF networks. Still, vesicle

fusion can occur in areas without or with less dense VIF networks, from where the lipid

bilayer is provided with an excess lipid reservoir. Relaxation experiments (cf. Fig. 4.17,

chapter 4.5) showed that lipid material is expelled out of the lipid bilayer with area re-

duction, which clearly shows that lipids were integrated upon stretching. This is in good

agreement with the results found by STAYKOVA et al. by compression experiments. [162]

These fusion processes of vesicles might be similar to exocytosis of cellular vesicles

during surface area regulation in expanding cells (e.g., during growth, imposed stretch,
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or osmotic inflation). Tube-like structures or lipid material formed by releasing the

tension could be equivalent to microtubular invaginations of the membrane. [185–188]

Both biological processes are active and selective and require membranes that are not

coupled to the cytoskeleton. [185,186,189] However, it needs to be taken into account that

the above-mentioned processes are complex systems. Thus the observations as found

in the work is compared to a simplified version of the biological processes. The diffusion

coefficient of the lipids in the bilayer with and without attached VIF networks showed

no significant differences. NÖDING et al. reported similar results with the addition of

minimal actin cortex (MAC) to a POPC bilayer on silicon substrate. The diffusion coef-

ficients with and without MAC were found to be nearly the same. [190] However, upon

stretching, the mobility is restricted by the formation of defects and the connection to

the VIF networks reacting to the applied strain.

Summary: In the scope of this work, the stretching of lipid bilayers was investigated.

A longitudinal strain of 35 % led to defect formation in the bilayer, while in the pres-

ence of SUVs serving as a lipid reservoir, stretching became feasible up to 35 % of

longitudinal strain, with a minimal impact on membrane integrity. Several mech-

anisms of integrating lipids into the deforming lipid bilayer were proposed: fusion,

adhesion of vesicles, filling of defects with lipid material or vesicles, and non-filled

defects. If VIFs were attached, there remained a larger number of defects because

the lipid bilayer is shielded by VIFs, hindering the vesicles from reaching the bilayer.
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5.3 Vimentin Intermediate Filaments under Strain

5.3.1 Properties and Interactions of the Membrane-bound
VIF Networks

The architecture of membrane-bound VIFs in the unstrained situation was investigated

by high-resolution techniques (CLSM and AFM, cf. Fig. 4.14, chapter 4.4.1). From the

height distribution obtained by AFM measurements (cf. Fig. 4.14 C, chapter 4.4.1), a

height distribution maximum of membrane-bound VIFs was determined as 10 nm. This

is in good agreement with the diameter of vimentin filaments in cells (8-12 nm). [48,85]

Heights lower than 10 nm can be assigned to tetramers. It has been reported that

tetramers have a diameter of around 5 nm. [191] The obtained confocal fluorescence mi-

crographs (cf. Fig. 4.14 A, chapter 4.4.1) visualized, besides single filaments, structures

like aggregated and bundled filaments, showing higher fluorescence intensities. Several

in vitro studies have shown that bundling can be induced by electrostatic cross-links,

i.e., divalent cations such as Mg2+ and Ca2+. [103,108,192] Since in this artificial system no

divalent cations are present, bundling is presumably induced via specific permanent

neutravidin-biotin linkers (KA = 10−15 M−1 [193]) and by transient hydrophobic and ionic

cross-links. [36,106,192] In particular, the aggregated large structures can be attributed to

aggregated filaments and accumulated unit-length filaments (ULFs) that were unable to

form matured filaments by longitudinal annealing. ULFs have a different architecture

and a 15 nm large diameter. [30,194]

If VIFs are directly adsorbed onto a surface such as glass [194], the height of the fil-

aments is greatly reduced (3-5 nm [195]) as a result of strong, attractive interactions

between the support and the filament leading to a significant flattening of the circular

cross-section. [195–197] It has been reported that VIFs with their negatively charged head

domain can interact with specific, positively charged lipids. [198] If such interactions

would lead to flattening remains open to question. However, it can be assumed that

there might be no flattening effect by the interaction between membrane and VIFs,

as no flattening in cells has been mentioned in the literature, according to the cur-

rent state of knowledge. The findings in this work support this assumption. Since, in

this work, neutral matrix lipids were used, there might be no significant direct inter-

action between VIFs and the neutrally charged POPC, which would lead to flattening.

In addition, interactions between VIFs and the membrane surface are controlled by

the biotin-neutravidin linkages. Therefore, they might act as a spacer between the

filament and the polar lipids preserving the structure of VIFs. In cells, many anchor

molecules or cross-linkers (e.g., plectin and ankyrin) connect VIFs to the plasma mem-
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brane, indicating that these linkers could be the reason for maintaining the structural

integrity. [198–200]

5.3.2 Mechanical Response of VIF Networks to External
Strain

In this work, membrane-bound VIF networks and their response to external mechani-

cal strain were investigated by CLSM. The applied longitudinal strain of around 35 %

resulted in the reorientation of the filaments in the networks towards the stretching

direction (cf. Fig. 4.15, chapter 4.4.2). This observation of reorientation is consistent

with migrating cells and VIFs within such cells reorienting along the migration direction

with respect to the cell shape. [201] Migration can be seen as stretching of the front layer

of the cell in one direction and compression of the opposite layer in the same direction.

In wound closing cells, VIF networks enhance directional cell migration by increasing

the persistence of microtubules and serving as a template for their orientation towards

the direction of the wound. [202–204] Reorientation of VIF networks also occurs in mitosis,

where they interact closely with the other cytoskeletal subsystems, affecting the distri-

bution of vimentin. [199] The alignment of a VIF network along the stretching direction

shows that it acts to preserve the cell shape and polarity by counteracting the applied

strain. Thus, the structural organization of VIF network plays an essential role in many

cell processes. According to BLUNDELL et al., the VIF networks are characterized by

mainly reorientation at low strains. At larger strains, contributions of straightened

filaments within the networks would lead to a response of the network in the form of

mechanical stretching. [205] Even though no information about mechanical stretching of

VIF networks could be gathered within this scope of the presented stretching experi-

ments, it can be speculated that, due to losses in transmission of strain from PDMS to

VIFs, the here applied moderate strain of 35 % longitudinal strain can be associated to

the low strain range, where no mechanical stretching can be observed.

The confocal fluorescence micrographs showed that the networks remain intact upon

stretching. These results of stretching VIF networks indicate that VIF networks could

support and protect the lipid bilayer under strain by absorbing the strain applied to and

sensed by the membrane through reorientation and stretching of the network without

rupturing.
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5.3.3 Mechanical and Entropic Contributions of Single VIFs
to VIF Networks upon Stretching

To disentangle the contributions of single VIFs to the network properties, the membrane-

bound VIFs under strain were analyzed. Two behaviors upon uniaxial stretching were

observed: (i) reorientation of the filament along the stretch direction, which means

entropic stretching by ironing out thermal fluctuations, and (ii) mechanical stretching

of the filament leading to elongation of its contour length. [205,206] Both parts contribute

to the observed behavior and clearly demonstrate that stretching of the lipid bilayer

is transferred to the VIFs via biotin-neutravidin linkages. These pinning points are

statistically spread across the filament. Assuming 32 vimentin monomers per ULFs and

a length of the ULFs of 43 nm [191,206], a biotin-labeled VIF would contain 23 biotinylated

monomers per µm (for 5 wt% biotin). A 43 nm repeat in a filament is below the resolu-

tion limit, and thus, it is not resolvable with CLSM (cf. Fig 4.9, chapter 4.3.2). Between

two pinning points, mechanical and entropic stretching compete with each other in

different proportions leading to the broad distribution of the observed vimentin strain

εVIF (cf. Fig. 4.8, chapter 4.3.1). This broad distribution is consistent with the results

found by BIANCHI et al. studying cells adhered to a substrate under strain. The external

strain is transferred between individual cell components in vivo. The plasma mem-

brane is adhered through "focal adhesions", which deforms because of applied strain

and transfers the applied strain through focal adhesions to the cytoskeleton, which

transports some of the remaining strain to the nucleus. [166] Since, in this work, the VIFs

are coupled to the membrane spread on PDMS, and they are not further connected to

another component, VIFs could store a certain part of the transferred strain in case it

is needed for relaxation or transmission. Thus, it can be hypothesized that not all of

the transferred energy is used for reorientation and stretching. Energy storage in the

stretched state and energy dissipation of VIFs upon stress relief has been addressed in

the literature, reporting that in the filament, the energy is stored as potential energy in

case monomers do not return to the α-helical state when relaxed. [31]

Furthermore, it can be hypothesized that, within a filament, it can be controlled whether

reorientation or stretching dominates the mechanical response by varying the concen-

tration of biotin monomers: the higher the biotin concentration, the higher the strains.

However, an increase leads to saturation of the transmission strain, meaning stretching

is more dominant than reorientation. Thus, it can be assumed that 5 wt% is already

at the edge of saturation. (cf. Fig. 4.10, chapter 4.3.2) To prove the hypothesis, lower

biotin concentrations need to be studied. If the hypothesis is correct, it is expected

that the transfer strain decreases probably linearly with decreasing biotin concentration.
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On the single filament level, BLOCK et al. identified three different regimes during

straining [30]: (1) elastic stretching of α-helical domains at low strains below 10 % strain,

(2) unfolding of α-helices to form β-sheets in the plateau-like regime above 10 % and

(3) strain stiffening at high strain. With a maximum determined εVIF of 9.0 % on average,

it can be assumed to be in regime (1) with a maximum at the transition between regime

(1) and (2). In regime (1), the elastic stretching is provided by stretching of the hydrogen

bonds in the α-helices, but they do not rupture. However, in regime (2), they begin to

rupture in a sequential manner, starting from where the strain is applied. [207] For better

comparison, the force f required for VIF stretching was calculated considering their

strains (εVIF), which is given in Eq. 5.4.

f = εVIF · A0 ·EY (5.4)

Here, A0 is the cross-sectional area of VIFs, which can be derived from π · ( d
2 )2 with d

being 10 nm (cf. Fig. 4.14 in chapter 4.4.1). A cross-sectional area was calculated as

78.5 nm2. The YOUNG’s modulus of VIFs (EY) was reported to be 27 MPa. [30]

Thus, the so-called force-strain curves were obtained when plotting the calculated

force against the strains of VIFs (cf. Fig. 5.3), which demonstrates a linear dependency.

This implies that the stretching of membrane-bound VIFs does not reach the plateau-

like regime with a maximum force of 190 pN found for a 9 % strain at 750 µm · s−1,

which is significantly lower than the force reported by BLOCK et al. requisite to unfold

α-helices with a stretching speed of 5 µm · s−1 (∼350 pN [30]). The steep increase of the

force at strains of around 1 % could mean that forces up to around 60 pN do not lead to

any response from VIFs in the form of mechanical stretching. This could imply that at

these forces, the strain of VIFs might be undetectable.

However, the broad strain distribution found in this study suggests that unfolding of

α-helices (regime (2)) can occur, in particular, also because pinning points are present.

If the filament segment is straight between two pinning points, the variety of strains

observed for segments can contribute to the overall filament strain leading to the low

strains found in this work when averaging.
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Fig. 5.3: Force-Strain curves of membrane-bound vimentin intermediate filaments (VIFs).
Force f in pN is plotted against the average strain of membrane-bound VIFs (εVIF, N = 86),
which shows a linear dependency, implying the VIFs being in the elastic regime. At low strains,
the forces appear to be undetectable.

VINCENTE et al. applied a uniaxial stretching step of 30 % amplitude on VIFs attached

to the PDMS using anti-vimentin antibodies, which increased the contour length of

the filaments by ∼18 % (v = 500 µm · s−1). [206] The results obtained in this study at a

stretching speed of v = 750 µm · s−1 are significantly lower (5.2 %) at 30 % amplitude,

which correspond to εbeads = 5.6 % (cf. Fig. 4.8 C2, chapter 4.3.1). This shows that the

mobile lipid bilayer with its partially sticky behavior on the PDMS support affects the

transfer of the applied strain to the VIFs. Thus, the formed lipid bilayer is not completely

sticky by employing the plasma settings (100 % O2, 0.4 mbar, 20 %, 20 s). Sliding regions

and defect formation would also absorb strain, which leads to further loss of transferred

strain, resulting in lower strains on average. This effect of partially sticky membranes is

also observed in cells as adhesion contacts. [162,166]

The change in εVIF, which is dependent on applied strain, is a function of the . The

maximum εVIF of 9.0 % (on average) at εbeads = 9.6 % was obtained at large (v = 750 µm

· s−1). The found dependency shows that at a lower strain rate, more thermal fluctua-

tions (entropic stretching) by diffusive reorganization processes of lipids are present,

as they can react to the applied strain. At higher rates, more strain is transferred. Thus

mechanical stretching dominates since the diffusive reorganization of the lipids could

be restricted on the one hand due to the sudden change [178] and on the other hand due

to VIFs that respond to that by elongation of their contour lengths. This demonstrates

clearly that the mobility of the lipid needs to be lower than strain velocity to observe

the characteristic mechanical stretching of the VIFs. Otherwise, more entropic and less

mechanical stretching will be monitored due to the larger reorganization of the lipids. If
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the is lower than the diffusion coefficient, no mechanical stretching is expected because

diffusion of lipids superimposes the response of VIFs to external strain (cf. Fig. 5.4), as

the VIFs are not stretched directly.

Fig. 5.4: Reorientation of vimentin intermediate filaments (VIFs) by diffusive reorganization
of lipids. To what degree reorganization of lipids has an impact on mechanical and entropic
stretching of VIFs depends on the strain rate. At a higher stretching speed than the diffusion
coefficient of the lipids, less reorganization of the lipids is observed, leading to mechanical
stretching of VIFs being dominant. If the stretching speed is lower than the diffusion coeffi-
cient, mechanical stretching of VIFs cannot be detected, as diffusive lipid reorganization allows
increased reorientation of VIFs.

This stretching speed dependency can be described by the BELL model, which en-

ables the calculation of the unfolding force in dependence of the pulling speed (v , cf.

Eq. 5.5). [207]

f (v) = kB ·T

xb
· ln v − kB ·T

xb
· ln v0 (5.5)

Here, f is the applied force, kB the BOLTZMANN constant, T the temperature, v0 the

bond breaking speed if no strain is applied, and xb is the distance between the equi-

librium and transition state of breaking events. Eq. 5.5 states that the unfolding force

increases logarithmically with the strain rate, i.e., the strain velocity increases the proba-

bility of breaking hydrogen bonds in a filament. [207]
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ACKBAROW et al. studied the pulling rate dependency of coiled-coil α-helices of VIFs

by computational modelling using the above-mentioned equation (cf. Eq. 5.5). Apply-

ing increasing stretching speeds in the m · s−1 range, they revealed that the unfolding

of the helices (plateau-like regime) occurred at decreasing strains. At the same time,

higher forces were needed to reach the plateau. Furthermore, they reported that for

stretching speeds lower than 5 m · s−1, the regime changes were similar to the results

found in experiments. [30,50,207] For example, BLOCK et al. have documented similar rate

dependency of single VIFs in the significantly lower speed range (µm · s−1), however,

stating that the strain, at which regime change to the plateau-like regime occurs does

not vary much with different stretching speed. The maximum strain rate, which they

studied, was 5 µm · s−1, showing a plateau-like regime above 10 %. [30] In this work, the

applied strain rate was higher by a factor of 4 or even 150 (20 µm · s−1 and 750 µm ·
s−1). However, the above-calculated force of approximately 190 pN for 9 % on average

is too low to reach the regime where unfolding occurs, with respect to the stretching

speed of 750 µm · s−1 (around 114 pN for 20 µm · s−1). With this, it can be speculated

that, in this work, increasing the stretching speed by a factor ∼ 38 is not sufficient for

the segment-wise unfolding of α-helices. However, the broad distribution with an aver-

age strain of 5.4 ± 7.1 % for low stretching speed and 9.0 ± 13.3 % for high stretching

speed (cf. Fig 4.8 C1/C2) could suggest the contrary. The rate dependency explains the

function of the VIFs as a "security belt". [30–32]: VIFs in cells are soft, easily deformable

material whose mechanics are undetectable under slow deformation, while they stiffen

under fast deformation, where other cytoskeletal components break. [24,33] This allows

the cell to maintain its strength and shape.

Besides mechanical stretching, the VIFs reoriented in the direction of strain (cf. Fig. 4.13

in chapter 4.3.3). As VIFs are randomly oriented on the membrane surface, each seg-

ment experiences different strains leading to a favored orientation of the filaments in

the stretch direction. Thus, the individual VIFs in the networks could contribute to the

mechanical response to the here applied strain by reorientation and stretching of single

VIFs in the networks, as the schematic drawing Fig. 5.5 summarizes. Reorientation of

VIFs is not only mediated by thermal fluctuations but also by the underlying lipid bilayer,

which plays a part in counteracting the applied strain with diffusive reorganization (cf.

Fig. 5.5).

Summary: In the scope of this work, a longitudinal strain of 35 % was applied to

study the mechanical response of membrane-bound VIFs and VIF networks to ex-

ternally applied strain. Membrane-bound VIFs counteracted with mechanical and

entropic stretching. To what extent which behavior dominates depends on the be-
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havior of the underlying lipid bilayer, stretching speed, and pinning point density.

Membrane-bound VIF networks reoriented when the strain was applied. Since no

information about mechanical stretching could be obtained, it can be assumed that

straightened VIFs within the networks could contribute to the mechanical response

with stretching, which could be reduced or even undetectable at the current applied

strain due to entanglement via permanent and transient cross-linkers.

Fig. 5.5: Schematic drawing of the contribution of vimentin intermediate filaments (VIFs)
to the mechanical response of VIF networks. Single filaments respond to external strain by
reorientation and mechanical stretching, while the lipid bilayer beneath the VIFs contributes to
their reorientation by diffusive reorganization. Mechanical stretching occurs when a filament or
a segment is straightened. Individual membrane-bound VIFs could be involved in the mechanics
of networks, especially at larger strains, by showing mechanical and entropic stretching, as
mentioned above.
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5.4 Comparison to IF Networks in Cells

In vitro experiments are performed to reduce the complexity found in cells and to un-

ravel their properties in a minimal artificial system with the components needed. To

better understand these findings, they need to be compared to the situation in cells.

In literature, it has been reported that the strain of VIF networks in cells cannot be

detected at low strain [30]. Compared to the model system used by Vincent et al., who

prepared VIFs on antibody-decorated PDMS and only detected minor strains (< 6 %) by

applying 50 % strain amplitude [206], the model system established in this work consists

of VIFs bound to the lipid bilayer on PDMS. Thus, it can be assumed that it might not be

possible to observe mechanical stretching and thereby could only be detected at higher

than the strain applied in this work. The applied strain can be regarded as a low strain

regime because only a portion of 35 % is reached to the single or entangled VIFs. One

main reason is the underlying membrane that absorbs some of the applied strain and

thus, contributes to the mechanical response of the VIF networks, as the mechanical

changes result in diffusive reorganization of the lipids in the bilayer to establish the

mechanical equilibrium. The VIF network then absorbs the remaining strain through

the resistance between the membrane fluidity and the anchor proteins. Even though

single membrane-bound VIFs responded to 35 % of applied longitudinal strain by al-

tering their contour lengths by around 9 % on average (cf. Fig. 4.8, chapter 4.3.1), it

can be postulated that it can be different for VIF networks due to entanglement and

cross-linking by specific and transient cross-links. This entanglement might reduce the

strain absorbed by the VIF networks, which means that only minor strains could be

observed when stretching the networks.

An overview of the findings within the scope of this work (cf. Fig. 5.6 A) and a compar-

ison to the composition in a cell (cf. Fig. 5.6 B) can be seen in Fig. 5.6. In this work, a

planar lipid bilayer with attached VIF networks was used. It was found that VIFs might

contribute to the overall mechanical response of VIF networks by reorientation and

stretching in the direction of the applied strain. However, the here applied strain could

be too low to observe high straining and stiffening of the networks due to entanglement.

However, it can be speculated that at the given strains, VIF networks, i.e., VIFs within the

networks, might support the underlying bilayer by reorientation, resulting in a different

defect shape compared to the defect shapes in the lipid bilayer that is not associated

with VIFs. The shape of the defect of lipid bilayers under strain is well-defined "eye-

shaped" (cf. Tab. 1.2, chapter 4.2.1), while the defects in the bilayers if VIFs were attached

appear as an ellipse with a shorter semi-minor axis (y-axis) and larger semi-major axis

in x-direction (cf. Fig. 4.16, chapter 4.5). Therefore, they function as a “stress absorber”
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that would protect the lipid bilayer from rupturing at higher strains, as its physical state

and structural integrity are crucial for the survival of the cell. In comparison, plasma

membranes in a cell are a ruffled 3D surface capable of forming a planar membrane

upon stretching. Therefore, they can be expanded 7-8 times, depending on the cell

and membrane type [208–210], so that deformation would not result in bilayer stretching.

Thus, the "IF cortex" would experience significantly higher strains by unfolding the

membrane, which the IFs can withstand by reorientation and stretching. Only if the

membrane is completely unfolded the membrane gets stretched and ruptured, which

might lead to IF strain stiffening. Nothing but the strain stiffened IF networks would

protect the plasma membrane from further rupture. If strains are reached that IFs

cannot resist anymore, it will cause cell death.

The reorientation of VIFs within the networks found in this work is also consistent

with the directional alignment of cytoskeletal components in cell upon cell stretching.

Several groups studied the reorientation of cytoskeletal components in cells by apply-

ing cyclic uniaxial stretch. [211–215] Generally, it was found that all cytoskeletal filament

classes reorient perpendicular to the direction of stretch. For VIFs, it was found that

the perpendicular reorientation is less pronounced than for actin filaments (AF) and

microtubules (MT). This shows that AT and MTs tend to reorient in the direction of

least strain compared to IFs, which additionally aligns parallel to the stretching direc-

tion. This can be due to the fact that AF and MT tend to break at rather low strains,

and to avoid this, they do not realign in the direction of stretch. Furthermore, cyclic

uniaxial stretching leads to adaptation to the repetitively applied relatively low strains.

The perpendicular orientation of VIFs in cells found by performing cyclic uniaxial cell

stretching does not agree well with the parallel alignment of VIFs upon uniaxial stretch-

ing obtained in this work. This demonstrates two different behaviors depending on the

type of mechanical strain. Cyclic stretching can be associated with cells in the lungs

and blood vessels experiencing iterative expansion and relaxation cycles. Non-cyclic

stretching correlates with cells involved in mitosis and migration [199,201], and all cells

exposed to one-off external mechanical load. Parallel alignment of VIFs in migrating

cells has been reported. Thus, based on the findings in the literature and in this work,

it can be suggested that VIFs in cells that are subjected to large external mechanical

forces reorient in such a way that they can support and protect the cell from damage. In

contrast, the other subsystems would align perpendicular for support in that direction.

This is due to the notable extensibility of VIFs compared to AF and MT.
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5.4 Comparison to IF Networks in Cells

Fig. 5.6: Membrane-bound vimentin intermediate filament (VIF) networks under strain. VIFs
and the membrane are represented in magenta and black, respectively. (A) In this work, it was
found that the networks might support the underlying planar lipid bilayer by reorientation,
which, however, ruptures due to a lack of lipid reservoir. As the VIF network shields the mem-
brane, it cannot be provided with sufficient excess lipid material. Still, the shape of the defects
serves as an indicator for VIFs supporting the lipid bilayer. (B) In cells, the plasma membrane
is wrinkled and folded. Thus, it possesses sufficient excess membrane area to expand. The IF
networks can withstand the expansion by reorientation and straining. Only if the membrane is
unfolded does it experience stretching and rupturing, which would lead to strain stiffening and
even rupturing of the IF network. This would imply cell death.
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Discussion

Summary: In the scope of this work, it can be assumed that the applied longitudinal

strain of 35 % might not be sufficient enough to observe the straining of VIF net-

works still they support the underlying lipid bilayer by reorientation. The VIFs align

parallel to the stretching direction to be able to support the underlying bilayer. Only

strain-stiffened VIF networks would protect the lipid bilayer from further rupture.

Therefore higher external strains would be required.
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6 Summary and Outlook

Intermediate filaments (IFs) are characterized by their remarkable extensibility. Thus

they are the primary determinant of cell architecture and mechanics, especially at large

deformations. In particular, they do not only act as a mechanical regulator of the cyto-

plasm, but also contribute to the mechanical stability of the plasma membrane.

The goal of this work was to establish an in vitro model system, which is capable

of mimicking the intracellular IFs directly at the plasma membrane and giving insights

into their structural and mechanical alteration under strain. To achieve this, an arti-

ficial model system composed of vimentin intermediate filaments (VIFs) attached to

a lipid bilayer via a non-physiological linker, namely neutravidin, was prepared on

polydimethylsiloxane (PDMS), containing fluorescent beads. Its mechanical properties

make PDMS suitable for stretching experiments due to its molecular flexibility, such as

bendability and stretchability. By utilizing a uniaxial motor-driven stretching device, the

PDMS-supported composite system in the presence of small unilamellar vesicles (SUVs)

was laterally stretched and imaged by confocal laser scanning microscopy (CLSM) and

atomic force microscopy (AFM). Before studying the composite system as a whole, the

lipid bilayer on PDMS was characterized since several requirements had to be fulfilled:

(1) stickiness of the PDMS surface and (2) expansion of lipid bilayer beyond an areal

strain of 4-6 % without rupturing. The stickiness of the PDMS surface was achieved

by using oxygen plasma, which rendered the surface hydrophilic with a thin, elastic

oxide layer showing a certain degree of roughness. The found diffusion constant of the

lipid bilayer of 1.4 ± 0.2 µm2 · s−1 clearly reflects the stickiness, which is even more

reduced when strain is applied (1.0 ± 0.2 µm2 · s−1). This shows diffusive reorganization

of the lipids to counteract the applied strain, however, hindered by stretch-induced

nanoscopic defects. Defect formation was significantly reduced by SUVs serving as a

lipid reservoir, providing the lipid bilayer with excess membrane area, implying 35 %

lateral strain (strain in stretching direction) applied in this work does not disturb its

integrity. With a lipid bilayer in hand that does not rupture at strains of 4-6 %, struc-

tural and mechanical properties of VIFs and VIF networks attached to the bilayer were

studied under strain. When an external strain of 35 % was applied, stretching of single
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membrane-bound VIFs revealed mechanical stretching (a strain of 9.0 % on average)

and entropic stretching (reorientation towards stretching direction), while stretching

of VIF networks mainly showed entropic stretching. This leads to the assumption that

VIFs in the networks could also react with straining. However, the strains might be

reduced as the VIFs were entangled due to permanent and transient cross-linkers. It

cannot be raked out that the applied strain is not large enough due to strain losses.

This notable loss of strain is a result of its transmission from PDMS to VIFs, while the

partially sticky but mobile lipid bilayer plays an essential role. The lipid bilayer beneath

the VIFs and VIF networks still formed certain defects because the VIFs shielded the

bilayer preventing the SUVs from reaching the planar membrane. However, the VIF

networks remained intact under these conditions, thus might provide support to the

lipid bilayer by absorbing the shock of the applied strain, which is reflected in the dif-

ferent shapes of the formed defects with and without VIFs. This scenario would not

occur in nature because of the enormous excess membrane area provided to resist large

deformations. The results of this work clearly demonstrated that membrane-bound

VIFs and VIF networks did respond to 35 % lateral strain after the lipid bilayer sensed

and counteracted the applied strain by diffusive reorganization of lipids to maintain the

mechanical equilibrium. The remaining strain was then absorbed by the VIF network

supporting the underlying bilayer.

Overall, the established model system provides the foundation for further investigation

of "VIF cortex". To better resemble the native system and increase the lipid reservoir, one

possibility could be the usage of a PDMS chamber with pillars to imitate the wrinkled

plasma membrane. Substitution of the solid supported membrane by pore-spanning

membranes (PSMs) would allow for higher stretching. This is because PSMs consist

of a solid supported part and a free-standing part, thus, higher strains by e.g., osmotic

pressure can be applied to the free-standing membrane without rupturing since lipids

on the solid supported part are mobile and can serve as lipid reservoir by diffusion into

the free-standing membrane. This artificial model system allows stepwise increasing

the complexity towards the cell. The complex cell cortex could be imitated by binding

the actin network to the lipid bilayer via biotin-neutravidin or PIP2/ezrin linkages. A

minimal artificial model system with minimal actin filaments using PIP2/ezrin as linker

system has been established in the working group of PROF. DR. CLAUDIA STEINEM

(Institute for Organic and Biomolecular Chemistry, Georg-August University Göttingen).

Making use of that and cross-linking the VIF network to the actin cortex through biotin-

neutravidin linkages or physiological linker systems, such as plectin or ankyrin, further

increases the complexity. The behavior under strain in vitro could be compared to the

natural system for a better understanding of the cellular cytoskeletal cortex.
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A.1 Amino Acid Sequence of the Cysteine Mutant of Vi-
mentin Monomer

The human vimentin mutant Vimentin C328NGGC was used in this work. The cystein

at position 328 was replaced by an asparagine. At the N-terminal domain two glycines

and a cysteine were added.

CGG
50

MSTRSVSSSS YRRMFGGPGT A S R P S S S P S Y VTTSTRTYSL GSALRPSTSP
100

SLYASSPGGV YATRSSAVRL R S S V P G V R L L QDSVDFSLAD AINTEFKNTR
150

TNEKVELQEL NDRFANYIDK V R F L E Q Q N K I LLAELEQLKG QGKSRLGDLY
200

EEEMRELRRQ VDQLTNDKAR V E V E R D N L A E DIMRLREKLQ EEMLQREEAE
250

NTLQSFRQDV DNASLARLDL E R K V E S L Q E E IAFLKKLHEE EIQELQAQIQ
300

EQHVQIDVDV SKPDLTAALR D V R Q Q Y E S V A AKNLQEAEEW YKSKFADLSE
350

AANRNNDALR QAKQESTEYR R Q V Q S L T N E V DALKGTNESL ERQMREMEEN
400

FAVEAANYQD TIGRLQDEIQ N M K E E M A R H L REYQDLLNVK MALDIEIAT Y
450

RKLLEGEESR I S L P L P N F S S L N L R E T N L D S LPLVDTHSKR T L L I K T V E T R
466

DGQVINETSQ HHDDLE

I



A.2 List of Symbols and Abbreviation

A.2 List of Symbols and Abbreviation

2D two dimensional

3D three dimensional

Å Angstrom

A0 cross-sectional area

A280 absorbance, at wavelength 280 nm

Amax, dye absorbance, fluorophore maximum

Avertical vertical deflection

aa amino acids

AFM atomic force microscopy

AFs actin filaments

ATP adenosine triphosphate

a.u. arbitrary unit

AU airy unit

AZS angle of zero strain

C cysteine
◦C degree Celcius

Cys SS cysteine disulfide

cd ye concentration, dye

cpr ot concentration, protein, at wavelength 280 nm

cf. conferre

CLSM confocal laser scanning microscopy

cm centimeter

d diameter

d (UV/vis) optical path length

D diffusion coefficient

Deff effective diffusion coefficient

Dn nominal diffusion coefficient

DTS tip-sample distance

DIC Digital image correlation

DMSO dimethyl sulfoxide

DOL degree of labeling

DOPE biotin cap 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-(biotinyl cap)

E YOUNG’s modulus

EY YOUNG’s modulus of VIFs

II



Appendix

Ead. adhesion energy

Ex x lateral GREEN-LANGRANIAN strain

Ey y longitudinal GREEN-LANGRANIAN strain

ε extinction coefficient

ε280 extinction coefficient, at wavelength 280 nm

εA strain according to ALMANSI

εbeads strain, beads

εbeads,xx longitudinal strain, beads

εbeads,y y lateral strain, beads

εbilayer, rupture rupture strain, bilayer

εdye extinction coefficient, dye

εGSV strain according to GREEN-SAINT-VENANT

εmembrane strain, membrane

εS strain according to SWAIGER

εvesicle, rupture rupture strain, vesicle

εVIF strain, Vimentin intermediate filaments

εxx ,u radius of unstretched circular PDMS

e.g. exempli gratia

et al. et alia

f (UV/vis) correction factor

f force

F0 initial postbleach fluorescence intensity

F∞ post-bleach steady state fluorescence intensity

Fbk background fluorescence intensity

Ffade photofading fluorescence intensity

Fi pre-bleach fluorescence intensity

Fraw raw fluorescence intensity

Fcorr corrected fluorescence intensity

FD force distance

Fig. figure

FRAP fluorescence recovery after photobleaching

FWHM full width at half maximum

G glycine

g gram

GaAsP-PMT gallium arsenide phosphide photomultiplier

h hour
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A.2 List of Symbols and Abbreviation

HOMO highest occupied molecular orbital

hs high speed

I intensity, light

i.e id est

IFs intermediate filaments

kB BOLTZMANN constant

kC spring constant

KCl potassium chloride

kDa Kilodalton

kHz Kilohertz

l length

L liter

LBeads,0 initial distance between two beads

LBeads,i distance between two beads at a certain motor position

Lij distance between two neighboring coordinates

LC contour length

LC (AFM) length of cantilever

LP persistence length

LSeg segment length

ls low speed

LUMO lowest unoccupied molecular orbital

M molar

m slope

m meter

µL microliter

µm micrometer

mbar milibar

mg miligram

mL mililiter

mm milimeter

MAC minimal actin cortex

mM milimolar

min minutes

MLV multilamellar vesicles

mol mole

mol% mole percentage
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mp motor position

mpmax maximal motor position

MPa Megapascal

ms miliseconds

MSD mean squared displacement

MTs microtubules

MW molecular weight, molecular weight marker

MWCO molecular weight cut-off

N (amino acid) asparagine

N (unit) Newton

N number

n refractive index

n/n amount of substance per amount of substance

NA numerical aperture

NCC normalized cross-correlation

nN nano Newton

nm nanometer

PB A Phosphate Buffer Solution A

PB B Phosphate Buffer Solution B

PDMS polydimethylsiloxane

% percentage

pH potential of hydrogen

PMT photomultiplier

pN pico Newton

PSF point spread function

POPC 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine

Pt platinum

px pixel

Q quality factor

QI quantitative imaging

Rmob mobile fraction

reff effective radius

rn nominal radius

ρf (AFM) density of the medium

ROI region of interest

rpm revolutions per minute
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A.2 List of Symbols and Abbreviation

RT room temperature

s (unit) seconds

s stretched

Si silicon

SNR signal to noise ratio

STED Stimulated Emission Depletion

SUV small unilamallar vesicles

T temperature

t time

tC (AFM) thickness of cantilever

Tab. table

τ1/2 half-life of recovery

θ angle between two segments

TIRF total internal refelction fluorescence

Trp tryptophan

Tyr tyrosine

u (displacement) horizontal displacement

u unstretched

ULFs unit-length filaments

UV ultraviolet

V Volt

v (displacement) vertical displacement

v strain speed

v0 bond breaking speed without applied strain

vis visible

VIF Vimentin intermediate filaments

WAXS wide-angle x-ray scattering

wC (AFM) width of cantilever

ω0 (AFM) resonance frequency

w/w weight per weight

wt% weight percentage

xb distance between equilibrium and transition state of breaking events

λ wavelength

λabs absorption wavelength

λem emission wavelength

λex excitation wavelength
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λbiotin absorption wavelength biotin

λdye absorption wavelength dye

λprotein absorption wavelength protein

ZC deflection of cantilever
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A.3 List of Chemicals and Consumables

A.3 List of Chemicals and Consumables

ATTO647N-Maleimide Atto-tec (Siegen, Germany)

ATTO488-DOPE Atto-tec (Siegen, Germany)

ATTO647-DOPE Atto-tec (Siegen, Germany)

BioGel P-30 media Bio-Rad Laboratories (Hercules, USA)

Biotin Maleimide

DOPE biotin cap Avanti Polar Lipids (Alabaster, USA)

Chloroform Merck (Darmstadt, Germany)

DMSO Fisher Scientific UK (Loughborough, UK)

glass slides

Glycerin Grüssing GmbH (Filsum, Germany)

isopropanol Merck (Darmstadt, Germany)

KCl Fisher Scientific GmbH (Schwerte, Germany)

L-cysteine

MSNL-10 cantilever Bruker AFM Probes, Camarillo, USA

Mucasol® Merck (Darmstadt, Germany)

Na2HPO4 Carl Roth (Karlsruhe, Germany)

NaH2PO4 Merck (Darmstadt, Germany)

NeutrAvidin Thermo Fisher Scientific (Waltham, USA)

NeutrAvidin-Dylight405

nitrogen Air Liquide Deutschland GmbH (Düsseldorf, Germany)

oxygen Air Liquide Deutschland GmbH (Düsseldorf, Germany)

PD midi Trap G.25 GE Healthcare Bio-Sciences AB (Uppsala, Sweden)

PDMS Farnell GmbH (Oberhaching, Germany)

POPC Avanti Polar Lipids (Alabaster, USA)

Psi B4.0 (beads) AttendBio Research (Barcelona, Spain)

silicon wafer Active Business Company GmbH (Brunnthal, Germany)

Urea Merck KGaA (Darmstadt, Germany)
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A.4 List of Devices and Softwares

AFM

Nanowizard 3 & 4 Ultra Seed JPK Instruments (Berlin, Germany)

CLSM

LSM 880 Examiner Carl Zeiss Microscopy GmbH (Oberkochen, Ger-

many)

40X A Plan Apochromat, NA

1.0

Carl Zeiss Microscopy GmbH (Oberkochen, Ger-

many)

PDMS preparation

SpinCoater Specialty Coating Systems (Indianapolis, USA)

Ultrasonic bath Elma Schmidbauer GmbH (Singen, Germany)

Protein

Nanodrop 2000c Thermo Fisher Scientfic (Waltham, USA)

ThermoMix Compact Eppendorf AG (Hamburg, Germany)

Preparation of vesicles

Tip sonifier Sonoplus HD2070 Bandelin (Berlin, Germany)

Stretching Device

PI Motor Physik Instrumente GmbH & Co. KG (Karlsruhe, Ger-

many)

PI Motor Controller Physik Instrumente GmbH & Co. KG (Karlsruhe, Ger-

many)

Surface coating

Zepto plasma cleaner Diener Electronics (Ebbhausen, Germany)

Miscelanous

pH meter Calimatic 766 Knick (Berlin, Germany)

Ultrapure Water System,

MilliQ Gradient A10

Merck Millipore (Darmstadt, Germany)

Vacuum drying oven VD23 Binder GmbH (Tuttlingen, Germany)

Software
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A.4 List of Devices and Softwares

ChemBioDraw Ultra PerkinElmer (Watham, USA)

Fiji https://fiji.sc/

Gwyddion 2.45 http://gwyddion.net

ImageJ 1.52t http://imagej.nih.gov/ij

JPK Data Processing Instruments AG (Berlin, Germany)

Matlab R2017b Math Works (Natick, USA)

OriginPro 2020 OriginLAb Coorperation (Northhampton, USA)

PI Motion/Positionung CD C-663.CD1 V3.0.0.0 (Karlsruhe, Germany)

Python™ http://www.python.org

Zen 2.3 Carl Zeiss Microscopy GmbH (Oberkochen, Ger-

many)
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